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Foreword

The ACS SYMPOSIUM SERIES was founded in 1974 to provide a
medium for publishing symposia quickly in book form. The
format of the Series parallels that of the continuing ADVANCES
IN CHEMISTRY SERIES except that, in order to save time, the
papers are not typeset but are reproduced as they are submitted
by the authors in camera-ready form. Papers are reviewed under
the supervision of the Editors with the assistance of the Series
Advisory Board and are selected to maintain the integrity of the
symposia; however, verbatim reproductions of previously pub-
lished papers are not accepted. Both reviews and reports of
research are acceptable, because symposia may embrace both
types of presentation.
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Preface

PLANT CELL WALLS ARE COMPLEX, HETEROGENEOUS STRUCTURES
composed mainly of polymers, such as cellulose, hemicelluloses, and
lignins. In spite of several decades of research, cell wall assembly and the
biosynthesis and ultimate biodegradative pathways of individual polymers
are still far from being fully understood. One simple example will suffice:
Even today, no enzyme capable of catalyzing cellulose formation in vitro
has been obtained.

The objective of the symposium on which this book is based was to
bring together scientists from different plant-related disciplines, who do
not often interact with each other, to discuss the subjects of cell wall
polymer biogenesis and biodegradation. These individuals, linked by a
common interest in plant polymers, exchanged, promoted, and at times
discarded ideas, often in spirited discussions. This book attempts to
place current and emerging concepts that were discussed into a common
perspective. This approach is timely because within the past five years
several subject areas have advanced rapidly. For example, an increased
understanding of lignin biogenesis and structure has been achieved by in
situ labeling, and new techniques for structural analysis of other plant
polymers (e.g., cutin, suberin, and hemicelluloses) have been developed.
Additionally, scientists have made substantial progress in localizing the
enzymes associated with cell wall polymer formation and have an
improved understanding of the temporal and spatial distribution of
polymer constituents within the plant cell wall. This progress leads to
the conclusion that we can make an optimistic prognosis for the eventual
understanding of the mechanism of cell wall assembly.

The same facts apply to biodegradative processes: Five years ago,
little was known about the enzymology of lignin biodegradation, and the
molecular biology of cellulases was in its infancy. Advances have since
been made in leaps and bounds; these advances are fully discussed within
this volume.

This book is divided into eight sections, spanning cell wall
development, biogenesis, plant—microbe interactions, and bio-
degradation. Each section contains informative, up-to-date reviews and
original reports by some of the leading researchers in their fields.

xi
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Chapter 1

Control of Plant Cell Wall Biogenesis

An Overview

D. H. Northcote

Department of Biochemistry, University of Cambridge, Tennis Court
Road, Cambridge CB2 1QW, England

All the polysaccharides of the cell wall are synthesized
in assoclation with phospholipid membranes. The hemi-
celluloses and pectin polysaccharides are formed at the
membranes of the Golgl apparatus, cellulose at the
plasma membrane. Control of the rate of polysaccharide
synthesized and the type of polymer formed is exerted
by the transport of donor nucleoside diphosphate sugar
molecules across the membranes, the amount, type, and
activity of the synthases (glycosyltransferases) and fusion
and targetting of vesicles containing the polysaccharides
at specific sites at the plasma membrane. The formation
of a polysaccharide typically depends on an enzyme com-
plex organized on a membrane. The complex consists of
transporters, glycosyltransferases, epimerases and bind-
ing proteins to hold the acceptor molecules. In addition
to these, subsidiary proteins may also be present which
may act to bring about and control the assembly of the
complex and its location on the membrane. They may
also act as modulators of the polysaccharide synthesis
in conjunction with smaller molecules or ions. During
xylem formation, lignin is deposited as well as polysac-
charides. Part of the control mechanism for the forma-
tion of lignin is the level of phenylalanine ammonia lyase
activity. Proteins and lipids are also deposited in the
wall and although these constituents are not present in
large amounts, they are very important for the function
of the wall and the cell during growth.

0097—6156/89/0399-0001$06.00/0
© 1989 American Chemical Society
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2 PLANT CELL WALL POLYMERS

The cell wall is formed from materials within the cytoplasm which are
subsequently transported either as monomers or polymers to the outside
of the cell. During growth and differentiation of the cell its composition
and structure changes, and it can also alter in response to environmental
factors. There is therefore a dialogue between the outside of the cell and
the synthetic and transport systems at the inside of the cell so that the
changes in the wall are brought about in an ordered manner at particular
stages of its development (1).

The major polymers that make up the wall are polysaccharides and
lignin. These occur together with more minor but very important con-
stituents such as protein and lipid. Water constitutes a major and very
important material of young, primary walls (2). The lignin is transported
in the form of its building units (these may be present as glucosides) and
is polymerized within the wall. Those polysaccharides which make up the
matrix of the wall (hemicelluloses and pectin material) are polymerized in
the endomembrane system and are secreted in a preformed condition to the
outside of the cell. Further modifications of the polysaccharides (such as
acetylation) may occur within the wall after deposition. Cellulose is poly-
merized at the cell surface by a complex enzyme system transported to the
plasma membrane (3).

The control of the development of the cell wall must be regulated at the
various processes which make the constituents and which deposits them to
the outside of the cell. These may be summarized as follows: (1) regulation
of synthesis by the amounts of the synthase; this is directly controlled
by gene regulation; (2) biochemical feed-back control mechanisms which
regulate the level of the precursors of the polymers or the activities of the
synthases which form them; (3) regulation of the segregation and targetting
of material formed within the endoplasmic reticulum and Golgi apparatus;
(4) control of transport of monomers to the synthases of the polymers; (5)
control of vesicle fusion and targetting of the membrane bound material to
specific sites at the cell surface; (6) receptors for plant growth substances
and mechanisms for cell signalling at the cytoplasmic surface and other cell
membranes. This chapter reviews some of these topics in more detail for
the polysaccharides, lignin, protein and lipid of the wall.

Polysaccharides

This section describes a detailed hypothesis for the control of polysaccharide
synthesis and deposition in the wall during growth.

Most of the biochemical studies on polysaccharide synthesis to date
have been concerned with the formation of homopolymers even when it is
known that the synthesis of the homopolymer chain occurs in vive as part
of a heteropolysaccharide (4-6). Cytochemical investigations have made no
such distinctions and the polymers located by these studies have nearly al-
ways been sites at which heteropolymers were present and where deposition
in the wall occurred. The bulk of the polysaccharides that occur in the wall,
with the exception of cellulose and callose, are heteropolymers. Generally
the polysaccharides of the hemicelluloses and pectins are composed of poly-
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1. NORTHCOTE  Control of Plant Cell Wall Biogenesis 3

mers containing different monosaccharides combined by different linkages
(2,7-10). Usually there is a backbone made up of a single chain, built of
the same monosaccharide (two in the case of glucomannans, see below) usu-
ally combined by a specific linkage, onto which short branches are attached
which may be just a single monosaccharide different from that of the units
of the main chain, e.g., glucuronoxylan, arabinoglucuronoxylans, xyloglu-
cans. In addition more complicated polymers such as the arabinogalactans
occur but even in these polymers there is a central core onto which the
branches are constructed (2). The influence of the incorporation of the
side branches on the synthesis of the main chain and vice versa is of some
significance for the control of the polysaccharide synthesis and introduces
the idea of an enzyme complex at the site for the polymer synthesis.

The backbone chain can in most cases be synthesized separately when
an in vitro system is used. These investigations have shown that the syn-
thase activities which transfer the sugar from a nucleoside diphosphate
sugar donor to the growing polysaccharide chain are related to the amount
of polysaccharide which is formed at any stage of the growth and develop-
ment of the wall (5,6,11,12). There is also strong circumstantial evidence
which indicates that these variations in activity are due to changes in the
amounts of the synthases which are available at the particular sites at a
particular time (13). Thus the development of the wall has some control
mechanisms directly related to the regulation of the genome during dif-
ferentiation; this controls the amounts of the synthases which are formed,
probably at the level of transcription rather than translation.

Synthesis. The synthases are present at the endomembrane system of the
cell and have been isolated on membrane fractions prepared from the cells
(5,6). The nucleoside diphosphate sugars which are used by the synthases
are formed in the cytoplasm, and usually the epimerases and the other en-
zymes (e.g., dehydrogenases and decarboxylases) which interconvert them
are also soluble and probably occur in the cytoplasm (14). Nevertheless
some epimerases are membrane bound and this may be important for
the regulation of the synthases which use the different epimers in a het-
eropolysaccharide. This is especially significant because the availability of
the donor compounds at the site of the transglycosylases (the synthases)
is of obvious importance for control of the synthesis. The synthases are
located at the lumen side of the membrane and the nucleoside diphosphate
sugars must therefore cross the membrane in order to take part in the re-
action. Modulation of this transport mechanism is an obvious point for
the control not only for the rate of synthesis but for the type of synthesis
which occurs in the particular lumen of the membrane system. Obviously
the synthase cannot function unless the donor molecule is transported to
its active site and the transporters may only be present at certain regions
within the endomembrane system. It has been observed that when intact
cells are fed radioactive monosaccharides which will form and label polysac-
charides, these cannot always be found at all the membrane sites within the
cell where the synthase activities are known to occur (15). A possible rea-
son for this difference may be the selection of precursors by the transport
mechanism.

In Plant Cell Wall Polymers; Lewis, N., etal.;
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4 PLANT CELL WALL POLYMERS

The preformed polysaccharides before they are deposited in the wall
can be detected in the Golgi apparatus either by radioactive labelling tech-
niques and direct analysis of the isolated organelle, or by cytochemical
stains, the most specific of which are identifications using antibodies. Fig-
ure 1 shows a section of a developing secondary wall from the hypocotyl
cells of bean. The antibody was raised in rabbits against oligosaccharides
prepared from walnut 8 1 — 4 xylan (5) and conjugated to bovine serum
albumin. The antibody to the protein was removed by affinity chromatog-
raphy and the resultant purified antibody was specific to antigens carrying
B 1 — 4 xylose units. It did not cross-react with xyloglucan, 8 1 — 4 glu-
can, arabinan or mannan. The section shown in Figure 1 was treated with
the antibody and stained with gold-labelled goat-antirabbit serum. The
xylan is present at the secondary wall (st) and in the vesicles of the Golgi
apparatus (v). Figure 2 shows a meristematic cell from the root of bean,
treated with an antibody specific for L-arabinofuranose and stained with
gold-labelled goat-antirabbit serum. The label was present at the cell wall
(cw) and the developing cell-plate (cp) where pectin was being laid down.

Glucomannan Synthesis. Although the heteropolymers are usually similar
to the glucuronoarabinoxylans, there are heteropolymers in which two dif-
ferent monosaccharides occur in the main chain, e.g., glucomannans and
galactoglucomannans. For a discussion of the construction and control of
the synthesis of a heteropolymer the synthesis of glucomannan in the hemi-
cellulose of gymnosperms serves as a good example (16,17).

A membrane preparation isolated from pine stem tissues incorporated
glucose into glucans from both UDPGlc and GDPGlc. These were mixed
polymers containing 3 1 — 3 and 8 1 — 4 linked glucose. It also carried
an epimerase which interconverted GDPGlc and GDPMan (18). The mem-
brane preparation formed a glucomannan in the presence of added GDP-
Man and in the presence of GDPMan the formation of glucan containing
B 1 — 3 links from GDPGlc was repressed and the 8 1 — 4 glucomannan
was formed (whether a separate § 1 — 4 glucan was synthesized in addi-
tion was difficult to determine) (Table I) (18). The activity of the glucan
synthase which used UDPGlc was unaffected by the presence of GDPMan.
These observations can best be explained in terms of an enzyme complex
carried on the membrane. This complex has a minimum of three activities:
(1) an epimerase for the interconversion of GDPMan and GDPGIc; (2) a
synthase which used UDPGIc; (3) a synthase which used both GDPGlec
and GDPMan. This latter synthase had a greater affinity for GDPGlc
than GDPMan and, in vitro, in the presence of GDPGIlc but in the ab-
sence of added GDPMan, it formed a glucan in spite of the presence of the
epimerase. Since the influence of the presence.of the GDPMan on the in-
corporation from GDPGIc into a different type of polymer is so direct, the
two activities, one for the transfer of glucose and the other for the transfer
of mannose from the GDP sugars, must either be carried out by the same
transglycosylase or the two transglycosylases must be very close together
so that they can influence one another.

In Plant Cell Wall Polymers; Lewis, N., etal.;
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1. NORTHCOTE  Control of Plant Cell Wall Biogenesis 5

Figure 1. Developing secondary thickened wall of the hypocotyl of Phaseolus
vulgaris. The section was treated with an antibody specific for 8 1 — 4
linked D-xylose units and stained with gold-labelled goat-antirabbit serum.
The label is seen at the secondary thickening (st) and the vesicles of the
Golgi apparatus (v).

Figure 2. Meristematic cell of the root-tip of Phaseolus vulgaris. The section
was treated with an antibody specific for L-arabinofuranose and stained
with gold-labelled goat-antirabbit serum. The label is seen at the developing
cell plate (cp) and the young wall (cw) of the mother cell.
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6 PLANT CELL WALL POLYMERS

Table I. The influence of the presence of exogenous GDPMan on the syn-
thesis of a mixed /1 — 3, 1 — 4 glucan from GDPGIc by a
membrane preparation from pine stem tissue. Measurements were
made from the incorporation of radioactive glucose from GDP{U-
14C]Gle (18). (- indicates that no glucan carrying a 81 — 3
linkage was formed.)

GDP[U-*C]GIc as the Primary Substrate (1.0 nmol)

GDPMan 81 — 3,1 -4 gluican (1 — 4 glucomannan
Additions formed formed
nmol nmol. min~! nmol. min~?
(mg protein) ™! (mg protein)~!
0.0 0.28 0.0
0.5 - 0.57
1.0 - 0.56
2.5 - 1.0
5.0 - 0.70
10.0 - 0.39

It is likely that in addition to the synthases and epimerases there is also
present at the membrane in close proximity to these, transporter systems
for the transfer of the nucleoside diphosphate donor compounds to the
transglycosylases situated on the lumen side of the membrane.

The polymer which formed was either a mixed 31 — 3, 51 — 4 glucan
ora 31— 4 glucomannan and runs of § 1 — 4 linked glucose occurred in
the glucomannan (18). The glucosyl transferase that used GDPGlc added
glucose either at the 3 position of the receiving sugar, or at the 4 position. It
was also shown that the transglucosylase added the glucosyl radical to water
to form free glucose (18). In this system, therefore, the transglycosylase
using GDPGlc was not specific for the receptor molecule since this may be
water, glucose at the 3 position, glucose at the 4 position, or mannose at
the 4 position. When a glucomannan was formed, the linkage was always
made at the 4 position. The acceptor molecule, although it was not specific
in the transglycosyl reaction, influenced how the transfer occurred.

These diverse actions of the transglycosylase can be most easily ex-
plained by postulating the existence of a binding protein which holds the
acceptor molecules. Then during the transglycosylase reaction that forms
the glucomannan chain, a glucosyl radical could first be transferred to wa-
ter within an associated binding protein and the resultant sugar could then
be extended by subsequent transfers to the non-reducing end of the growing
chain, either from GDPMan or GDPGlec. It is possible to have the acceptor
sugar precisely orientated by such a binding protein, in order to receive
the new glycosyl residue by the transglycosylase at the particular hydroxyl
which is presented to the donor molecule. The transglycosylase itself could
have a domain at which the acceptor oligosaccharide was held but since the
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1. NORTHCOTE  Control of Plant Cell Wall Biogenesis 7

orientation of the acceptor molecule is altered independently of the trans-
glycosylase there are probably at least two proteins involved: one used for
transfer and holding the donor and another necessary for holding the accep-
tor. The transglycosylase protein is not therefore specific for the acceptor
molecule. This is in contrast to the way in which the glycosylation of cer-
tain glycoproteins is thought to occur (19). Definite sequences of sugars
are built on the protein because the various transglycosylases involved are
specific for the acceptor oligosaccharide which changes in a stepwise man-
ner. At each stage a definite glycosyltransferase can act to form a definite
sequence of sugars.

Binding Protein and Enzyme Compler. That sugars and oligosaccharides
can specifically bind to protein is well known. Hexokinase is known to hold
glucose within a cleft of the enzyme by hydrogen bonds; indeed, the pres-
ence of glucose causes a movement in the conformational structure of the
protein so that it folds around the glucose and the hydroxyl group at the 6
position is presented to the kinase for the transfer of the phosphate group
from the ATP (20). Specific associations between proteins and oligosaccha-
rides and polysaccharides are also well documented. Lysozyme and taka-
amylase are known to hold oligosaccharides in a ribbon-like configuration
by hydrogen bonding and van der Waals forces within a binding-site groove
(21). Precise and stereospecific interactions are formed and maintained
by the orientation of hydrogen-bonding residues which are in turn fixed by
complex hydrogen bond networks to other residues within the binding sites.
During binding, conformational changes may occur which allow the carbo-
hydrates to be oriented for the binding to progress and specific interaction
between protein and carbohydrate results (22).

During the synthesis of a mixed polysaccharide such as a glucuronoxy-
lan or a xyloglucan, at least two transglycosylases are involved which work
in conjunction with one another (23-27). It is possible to envisage the main
chain of either glucose or xylose being held by a binding protein and the
side chains being guided onto the backbone which is held in such a way
as to present the appropriate hydroxyl to the substituent sugar and the
appropriate transglycosylase.

Whatever the mechanism, the coordinated synthesis of a polysaccha-
ride, such as glucomannan or glucuronoxylan or the arabinogalactans of the
pectins or even a homopolymer such as single cellulose chains (3), needs the
cooperation of a set of proteins. These must be organized close to one an-
other in correct orientation for the synthesis to occur in an economical and
rapid manner. There is thus a multienzyme system organized on the mem-
brane and held in a coordinated way. The membrane on and in which the
proteins are held becomes an important part of the synthetic process. Dis-
ruption of the membrane will bring about loss of organization and the in
vitro preparations made from intact cells may form polysaccharides differ-
ent from those formed in vivo (e.g., callose instead of cellulose) (28) or for a
heteropolysaccharide the dependence of one transglycosylase on the action
of another will become less precise (24,29) in the in vitro preparation than
in the intact cell.

In Plant Cell Wall Polymers; Lewis, N., etal.;
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8 PLANT CELL WALL POLYMERS

It seems likely that the enzyme complexes for hemicelluloses, pectins
and cellulose are constructed, at least in part, on the endoplasmic reticulum
and then transferred to the Golgi apparatus, where they are modified and
sorted so that they can be segregated within the compartments of the Golgi
cisternae (30, 31). The complex for cellulose synthesis is not normally active
within the Golgi apparatus and it is transported to active sites at the plasma
membrane (1). The hemicelluloses and pectins are formed within vesicles
and cisternae of the Golgi apparatus and the vesicles are transported to the
plasma membrane, where fusion occurs and the polysaccharides are packed
into the wall (1). It is not known whether particular polysaccharides such as
the xylans of the hemicellulose and the arabinogalactans of the pectins are
transported in separate vesicles or together in one vesicle. Nor is it known
if the complex for cellulose synthesis is transported by vesicles which carry
hemicellulose and pectin polysaccharides.

Deposition of Wall Polysaccharides. Whatever the distribution of the
polysaccharides and synthase systems in the vesicles, the movement of the
vesicles to particular sites and the rate of fusion with the plasmamembrane
constitute important control points for the deposition of the material into
the wall. It is known that at sites of active wall deposition vesicles are di-
rected to the plasmamembrane by microtubules (32). However, it is possible
that other signals and receptors at the membrane surface may be involved
in recognition of the sites for incorporation. Part of the control for vesicle
fusion at the surface is mediated by the ionic atmosphere at the membrane,
and Ca?t is necessary for the fusion to occur. The rate of vesicle fusion
can be a limiting process for the rate of cell wall formation, since at any
one time the number of vesicles ready for fusion exceeds the number that
are fusing and depositing material into the wall. In this way the composi-
tion and amount of wall material deposited may respond very quickly to a
stimulus at the cell surface which allows the rate of vesicle fusion to vary.
For instance, the material deposited in the cell wall, especially the pectin,
changes very quickly at the initial stages of plasmolysis when the wall is
just separated from the plasmamembrane. A new steady state would then
be achieved that produced the requisite number of vesicles from the Golgi
apparatus to maintain the altered rate of fusion (32-34).

Lignin Precursors and Lignin Formation

Phenylalanine Ammonia-Lyase. The building units of lignin are formed
from carbohydrate via the shikimic acid pathway to give aromatic amino
acids. Once the aromatic amino acids are formed, a key enzyme for the
control of lignin precursor synthesis is phenylalanine ammonia-lyase (PAL)
(1). This enzyme catalyzes the production of cinnamic acid from phenyl-
alanine. It is very active in those tissues of the plant that become lignified
and it is also a central enzyme for the production of other phenylpropanoid-
derived compounds such as flavonoids and coumarins, which can occur in
many parts of the plant and in many different organs (35). Radioactive
phenylalanine and cinnamic acid are directly incorporated into lignin in
vascular tissue (36).
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1. NORTHCOTE  Control of Plant Cell Wall Biogenesis 9

The induction of PAL activity at the onset of vascular differentiation
can be shown by the use of plant tissue cultures (37-39). Xylem cells with
secondary and lignified walls are differentiated over a time course of 3-14
days by the application of the plant growth factors naphthylene acetic acid
(NAA) and kinetin in the ratio 5: 1 (1.0 mg/liter NAA, 0.2 mg/liter kinetin)
to tissue cultures of bean cells (Phaseolus vulgaris) (37,40). The time for
differentiation varies with the type of culture, solid or suspension, and with
the frequency and duration of subculture, but for any one culture it is rel-
atively constant (37,41,42). At the time of differentiation when the xylem
vessels form, the activity of PAL rises to a maximum. The rising phase
of the enzyme activity was inhibited by actinomycin D and by D-2,4-(4-
methyl-2, 6-dinitroanilino)-N-methylpropionamide (MDMP) applied under
carefully controlled conditions (42). This indicated that both transcription
and translation were necessary for the response to the hormones. Experi-
ments using an antibody for PAL and a cDNA probe for the PAL-mRNA
have also shown that there is an increase in the amount of transcript for
PAL during the formation of lignin when Zinnia mesophyll cells are induced
to form xylem elements in culture (Lin and Northcote, unpublished work).

The induction of PAL activity by the two growth factors can be sep-
arated in time so that they may act at different sites within the cell to
bring about the response (40). Auxin added at the time of subculture of
the tissue changes the pattern of protein synthesis of the cells by changing
the transcription pattern of the mRNA after two hours (43). Kinetin does
not have this effect (44).

Hydrozylation and Methylation. The pathway for the production of the
lignin building units involves hydroxylation of the aromatic ring and methy-
lation of the hydroxyl groups. It has been demonstrated that the methy-
lations are brought about by S-adenosylmethionine:caffeic acid, 3-0-methyl
transferase. This transferase is meta specific and can also methylate 5-
hydroxyferulic acid and 3, 4, 5-trihydroxycinnamic acid to sinapic acid (45).
The induction of this enzyme in bean cultures during differentiation is coin-
cident with the rise in PAL activity (46). The hydroxylation of the aromatic
ring of cinnamic acid is brought about by cinnamic acid 4-hydroxylase, and
a further hydroxylase, p-coumaric acid 3-hydroxylase, also occurs to give
caffeic acid (47). The 4-hydroxylase activity, in some tissue, is induced at
the same time as the PAL activity (48,49). Therefore, some coordinated
induction of gene expression for the production of lignin precursors during
differentiation is possible.

The PAL activity that is necessary for lignin formation occurs in the
cytoplasm or bound to the cytoplasmic surface of the endoplasmic reticu-
lum membranes. The cinnamic acid produced is probably carried on the
lipid surface of the membranes, since it is lipophilic, and it is sequentially
hydroxylated by the membrane-bound hydroxylases (47,50). In this way
there is the possibility of at least a two-step channeling route from pheny-
lalanine to p-coumaric acid. The transmethylases then direct the methyl
groups to the meta positions. There is a difference between the transmethy-
lases from angiosperms and those from gymnosperms, since with the latter
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preparations the enzyme is relative inactive on 5-hydroxyferulate. Thus it
is possible that these transmethylases may have some part in the control
of the type of lignin formed. The guaiacyl type (3-methoxy-4-hydroxy) is
found in gymnosperms and the syringyl-guaiacyl type (3,5-dimethoxy-4-
hydroxy) in dicotyledons (51).

Formation and Polymerization of the Building Units of Lignin. The acid
building units are reduced to the corresponding alcohols before polymer-
ization to lignin. This reduction occurs as a two-step process involving
the CoA ester of the acid and using NADPH as cofactor. The enzymes
CoA ligase, cinnamoyl-CoA:NADPH oxidoreductase, and cinnamyl alcohol
dehydrogenase are involved, and they give finally the three building units
of lignin: p-coumaryl alcohol, coniferyl alcohol, and sinapyl alcohol (51).
Various isoenzymes of the CoA ligases may also control the type of lignin
that is formed, since the isoenzymes have different affinities and activities
for p-coumaric, ferulic and sinapic acid and these isoenzymes occur in dif-
ferent proportions in different plants and in different tissues of the same
plant (51).

The activation of the phenylpropionic acids and their subsequent re-
duction may occur in vesicles that fuse with the plasma membrane and
empty the precursors of lignin into the wall (52). The NADPH for the
reduction is provided by the pentose phosphate pathway (53,54). The con-
trol for the final steps that produce the cinnamyl alcohols, which are the
immediate building units of the lignin, is therefore dependent on the en-
ergy status of the cell, since ATP is necessary for the ligase activity, and it
is also dependent on the distribution of carbohydrate metabolism between
the pentose phosphate pathway and glycolysis. It is within the wall that
the polymerization process to form a complex lignin cage occurs.

The cinnamyl alcohols may reach the wall as the free alcohols or as
B-glucosides formed by glucosyltransferases with UDPGIc (55). For poly-
merization, the free alcohol is necessary, and 3-glucosidases occur in the
walls of tissues that are lignified (56). Glucosides may be important for the
transport of the alcohols to the walls, but they are not obligatory for lignin
synthesis. They may act as reservoirs of the lignin precursors. The precur-
sors arise in cells that are undergoing lignification, or they may arise from
neighboring cells of young differentiating xylem, which themselves are not
at the stage of massive lignification (36). Lignification is brought about by
the oxidation of the alcohols to yield mesomeric phenoxy radicals with half-
lives of about 45 sec, so that rapid polymerization occurs. At the same time,
linkages of these radicals, and hence the lignin, to carbohydrate can take
place (56,57). It is probable that the final oxidation of the phenolic hydroxy
group to give the free radicals is brought about by a specific isoenzyme of
peroxidase that occurs in the walls of plant cells (58-60). This isoenzyme,
on electrophoresis, is an anodic-migrating component. In Zinnia elegans,
the activity of wall-bound peroxidase increases during the onset of lignifica-
tion, although the total soluble peroxidase activity of the cell may decrease
(39,46). Another isoenzyme of peroxidase might be required to produce
the hydrogen peroxide on which the oxidative polymerization process de-
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1. NORTHCOTE  Control of Plant Cell Wall Biogenesis 11

pends (61). The synthesis and activity of some isoenzymes of peroxidase
are therefore possible control sites for lignification.

Establishment of Cross Linkages in the Wall

In the rigid secondary wall of woody tissue, the lignin replaces the water
of the growing cell wall and forms a hydrophobic matrix around the mi-
crofibrils. Strong hydrogen bonds occur between the polysaccharides at
the microfibrillar-matrix interface and between components of the matrix.
These, together with the covalent bonds formed between carbohydrate and
lignin, make the wall a composite in which the linear polysaccharide poly-
mers are enclosed in a cross-linked polymer cage. The wall has great tensile
strength because of the microfibrils and a rigid structure because of the lig-
nified matrix (2).

The peroxidase of the wall may also establish other covalent linkages
between wall polymers. The wall contains protein and the tyrosine residues
of the proteins may be oxidized by peroxidase to give cross-linkages of
isodityrosine between the polypeptides (62,63). Ferulic acid occurs in the
cell walls of some herbaceous plants and grasses and this may be oxidized to
give diferulic acid ester linkages joining polysaccharide chains (64,65). The
possible formation of these covalent cross linkages between the polymers
of the primary wall is believed by some workers to limit plant cell wall
extensibility and have some part in the mechanisms for the control of cell
growth and extension by plant growth factors (66).

Protein in the Wall

Most of the proteins found in the cell wall are glycoproteins. These can be
enzymes such as isoenzymes of peroxidase, phosphatase and amylase or the
hydroxyproline-rich glycoproteins (67) and glycine-rich proteins (68). The
hydroxyproline-rich glycoproteins may be classified on the basis of the size
of their sugar prosthetic groups. The soluble lectins and agglutinins and
the insoluble wall glycoproteins have small oligosaccharides of arabinose (a-
L-Araf(1 — 3)-0-8-L-Araf (1 — 2)-0-8-L-Araf(1 — 2)-0-4-L-Araf-1 Hyp)
linked to the hydroxyproline (Hyp) and also single galactose units attached
to serine (69-71), while the arabinogalactan proteins are mainly large molec-
ular weight polysaccharides attached to protein, the resultant molecule be-
ing about 80-90% carbohydrate (72,73). Hydroxylation of peptidyl proline
occurs as a post-translational process in the endoplasmic reticulum (74-76),
and the addition of the small arabinosyl oligosaccharides probably occurs
within the Golgi apparatus without the necessity for assembly on a lipid in-
termediate (77). However, with the large molecular weight arabinogalactan
protein a lipid carrier might be involved, especially as repeating subunits
within the arabinogalactan portion of the molecule have been detected.
Oligosaccharides linked to polyisoprenyl-pyrophosphate have been found
to contain arabinose (78) and galactose (79); the galactose was linked by
1 —-6,1—4and1— 3 bonds and the arabinose was 1 — 5 linked. These
isoprenyl diphosphate oligosaccharides were formed by membranes of pea
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12 PLANT CELL WALL POLYMERS

cells when they were incubated with the appropriate radioactive UDP sugar
compounds, and they could serve as precursors of the arabinogalactan-
glycoproteins.

The possible inclusion of lipid-linked intermediates in the transglyco-
sylations involved in glycoprotein and polysaccharide formation provides
a further step at which control of the synthase system can be exercised.
However, although lipid intermediates are well established for the forma-
tion of N-linked glycoproteins and, in some instances, for polysaccharides
where glycoproteins can function as intermediates during the formation of
these polysaccharides (80-82), there is, at present, no evidence for the direct
transfer from lipid-oligosaccharide onto polysaccharide. One of the impor-
tant consequences of the participation of lipid-oligosaccharide intermediates
is that the sequence of sugars formed on the lipid can be successively trans-
ferred so that a repeating ordered sequence of the mixed sugars in the
oligosaccharide could occur in the synthesized polymer (83-85).

Formation of Lipid and Transport to the Wall

Many cell walls have layers in the outer regions of the wall that carry
lipid material. These are cutin, suberin, and waxes (67). How these are
transported to the outside of the cell wall is not known. Pores have not
been found, nor has a volatile lipid solvent been detected that would carry
the lipid through the hydrophilic wall.

The fatty acids are synthesized in chloroplasts or proplastids and
moved into the cytoplasm and the endomembrane system for further mod-
ification and synthesis of neutral fats, phospholipids, and other compounds
(86). The fatty acids could be carried by proteins by a process similar to
the way in which serum albumin binds fatty acid in the bloodstream of
mammals. Other types of lipid might be formed into complexes analogous
to low-density lipoproteins of the type found in animal tissues, where the
lipid core of the lipoprotein is surrounded by a hydrophilic cortex made
up of protein, phospholipid, and cholesterol (87). This allows the lipid
to be moved in an aqueous environment. The protein of the lipoprotein
shell could also act as possible ligands for particular receptors at the mem-
brane of the cell at which the export occurs. The lipoproteins, if they are
present, would probably be formed within the endomembrane lumen and
would receive the proteins at the endoplasmic reticulum.

Summary

This chapter has attempted to suggest how the synthesis of the main con-
stituents of the wall (polysaccharides, lignin, protein and lipid) are con-
trolled during their deposition into the wall. A hypothesis is developed for
the synthesis of polysaccharides. It arises from the evidence for glucoman-
nan synthesis (18), and also for cellulose and callose synthesis (28). Dif-
ferent glycosidic linkages are formed from the same membrane preparation
under different conditions. This is most easily explained by postulating
the existence of a binding protein to hold the acceptor molecules of the
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1. NORTHCOTE  Control of Plant Cell Wall Biogenesis 13

transglycosylase reaction. The hypothesis suggests that there is a com-
plex of proteins, with different functions, organized close together at the
membrane of the cell. A transglycosylase, nucleoside diphosphate sugar
transporters, and the binding protein are all necessary. The latter protein,
since it holds the growing polysaccharide chain, can modulate the transgly-
cosylase reaction by orientating the receptor molecule. In this way the same
transglycosylase may transfer the glycosyl group to different hydroxyls of
the acceptor, e.g., to give 1 — 3 or 1 — 4 linkages.
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Chapter 2

Formation and Functions of Xyloglucan and
Derivatives

David A. Brummell and Gordon A. Maclachlan

Biology Department, McGill University, 1205 Avenue Dr Penfield,
Montreal, Quebec H3A 1B1, Canada

Xyloglucan is a matrix polysaccharide which in primary
cell walls associates with cellulose microfibrils by hydro-
gen bonding to form a relatively rigid structure. Its syn-
thesis by Golgi membranes requires the activity of at
least four enzymes: 1,4-8-glucosyl-, 1, 6-a-xylosyl-, 1,2-
B-galactosyl-, and 1, 2-a-fucosyl-transferases. Continued
chain elongation by the S-glucosyltransferase is depen-
dent upon concurrent a-xylosyl transfer. The xyloglu-
can backbone is substituted with galactosyl and fuco-
syl residues at very specific xylosyl side groups to com-
plete a polysaccharide with regular alternating subunits
of Gley-Xyls and Gleg-Xyly-Gal-Fuc. Auxin treatment of
young dicot tissues induces both growth and the produc-
tion of an endo-1,4-8-glucanase, the main substrate of
which appears to be cell wall xyloglucan. Auxin evokes
a net increase in xyloglucan levels, but depolymerization
and turnover also take place during growth. Although
oligosaccharide products of xyloglucan hydrolysis inhibit
auxin-stimulated growth, at the same time they stimu-
late endo-1,4-g8-glucanase activity versus xyloglucan in
vitro.

The primary cell walls of growing tissues in higher plants are composed of
highly hydrated polymeric materials consisting mainly of complex polysac-
charides, with smaller amounts of glycoprotein. Generally 20-30% of the
dry weight of the wall is cellulose, with the balance of the polysaccharides
being made up of pectins and hemicelluloses. In dicots, the predominant
hemicellulose is xyloglucan, which forms about 20% of the wall (1). In the
typical growing region of pea stems, for example, the ratio of xyloglucan
to cellulose is about 0.7:1 on a weight basis (2). In monocots, the main
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2. BRUMMELL & MACLACHLAN  Xyloglucan and Derivatives 19

hemicelluloses are glucans and arabinoxylans, with xyloglucan apparently
forming only a minor fraction of the wall. However, in monocots the glucan
backbone of xyloglucan is much less substituted than in dicots (3), which
may result in their under-estimation. Arabinoxylans in monocots appear
to exhibit many of the same properties as do xyloglucans in dicots (4, 5).

The extraprotoplasmic wall defines the cell shape, and metabolic reg-
ulation of cell wall structure is believed to control the direction and rate of
cell expansion. Xyloglucan, unlike cellulose, is clearly subject to turnover
during growth. Decreases in xyloglucan average molecular weight during
development have been noted, particularly after auxin treatment, as well
as the release of small quantities of solubilized material including xyloglu-
can oligosaccharide subunits of characteristic structure (6). This review
examines the synthesis of xyloglucan and its functions in the cell walls of
young growing regions of dicot stems. The roles in growth of xyloglucan
turnover and of oligosaccharide fragments derived by partial hydrolysis of
xyloglucan are also considered.

Structure of Xyloglucan

Mature xyloglucans of dicot plants possess a very regular structure com-
posed of a 1,4-8-D-glucan backbone with D-xylosyl residues 1, 6-a-linked
to three (in growing tissue) or an average of two (in seeds) out of four
sequential glucosyl residues (1,7). The addition either of L-fucosyl-1, 2-o-
D-galactose (in growing tissue) or D-galactose alone (in seeds) linked 1,2-8
to specific xylosyl residues further extends the side chains at selected in-
tervals (Fig. 1). In some species terminal L-arabinosyl residues are found
instead of fucose (1). Xyloglucan from growing monocot tissue is less sub-
stituted with xylose and galactose than in dicots (3) and appears to lack
fucose (8), whereas that from gymnosperms resembles dicot xyloglucan (9).

The structure of xyloglucan has been determined through examination
of digestion products after hydrolysis with specific endo-1, 4-3-glucanases
and analysis of the linkages present in the resulting fragments after methy-
lation. Partial hydrolysis of pea xyloglucan (Fig. 1) results in a nonasaccha-
ride (Gles-Xylz-Gal-Fuc) and a heptasaccharide (Glcs-Xyls) (2). Identical
structures have been determined for sycamore (10), soybean (11), and mung
bean (12) xyloglucan. In mung bean small amounts of a decasaccharide
(Gles-Xylz-Galp-Fuc) were also found.

When xyloglucan from pea epicotyl cell walls was hydrolyzed in vitro
with purified endo-1,4-8-glucanase from Streptomyces, reducing sugar was
produced at a linear rate for at least 48 h (2). Fractionation of the hy-
drolysate on Bio-Gel P6 columns showed that endo-1, 4-3-glucanase cleaved
the 1,4-3-glucan backbone at unsubstituted glucosyl residues to generate
equal amounts of heptasaccharide and nonasaccharide (Fig. 1). These units
accumulated with time of hydrolysis until they were essentially the only
end products. Transient amounts of higher molecular weight products were
also found, identified as dimers of the resulting oligosaccharides. These
were mainly composed of the 16 saccharide unit (a nonasaccharide plus a
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heptasaccharide, Fig. 1), with smaller amounts of 18 (two nona-) and 14
(two hepta-) saccharides.

Since the nonasaccharide and the heptasaccharide were present in
approximately a 1:1 molar ratio and the main dimer contained the two
oligosaccharides, it appears that pea xyloglucan is composed of these two
subunits arranged primarily in alternating sequence. However, the pres-
ence of the 14 and 18 saccharide dimers showed that this distribution is
not perfect. The molecular weight of xyloglucan varies with species and
stage of growth. In young cell walls, xyloglucan has a molecular weight
of 250 kD to 350 kD, which represents a degree of polymerization (DP) of
the glucan backbone of 800 to 1200, suggesting that 100 or more of each
oligosaccharide subunit are present (2).

Treatment of xyloglucan with fungal mixed endo- and exo-glycosidase
preparations, such as from Aspergillus, degraded the molecule to monosac-
charides and isoprimeverose (6-O-a-D-xylopyranosyl-D-glucopyranose) (13,
14). The presence of this disaccharide in such digests is uniquely charac-
teristic of xyloglucan, and the incorporation of UDP-['*C]xylose into iso-
primeverose has been used as an unambiguous assay for xyloglucan biosyn-
thesis (14).

Biosynthesis of the Xyloglucan Backbone

Xyloglucan, like the other non-cellulosic wall polysaccharides, is synthesized
and secreted by membranes of the Golgi apparatus. The transferases re-
sponsible for xyloglucan biosynthesis co-sedimented with markers for Golgi
membranes in density gradients (13, 15), and immunogold localization stud-
ies using a polyclonal antibody to xyloglucan found the polysaccharide to
be present in Golgi cisternae and vesicles (16). No label was seen over the
endoplasmic reticulum, indicating that synthesis of xyloglucan occurs in
the Golgi. The very regular structure of the final polymer implies a precise
coordination of the enzymes responsible for xyloglucan biosynthesis.

The glucose-xylose backbone of xyloglucan is synthesized by coordi-
nated activity of a specific glucosyltransferase and a xylosyltransferase
which appear to function independently to only a very limited extent. Early
studies on pea membranes suggested that some glucosyl transfer could occur
in the absence of xylosyl transfer, and it was concluded that xylosyl transfer
took place onto a preformed glucan chain (13). However, with membranes
from soybean cultured cells, incorporation of glucose from UDP-glucose
into xyloglucan was almost completely dependent on the concentration of
UDP-xylose in the incubation mixture (14). Conversely, membranes in-
corporated only a small amount of labelled material when incubated with
UDP-[*C]xylose alone, but substantial incorporation ensued in the pres-
ence of UDP-glucose and UDP-[**C]xylose together (14). The products
formed in vilro were composed mainly of two subunits, a pentasaccharide
(Gles-Xylz) and a heptasaccharide (Gles-Xyls). Pulse-chase experiments
indicated that the pentasaccharide was converted to the heptasaccharide,
and that this process was dependent upon and regulated by the concentra-
tion of UDP-xylose (17).
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Recently, the molecular size of water-insoluble 1,4-8-linked polysac-
charides newly synthesized by pea membranes from UDP-[14C]glucose has
been determined (18). Reaction products were first exhaustively hydrolyzed
with purified 1, 3-$-glucanase to remove 1, 3-5-linked products. The 1,4-
B-linked polymers so obtained were dissolved in anhydrous paraformalde-
hyde:dimethylsulfoxide (40-45%, w/v) and fractionated by exclusion chro-
matography on columns of controlled pore glass beads. The 1,4-8-linked
products formed from 1 mM UDP-[**C]glucose alone displayed a peak of
molecular size equivalent to the elution volume of commercial a-dextran
with a molecular weight of 70 kD (Fig. 2). This product contained only a
few [*4C]glucose units added with 1, 4-3-linkages to the non-reducing end of
an unknown endogenous acceptor. It was clearly unable to elongate further
in this reaction system since its size remained the same even in the presence
of higher substrate concentrations and after longer incubation periods (19).

However, when UDP-xylose was present in the reaction medium in ad-
dition to UDP-[**C]glucose, incorporation of label proceeded over a longer
period and the elution peak from glass bead columns increased in apparent
size with time to approach that of authentic xyloglucan (Fig. 2, cf. 20).
Enzymic hydrolysis confirmed that the product contained isoprimeverose,
thereby establishing unambiguously that a xyloglucan backbone had been
formed. Pulse-chase experiments provided unequivocal evidence that the
truncated product formed from UDP-glucose alone was a precursor for the
xyloglucan formed when UDP-xylose was also present (18). These stud-
les suggested that formation of the glucan backbone of xyloglucan was re-
stricted in the absence of xylosyl transfer, and that both glucose and xylose
must be incorporated in a concerted manner for the complete xyloglucan
backbone to form. Synthesis of the glucose-xylose backbone in vitro did not
require the presence of UDP-galactose or GDP-fucose, and the glucosyl- and
xylosyltransferases appeared to act together independently of the addition
of terminal sugars.

Additions to the Xyloglucan Backbone

Pea membrane preparations incorporated ['*C]fucose from GDP-[*C]fu-
cose into large pre-made primer chains which did not undergo detectable
elongation with time (20). Incorporation of fucose occurred only onto high
molecular weight (up to 300 kD) acceptors, even with very short incubation
times (Fig. 3), and these products hydrolyzed to the nonasaccharide subunit
of xyloglucan. The transfer of fucose from GDP-[14C]fucose to these prod-
ucts was promoted by, but not dependent on, the presence of UDP-glucose,
UDP-xylose or UDP-galactose in the reaction mixture. This suggests that
fucosyl transfer is independent of glucose and xylose transfer (and thus
chain elongation), and that the pre-made primers were already partially
galactosylated. Nevertheless, when double-labelling experiments were per-
formed in the presence of all four nucleotide sugars needed for xyloglucan
biosynthesis, including UDP-[*H]xylose and GDP-[**C]fucose, nonasaccha-
ride containing both labels could be isolated from the reaction products
(20). This indicates that the xyloglucan backbone can be decorated with
galactose and fucose even while elongation occurs.
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Figure 1. Repeating subunits of pea epicotyl xyloglucan. The molecule is
composed of a nonasaccharide (Glcs-Xyl3-Gal-Fuc) and a heptasaccharide
(Gleg-Xyla) arranged primarily in alternating sequence. This 16-saccharide
dimer is repeated about 100 times in the average molecule. Arrows show
where hydrolysis by purified pea or fungal endo-1, 4-3-glucanase occurs (2).
Identical structures have been determined for sycamore (10), soybean (11)
and mung bean (12) xyloglucan.
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Figure 2. Elution profile from columns (100 x 1.0 ¢cm) of controlled pore
glass beads of 1,4-F-linked products formed in vilro by pea membranes
in 30 min. Products were dissolved in hot paraformaldehyde:DMSO and
eluted with DMSO in 1 ml fractions. Open circles, 1 mM UDP-[**C]glucose
alone; closed circles, 1 mM UDP-[*C]glucose plus 50 uM UDP-xylose. Size
markers show the molecular weight of peak elution volumes of standard
dextrans, 264 = 264000 D; 70 = 70000 D. (Taken with permission from
Ref. 18. ©1988 J. Wiley & Sons.)
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Fucosyltransferase in pea microsomal preparations also fucosylated
exogenously-added xyloglucan acceptors in addition to endogenous primers
(21). Extracts of pea cell wall xyloglucan were found to be a poor fucosyl
acceptor, presumably because they were almost completely fucosylated al-
ready. Tamarind seed xyloglucan, however, which is galactosylated but con-
tains no fucose, strongly promoted fucosyl transfer from GDP-[*C]fucose,
giving rise to typical xyloglucan nonasaccharides upon endoglucanase diges-
tion. Xyloglucan oligosaccharides up to the octasaccharide did not act as
fucosyl acceptors but instead inhibited fucosyl transfer to both endogenous
and exogenous acceptors, showing that the active site of the fucosyltrans-
ferase recognized a fragment longer than the galactosylated octasaccha-
ride. This work confirmed that fucosylation of xyloglucan proceeds inde-
pendently of the elaboration of the glucose-xylose backbone. Note, however,
that complete in witro synthesis of the xyloglucan molecule from the four
nucleotide sugars without the involvement of pre-made primers has so far
not been achieved.

Localization of Xyloglucan in Cell Walls

Xyloglucan is believed to play a key role in the architecture of dicot cell
walls by linking together cellulose microfibrils and possibly other compo-
nents of the wall in order to achieve structural rigidity (1). Most cell wall
components can be solubilized by hot water, chelating agents or dilute alkali
(4% KOH). However, the association between xyloglucan and cellulose is so
strong that it requires concentrated alkali (24% KOH) to dissolve xyloglu-
can from the xyloglucan-cellulose macromolecular complex (2). Xyloglucan
binds to cellulose in vitro in a pH-dependent manner (22), suggesting that
the polymers are associated by hydrogen bonds. The 1,4-8-linkage of the
glucan backbone of xyloglucan creates a linear molecule, and the galactosyl-
fucose side chain may curl around one side of the backbone, thus allowing
unimpeded hydrogen bonding between the other side of the backbone and
cellulose microfibrils (10). The presence of the galactosyl-fucose side chain
may also prevent further hydrogen bonding of xyloglucan with other xy-
loglucan molecules, creating cellulose microfibrils coated with a single layer
of xyloglucan (10). Enzymic and chemical fractionation of cell walls from
sycamore {Acer) and Rosa indicated hydrogen bonding between xyloglucan
and cellulose in vivo, and implied the presence of glycosidic linkages be-
tween xyloglucan and pectic polymers (10,23). Subsequent work, however,
suggested that the bonding between xyloglucan and pectins was principally
noncovalent {24).

Autoradiography of cell walls from living tissue previously incubated
with [PH]fucose (2) and immunogold localization using polyclonal antibod-
ies to xyloglucan (16) suggested that xyloglucan was distributed throughout
the cellulose-containing part of the wall, and was absent only in the middle
lamella (16). When cell wall “ghosts” (the cell wall xyloglucan-cellulose
complex, which retained the shape of the cell) were prepared by extraction
of pea stem tissue with hot 70% ethanol, 0.1 M EDTA and 4% KOH, the
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residues contained only xyloglucan and cellulose (2). Treatment of these
“ghosts” with a fluorescent fucose-binding lectin clearly showed xyloglucan
distributed over the entire surface (Fig. 4).

Electron microscopical observations of shadowed “ghost” preparations
showed xyloglucan to be distributed both on and between cellulose mi-
crofibrils (2). Even in the cell walls of maturing tissues, as the content
of xyloglucan in the wall substantially declined, cellulose was still almost
completely coated with xyloglucan (22). Thus, xyloglucan exists in situ
In intimate association with cellulose throughout the wall at all stages of
growth.

Metabolism of Xyloglucan

Structural Function of Xyloglucan. The cell wall has sufficient rigidity to
counteract the forces of turgor generated by the protoplasm, and break-
down of key components may be necessary in order to allow the inelastic
cellulose microfibrils to move relative to one another and the cell to ex-
pand. That cell wall “ghosts”, essentially consisting only of xyloglucan
and cellulose, retained the shape of the cell suggests that xyloglucan not
only coats individual cellulose microfibrils but also bonds the microfibrils
together (2). Endohydrolysis of xyloglucan may be essential in order to
permit the movement of cellulose microfibrils relative to one another, and
consequently cell wall extension. A requirement for exposed xyloglucan in
growth has been demonstrated in studies using fucose-binding lectins (25).
The lectins bound to the cell wall of azuki bean epicotyl segments, and
inhibited both auxin-induced cell wall loosening and growth, presumably
by protecting xyloglucan from turnover.

Deposition of Xyloglucan. In dicot stem segments, auxin rapidly (after
about 1 h) promoted an increase in the rate of deposition of cellulosic and
non-cellulosic cell wall materials, even if growth were inhibited (26,27). In
pea epicotyl apices, auxin treatment for 48 h resulted in a small increase
in cellulose content but more than a doubling of xyloglucan as the cells
expanded (Table I). The synthesis and incorporation of xyloglucan into
the wall may thus be hormonally controlled. The activity of “xyloglucan
synthase” (xyloglucan xylosyltransferase was actually measured) declined
in the growing region of the stem of whole pea plants as this zone matured,
but treatment of the plants with auxin prevented the decline (28). Auxin
treatment of decapitated whole plants and of isolated stem segments also
maintained the activity of S-glucan synthase (29, 30), an enzyme which may
be responsible for the synthesis of the 1,4-8-glucan backbone of xyloglucan

(18).

Degradation of Xyloglucan. In addition to promoting xyloglucan deposi-
tion, auxin treatment brings about a massive induction (up to 30-fold after
72 h) of endo-1, 4-B-glucanase activity (31). Concomitant with this induc-
tion, a marked decline in the average molecular weight of xyloglucan, but
not cellulose, was observed (Table I). These changes occurred despite the
increases in net deposits of xyloglucan and cellulose. In vitro incubation
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Figure 3. Gel filtration of alkali-soluble xyloglucan on columns (95 x 1.5
cm) of Sepharose CL-6B. Pea microsomal membranes were incubated for
various periods with GDP-['*C]fucose and unlabelled sugar nucleotides.
Products were eluted with 0.1 M NaOH in 1 ml fractions. Molecular weights
of dextran markers, 1 = 264000 D; 2 = 70000 D; 3 = 40000 D; 4 = 10600
D; Gle=glucose. Redrawn from Camirand and Maclachlan (20).

Figure 4. Pea stem material was sequentially extracted with hot 70%
ethanol, 0.1 M EDTA and 4% KOH-0.1% NaBH4 to leave xyloglucan-
cellulose cell wall “ghosts”. Binding of fluorescent fucose-binding lectin
from Ulexr europeus as visualized by fluorescence microscopy shows xyloglu-
can distributed over the whole wall surface. Photograph courtesy of Dr. T.
Hayashi.
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of pea cell wall “ghosts” with purified endo-1,4-8-glucanase dramatically
increased the number of residual reducing ends and brought about solu-
bilization of xyloglucan before any hydrolysis of cellulose took place (32).
The localization of xyloglucan in the wall, where cellulose microfibrils are
sheathed by a layer of xyloglucan, may make xyloglucan more accessible to
the enzyme than is cellulose. This study confirmed that in cell walls auxin-
induced endo-1,4-B-glucanase (commonly called “cellulase”) preferentially
hydrolyzes xyloglucan over cellulose.

Table 1. Effects of auxin treatment on pea epicotyl apices. Apical 5 mm
regions of etiolated epicotyls were delineated, seedlings sprayed
once at zero time with or without 4.5 mM 2,4-D and marked
regions examined after 48 h. Data compiled from refs. 28 and 32

Parameter Zero Time 48 h
Untreated Auxin
Length (mm/seg) 5 25 7.5
Fresh weight (mg/seg) 12 56 44
Weight/Length (mg/mm) 24 2.2 5.9
Xyloglucan (ug/seg) 28 59 137
Cellulose (ug/seg) 40 515 615
Xyloglucan (DPx10~3) 11 0.8 0.2
Cellulose (DPx1073) 8.4 11.0 9.2

Endo-1, 4-3-glucanase
activity (units/seg) 13 40 234

In soybean hypocotyl, the activity of cell wall endo-1,4-3-glucanase
was higher in regions of the stem actively undergoing cell expansion, and
this increased activity was correlated with a reduced average molecular
weight of cell wall xyloglucan (33). In azuki bean epicotyl cell walls, auxin
treatment reduced the average molecular weight of xyloglucan within 2 h,
although a decrease in the average molecular weight of the total hemicel-
lulose fraction was observed after only 30 min (34). Auxin also rapidly
evoked a reduction in average molecular weight of the xyloglucan compo-
nent of Avena coleoptile cell walls (35). These changes were not a result
of cell expansion, since they occurred even when growth was osmotically
suppressed by mannitol.

When pea epicotyl segments were pulse-chased with [**C]glucose, sub-
sequent incubation with auxin brought about a loss of cell wall glucose and
xylose and the appearance in the incubation medium of soluble polymeric
material containing xylose and glucose (36). The apparent solubilization
of cell wall xyloglucan was detectable after only 15 min of auxin treatment
and thus occurred as quickly as the increased growth rate (37). Moreover,
solubilization increased as growth rate increased, and was not prevented
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when growth was inhibited by mannitol (37), suggesting that xyloglucan
hydrolysis reflected the wall-loosening process. Subsequent work confirmed
a decrease in cell wall xyloglucan upon auxin treatment (38). Collection of
cell wall free space solutions using a low-speed centrifugation technique also
found an auxin-induced production of water-soluble materials possessing
the properties of xyloglucan (39). Xyloglucan subunits have been detected
in the bathing medium of cultured cells during growth (6).

Enzymes capable of hydrolyzing xyloglucan to monosaccharides have
been detected in extracts from soybean cell walls (33,40). High levels of
endo-1,4-8-glucanase activity were found in elongating regions of the stem,
where xyloglucan appeared to be cleaved into comparatively large frag-
ments. Other enzymes, however, presumably including an a-xylosidase, a
B-glucosidase, a B-galactosidase and an a-fucosidase, showed higher activity
in non-elongating regions. These findings suggest that partly degraded xy-
loglucan eventually will become completely broken down and that oligosac-
charides will not accumulate in the cell wall space. In pea stems auxin
treatment enhanced the activity of enzymes cleaving glucosidic, xylosidic
and galactosidic bonds (41), although it was not shown that these enzymes
were localized in the cell wall.

The full induction of endo-1, 4-3-glucanase by auxin treatment required
a period of many hours or even days (31) rather than minutes, preclud-
ing the appearance of new endo-1,4-3-glucanase as mediating the “rapid
action” of auxin on growth. Changes in the activity of pre-existing endo-
1,4-B-glucanase seem more likely, perhaps related to the suggestion that
auxin promotes growth by causing the acidification of the cell wall space
by the protoplasm (42). Consistent with this are the findings that buffer
of pH 7 prevented both growth and the release of soluble xyloglucan from
the wall induced by auxin, and that buffer of pH 4 caused a similar release
of xyloglucan as did auxin, and in the short-term also caused a similar pro-
motion of growth (43). Acid treatment at 0°C did not result in xyloglucan
release, suggesting that xyloglucan degradation was enzyme mediated (39).
The activities of a B-glucosidase and a S-galactosidase in Avena coleoptile
cell walls were promoted by changing the pH from 7 to around 5 (44), but
it is not known if these enzymes act on xyloglucan in the wall. Endo-1,4-
B-glucanase, which does act on xyloglucan in the wall, has a broad pH
optimum of 6.0-6.5 (45). Furthermore, the occurrence in the whole plant
of changes in cell wall pH of the magnitude of those described above has
been questioned (46). Thus, the mechanism by which auxin regulates the
very rapid changes observed in xyloglucan DP is not yet fully clarified.

The continued incorporation of matrix wall polymers into the wall also
seems to be essential for long-term growth (27), implying that incorporation
as well as breakdown of xyloglucan may be important in the wall-expansion
process. Further study of how synthesis and breakdown of wall components
are coordinated to regulate cell wall loosening is required.

Xyloglucan Subunits as Oligosaccharins

Fragments of cell wall polysaccharides of specific structure can bring about
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regulatory effects on plant cells. Oligoglucosides from fungal cell walls and
fragments of homogalacturonan, released from the plant’s own cell wall
by enzymes in pathogens, can induce the de nowvo production of mRNA’s
and enzymes responsible for the synthesis of phytoalexins, natural plant
antibiotics (47). Fragments of pectic polysaccharides can also induce the
formation of protease inhibitors which protect plants from digestive at-
tack by insects and microbes. Cell wall polysaccharide fragments have
several other morphogenetic effects on plants, for they may modify such
processes as flowering and vegetative growth (48). Biologically active cell
wall polysaccharide fragments have been termed oligosaccharins (48).

The endo-1, 4-B-glucanase whose formation was induced by auxin ul-
timately hydrolyzed xyloglucan to characteristic oligosaccharides. The
nonasaccharide derived from cultured sycamore xyloglucan, when added in
very low concentrations to pea stem segments, inhibited auxin-stimulated
growth (49). This report was recently confirmed using nonasaccharides de-
rived from Rosa cell walls (50). In both cases the nonasaccharide showed
an optimum for growth-inhibitory action, being less effective or totally in-
effective at higher concentrations (Table II). The optimum was around
10 nM (49) or 1 nM (50) in the two studies, and concentrations above
about 100 nM were ineffective. Considerable variability in the degree of
inhibition by the nonasaccharide was observed, ranging from 70 to almost
100% in the experiments reported by York et al. (49), and from about 30
to 70% in those shown by McDougall and Fry (50). In both reports the
heptasaccharide was found to be without growth-inhibitory effect.

Table II. Effects of xyloglucan oligosaccharide subunits on auxin-stimulated
growth of pea epicotyl segments in vivo and pea endo-1,4-3-
glucanase activity in witro. Growth of segments in 1 uM 2,4-D
was measured after 18 h. Endo-1,4-8-glucanase activity was de-
termined viscometrically after 30 min using tamarind xyloglucan
as substrate. Data calculated from refs. 50 and 51

Xyloglucan
Oligosaccharide
concentration Heptasaccharide Nonasaccharide
Inhibition of auxin-stimulated growth (%)

0.1nM 3 0

1.0 4 65

10.0 0 50

100.0 0 20
Stimulation of -glucanase activity (%)

50uM 210 430

100 280 550

150 350 640

200 410 700
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Effects of xyloglucan oligosaccharides on endo-1, 4-3-glucanase activ-
ity in witro have also been observed (51). Pea nona- and heptasaccharide
both dramatically stimulated pea endo-1,4-8-glucanase activity as deter-
mined viscometrically using tamarind xyloglucan as substrate (Table II).
Stimulation was concentration-dependent, and approached saturation at
200 pM. Nonasaccharide was the more effective, causing over 700% stim-
ulation at 200 uM, a concentration at which the heptasaccharide caused
400% activation. Even xyloglucan pentasaccharide caused a doubling of
activity. The stimulation was both substrate- and enzyme-specific. Activa-
tion by oligosaccharides was not detected using carboxymethylcellulose as
substrate, nor with endo-1,4-g-glucanase from Trichoderma using xyloglu-
can as substrate.

Thus, at nM concentrations in vivo, nonasaccharide produced by the
metabolism of cell wall xyloglucan appears to act as a negative feedback
modulator of auxin-stimulated growth. But, if oligosaccharides also stimu-
late endo-1, 4-8-glucanase action in vivo, this would act by positive feedback
to magnify the decay rate of cell wall xyloglucan further, and lead to the
production of more oligosaccharide. This could perhaps raise the concentra-
tion of nonasaccharide in vivo to above that which was inhibitory towards
growth. In cultured spinach cells, a fucose-containing nonasaccharide ac-
cumulated in the culture medium to a steady-state concentration of about
430 nM (6). However, the levels of nonasaccharide existing in vivo at the
load-bearing region of the innermost wall layers of cells in the expansion
zone of the stem, where regulation of growth presumably occurs, are not
known.

Of course, in a given tissue nonasaccharide may inhibit growth and
stimulate endo-1,4-3-glucanase activity independently of one another. The
observation that heptasaccharide was inactive in one system but active in
the other suggested that the effects were mediated by different mechanisms.
The heptasaccharide was not itself inhibitory to growth, nor did it inter-
fere with the nonasaccharide effect (50), suggesting great specificity in the
perception of nonasaccharide for growth inhibition. The existence of two
independent mechanisms may explain the loss of inhibitory effect of xy-
loglucan nonasaccharides on auxin-stimulated growth when concentrations
exceeded 10 nM. At higher concentrations oligosaccharides may act directly
on cell wall endo-1,4-3-glucanase, increasing its activity and promoting xy-
loglucan hydrolysis and cell wall loosening. This may then override the
mechanism producing the growth-inhibitory effect at lower concentrations
of nonasaccharide. Another alternative is that the two mechanisms are
spatially separated and occur in different regions of the stem. Perhaps
low concentrations of nonasaccharide are found only near cells approach-
ing full size, where they act to inhibit auxin-stimulated growth, whereas
higher concentrations are found in regions where cells are already fully
expanded. Here the oligosaccharides may stimulate the activities of var-
lous glycosidases in the wall, resulting in the complete hydrolysis of the
comparatively large xyloglucan pieces and oligosaccharides to monosaccha-
rides. This would remove any biological activity of the fragments, and the
monosaccharides could be absorbed by the cell and reused.

In Plant Cell Wall Polymers; Lewis, N., etal.;
ACS Symposium Series; American Chemical Society: Washington, DC, 1989.



30 PLANT CELL WALL POLYMERS

Conclusions

The picture that emerges is that xyloglucan functions in the walls of growing
tissues as a binding polysaccharide which contributes to the rigidity of the
cellulose framework. During the stimulation of growth evoked by auxin,
endo-1, 4-B-glucanase is induced which hydrolyzes xyloglucan preferentially.
Such a hydrolysis is correlated with the wall-loosening process. Presumably
new synthesis is required in order to preserve the strength of the wall, and
to maintain it in a state capable of further loosening during long-term
growth. The relationship between new wall synthesis and the degradation
of existing wall polymers in wall loosening is poorly understood at present.

The role played in growth by xyloglucan oligosaccharide fragments is
Jjust beginning to be investigated. Xyloglucan nonasaccharide specifically
inhibited auxin-evoked growth at certain concentrations in the nM range,
but nona-, hepta- and pentasaccharide all stimulated endo-1, 4-3-glucanase
activity in witro in the uM range. This latter effect, if it occurs in vivo at
concentrations of oligosaccharides likely to be present in the cell wall space,
would be expected to enhance xyloglucan depolymerization, wall loosening
and growth. These apparently opposite effects of nonasaccharide on growth
and the putative wall-loosening process constitute a challenging problem for
future work to resolve.
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Chapter 3

Toward a Working Model of the Growing Plant Cell
Wall

Phenolic Cross-Linking Reactions in the Primary Cell Walls
of Dicotyledons

Stephen C. Fry and Janice G. Miller

Department of Botany, University of Edinburgh, The King’s Buildings,
Mayfield Road, Edinburgh EH9 3JH, Scotland

The efficient formation of inter-polymeric cross-links by
oxidative coupling of the small number of polymer-bound
phenolic side-chains present in the non-lignified, growing
plant cell wall requires considerable specificity in the re-
actions concerned. In this paper we summarize some of
the evidence that such specificity exists. We suggest that
the cell wall is initially assembled by non-covalent in-
teractions, especially involving the hydrogen-bonding of
neutral xyloglucan chains to several microfibrils, thereby
tethering these microfibrils. Oxidative coupling of other
matrix polymers [acidic polysaccharides and/or basic
glycoproteins] via their phenolic side-chains is seen as a
subsequent wall-modification reaction whereby xyloglu-
can chains may be strapped to their current microfibrils
so that the existing architecture is rendered more nearly
permanent. Efficient strapping (i.e., fastening the maxi-
mum amount of material with fewest “buckles”) requires
chemical specificity—the formation of cross-links at ap-
propriate sites. There is great specificity both in the
biosynthetic reactions by which phenolic side-chains be-
come attached to the wall polymers and also in the choice
of phenolic partners and orientation during coupling.

The growing plant cell wall contains polymers which bear a small propor-
tion of phenolic side-chains. These side-chains appear to be subject in vive
to oxidative phenolic coupling and thus to participate in cross-linking re-
actions that may be highly significant in the control of wall extensibility
(and therefore in cell growth) and of enzymic digestibility (1,2). For phe-
nolic cross-linking to be biologically effective, despite the presence of only
low levels of phenolic compounds in the primary cell wall, the reactions
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34 PLANT CELL WALL POLYMERS

must be accurately and efficiently steered: they must be specific. Here we
summarize evidence that the necessary specificity exists.

Hypothesis

In order to think about the nature and consequences of cell wall poly-
mer phenolic cross-linking, we need a working model of the mode of as-
sembly and the final structure of the primary cell wall. Unfortunately,
there is no universally acceptable model: that proposed by Albersheim and
co-workers (3) is not now widely accepted because the postulated inter-
polysaccharide glycosidic bonds have not been demonstrated (4); and the
‘warp-weft’ model of Lamport (5) rests on the assumptions that extensin
(i) forms a defined-porosity network (not proven); (ii) is orientated anti-
clinally to the cell surface [some evidence against (6)]; and (iii) is a major
component of all primary cell walls (not true).

Major Structural Polymers of the Cell Wall. A wall model requires a de-
scription of the major polymers involved. The major polymers of the grow-
ing Dicotyledon cell wall are shown, approximately to scale, in Figure 1.
They are described in more detail elsewhere (2); in brief, they are:

1. The microfibrillar cellulose. This forms the skeletal scaffolding of the
cell wall. Microfibrils are about 4 nm in diameter (6) and are of inde-
terminate length.

2. The neutral hemicelluloses. These are xyloglucan in Dicotyledonous
primary walls and principally mixed-linked 8-(1—3), (1—4)-D-glu-
cans in members of the Graminaceae (grasses, including cereals). In
isolation, xyloglucan is water-soluble, although the molecule is a rela-
tively stiff rod approximately 150 to 1500 nm in total contour length
(8). One xyloglucan had a measured axial ratio of about 100 (9). In
the intact cell wall, the xyloglucan is firmly attached to the surface of
the cellulosic microfibrils, principally by hydrogen-bonding (2,8,10-13),
although some more secure bonds may also be present (2,10).

3. The acidic polysaccharides. In Dicotyledons, the major acidic polysac-
charides are the pectins (partially methyl-esterified homogalacturo-
nans and rhamnogalacturonans) and smaller amounts of arabinoglu-
curonoxylans (2). [In growing grass cell walls, the arabinoglucuronoxy-
lans usually predominate over pectins.]

4. The basic extensins. These are hydroxyproline-, lysine- and tyrosine-
rich glycoproteins consisting of rigid molecular rods about 80 nm long
(14,15), bearing short mono- to tetrasaccharide side-chains (2,14).
When newly secreted they bind ionically to the acidic polysaccharides
of the cell wall and can be extracted with cold salt solutions; later
they become much more resistant to salt-extraction and are said to be
covalently bound, probably via dimerization of their tyrosine residues
to form isodityrosine (15).

Some of the acidic and basic polymers of the cell wall bear pheno-
lic side-chains. The acidic polysaccharides carry ferulic and p-coumaric
acid and related cinnamate-derivatives, esterified to specific hydroxy groups
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Cellulose microfibril
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Xyloglucan molecule

Extensin molecule

/\/\
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[Rhamnogalacturonan-1] [Homogalacturonan]

Figure 1. The principal structural components of the growing cell walls of
a Dicotyledon. The drawings are approximately to scale.
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(1,2,17-22). Feruloylated pectins have been found in the parenchyma-
tous cell walls of many Dicotyledons (mainly in the Centrospermae and
Solanaceae), but UV-fluorescence microscopy suggests that at least the epi-
dermal cell walls of all Dicotyledons contain phenolic residues; it remains
to be seen whether these phenolic residues are attached to polysaccharides
or to cutin, but location of even a small quantity of, say, feruloyl-pectin in
the epidermal wall would be particularly significant in the control of growth
because the extensibility of the epidermis controls the expansion of whole
stems (23) and leaves (Fry, unpublished observations). The extensins, as
already mentioned, are rich in the phenolic amino acid tyrosine (2).

Assembly of a Xyloglucan-Microfibril Framework to the Wall. The initial
assembly of the cell wall is likely to be via non-covalent bonding, especially
hydrogen-bonding. These initial steps are believed to be non-enzymic. The
microfibrils are synthesized by enzyme complexes which are mobile in the
plasma membrane. The complexes churn out naked microfibrils, which
come to lie in a plane—the innermost, accreting face of the cell wall. At
the same time, Golgi-derived vesicles deposit the essentially soluble ma-
trix polymers (Fig. 2a). Evidence suggesting that the matrix polymers are
indeed water-soluble when newly secreted was provided by observation of
the polysaccharides secreted by naked protoplasts directly into the culture
medium (24). Of the various matrix polymers in this mixture (hemicel-
luloses, pectins and extensin), it is particularly the xyloglucan that will
strongly hydrogen-bond to the microfibrils, clothing them with a molecular
monolayer (10-12).

Since the total contour length of a xyloglucan molecule is 40 to 400
times greater than the diameter of a microfibril (8), it would seem inevitable
that most of the newly deposited xyloglucan chains will have the opportu-
nity to bind to the several microfibrils across which they are randomly laid
down (Fig. 2b) (25).

Any tendency for a xyloglucan molecule to re-orientate and come to
lie with its entire length along a single microfibril will be minimized by
the presence in the space between the adjacent microfibrils of other matrix
polymers which are not strongly hydrogen-bonding (pectins and extensins)
and which will (a) retard the molecular motion of the xyloglucan and (b)
[by some of them lying with their main-chains perpendicular to the mi-
crofibrils} physically prevent the xyloglucan chain from lining up along any
favored microfibril. The consequence of this is that the individual xyloglu-
can molecules will come to be hydrogen-bonded along discrete segments of
several microfibrils, tethering them, and the intervening lengths of xyloglu-
can will be suspended between the microfibrils (Fig. 2b).

It may be noted parenthetically that evidence that extensins are not
strongly hydrogen-bonded in the cell wall is the ease with which they
can be leached out of the wall with 25-50 mM LaClz or AICl; (20)—a
treatment that effectively breaks ionic bonds but not hydrogen bonds—so
long as the treatment is applied before the extensin has become covalently
bonded in the cell wall. Evidence that at least one pectic polysaccha-
ride (rhamnogalacturonan-I) is not strongly hydrogen-bonded in the cell
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alSecretion
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Figure 2. A speculative model for the assembly and growth of the Dicotyle-
donous cell wall. For clarity, the model shows two microfibrils === , ===

and only one of the many xyloglucan molecules (—) that are proposed
to interconnect them. The loops in the lower diagram represent other ma-
trix polymers (extensin and/or pectins) whose phenolic side-chains have
become oxidatively coupled. Steps (d) and (g) are proposed to be catalyzed

by cellulase. For further details, see ref. (25).
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wall is the fact that, despite its large size [DP 2,000 (27); similar to an
average xyloglucan], it is released intact from the cell wall into cold neu-
tral water following treatment with pure endo-polygalacturonase, an en-
zyme that hydrolyzes homogalacturonan (with which the backbone of the
rhamnogalacturonan had presumably been contiguous) but does not affect
the rhamnogalacturonan itself.

An Important Requirement for Cell Growth. With continued cell expansion,
the intermicrofibrillar segments of xyloglucan will become stretched taut
(Fig. 2c) and will eventually come to bear the burden of turgor. Further
growth will then be impossible unless one or both of two things happens:

1. the inter-microfibrillar segments of xyloglucan are hydrolyzed (Fig. 2d)
by an endo-3-(1—4)-D-glucanase (cellulase), a well-established plant
cell wall enzyme (28);

2. the xyloglucan-cellulose hydrogen-bonds are physically pulled open,
unzipping the xyloglucan molecules from the microfibrils (Fig. 2e);
hydrogen-bonds are considerably weaker than the covalent bonds of
which the individual polysaccharide chains are constructed (13).

Consequences and Requirements of Ozidative Phenolic Coupling in the Cell
Wall. If the phenolic side-chains present on pectins and/or extensins can
cross-link in an appropriate manner and place, they could form loops
that would encircle microfibrils and thereby strap particular xyloglucan
molecules on to particular microfibrils (Fig. 2f). This would prevent the
“unzipping” mode of growth, but would not affect the “hydrolytic” mode.
Thus, while cross-linking could potentially decelerate growth very rapidly
(Fig. 2h), such an effect need not be irreversible (Fig. 2g). The importance
of this conclusion can be considered by reference to a physiological exam-
ple: The rapidly-imposed inhibitory effect of blue light on the growth of
stems has been hypothesized to be mediated by peroxidase-catalyzed cross-
linking of wall polymer-bound phenolics (29); since the initial growth rate
is rapidly restored when the blue light is switched off, the hypothesis only
stands if the mechanism of growth inhibition is reversible.

Efficient cross-link formation by a small number of wall polymer-bound
phenolics requires great precision in the metabolic reactions involved. It is
not sufficient to form cross-links: the cross-links need to be formed in the
proper place within the polymer molecule and within the cell wall. Evidence
that cross-links form at all [albeit sometimes as a low percentage of the total
wall phenolics] is presented elsewhere (1,2,13,16,30-32). Here we present
evidence that sufficient molecular specificity exists to be compatible with
useful cross-link formation.

Evidence for Specificity in the Reactions by which Phenolic
Groups are Introduced into Wall Polymers

Background. In order to maximize the efficiency of cross-linking based on a
small number of phenolic groups, it is important that these groups should
be sited on the wall polymers at appropriate loci rather than randomly. In
the case of the phenolic side-chains of extensins this criterion is met since
the siting of the tyrosines is genetically encoded (27).
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Siting of Ferulic Acid in the Wall Polysaccharides. The origin of the fer-
uloyl residues of the acidic wall polysaccharides is not so straightforward.
However, there is good evidence that these phenolic side-chains are very
specifically sited. The position of the feruloyl groups can most easily be
explored by enzymic “dissection” of the polysaccharides with commercial
mixtures of enzymes such as that known as Driselase (available from Sigma
Chemical Co.). Driselase, which is widely used for the isolation of plant
protoplasts because it possesses enzymes that hydrolyze most of the gly-
cosidic linkages of the primary cell wall, lacks feruloyl-esterase activity
and therefore leaves the feruloyl groups attached to the appropriate sugar
unit of the polysaccharide. In addition, the endo- and exo-glycanases of
Driselase cannot hydrolyze those glycose residues that bear feruloyl groups.
The expected products of hydrolysis of a feruloyl-polysaccharide are thus
mainly monosaccharides plus feruloyl-disaccharides (2). ([Driselase lacks
a-xylosidase activity and therefore also yields large amounts of a simple
disaccharide, D-xylopyranosyl-a-(1 — 6)-D-glucose, from xyloglucan.]

The cell walls of Dicotyledons, especially in the Caryophyllales,
yield upon Driselase digestion two major feruloyl-disaccharides, namely
3-0-(3-O-feruloyl-a-L-arabinopyranosyl)-L-arabinose (Fer-Aras) and 4-O-
(6-O-feruloyl-8-D-galactopyranosyl)-D-galactose (Fer-Galy) (17). These
two compounds together account for 60-70% of the feruloyl residues
of the primary walls of cultured spinach cells. In the grasses, the
major feruloyl-disaccharide obtained with Driselase is 3-O-(5-O-feruloyl-
a-L-arabinofuranosyl)-D-xylose (Fer-Ara-Xyl), but larger amounts of a
feruloyl-trisaccharide, 4-O-[3-O-(5-O-feruloyl-a-L-arabinofuranosyl) -8-D-
xylopyranosyl]-D-xylose (Fer-Ara-Xyl,), usually predominate because Dri-
selase is inefficient at hydrolyzing xylobiose (19,20).

The important conclusion is that much of the wall’s ferulic acid is linked
to specific hydroxy groups on specific sugars of specific polysaccharides.
The specificity is particularly notable in the case of Fer-Ara,, since the
feruloylated arabinose residues are in the rare pyranose ring-form (17). It
is clear that the feruloylation reactions are not random, but are carefully
steered biosynthetic steps.

Evidence for Intracellular Feruloylation Reactions. The reactions by which
feruloyl residues are added to polysaccharides occur intracellularly. This
was established for the Fer-Ara, units of the pectic polysaccharides of cul-
ture spinach cells by administration of [*H]arabinose so that the careers of
polymer-bound pentose residues could be followed from their intracellular
incorporation into nascent polysaccharides and glycoproteins, via their se-
cretion through the plasma membrane, to their ultimate fate within the
wall (28). The cells were fed [*H]arabinose for various defined periods of
time, after which two distinct analyses were performed (Fig. 3):

a. A sample of the cells was killed in ethanol and the alcohol-insoluble
residue (containing the polysaccharides and glycoproteins) was di-
gested exhaustively with Driselase. This converted the various pentose-
containing units of the polymers to the following major breakdown
products:
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[3H]Arabinose Ethanol Driselase
time
1 - t

4

;. "1-,,0 ":‘.". V
/! F; 2 g
1

Spiﬁach

cells \L
)
0 )

Culture Washings Digestion
filtrate rejected products
Marker
mixture
.. v
Origin---f--- %% :i}' (:)——----Polymers

Q- --J--xy1-a-(1+6)-
Glc
O-~--4--Ara

(:)—--<--Xy1

O——- - —-Fer-Araz

Figure 3. Scheme of an experiment to demonstrate the intracellular nature
of polysaccharide-feruloylation.
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arabinan — [®H)arabinose

feruloyl-arabinan — [3H]arabinose + Fer-[’H]Ara,

arabinoxylan — [®H]arabinose + [*H]xylose + [*H]xylobiose
xyloglucan — [3H]xylosyl-a-(1 — 6) glucose

—which were then separated by paper chromatography and assayed

individually for 3H by scintillation-counting.

b. A sample of the culture filtrate was also analyzed by paper chro-
matography to separate the unchanged [3H]arabinose from any secreted
polysaccharide present. The 3H in the latter (Rp = 0.00) was measured
by scintillation-counting.

By step (a), a picture could be formed of the kinetics of the intracellu-
lar incorporation of 3H from [*H]arabinose into the major polysaccharides
of the cell wall. Radioactivity was incorporated into polymer-bound ara-
binose and xylosyl-glucose units after lag periods of about 3.5 min and
6.5 min, respectively. These lags are taken to be the time required for the
[*H]arabinose to be taken up and activated to the appropriate donor for
polysaccharide biosynthesis

[PH]Ara — [*H]Ara-1-P «— UDP-[3H]Ara («~ UDP-[*H]Xyl)

(1,35) and possibly for the UDP-sugars to be transported into the en-
domembrane system where the polysaccharides are synthesized. After the
lag, the rate of incorporation of 3H into polymers remained fairly constant
for several hours.

The incorporation of 3H from [*H]arabinose into Fer-Ara; units showed
a lag of about 4.2 min, after which it too became linear. This means
that as little as 0.7 min after their incorporation into a (possibly still
nascent) polysaccharide, [*H]arabinose residues were susceptible to feruloy-
lation. The feruloylation reaction is thus likely to have been occurring in
the endomembrane system, co-synthetically, as one of the highly regulated
parts of the sophisticated polysaccharide-biosynthetic machinery. This can
be compared to the co-translational modification known to occur in many
proteins.

By step (b), further evidence was obtained that the feruloylation was
intracellular. The extracellular polysaccharides and glycoproteins only
started to acquire 31. after a lag of about 25 min (34). This is inter-
preted to mean that before 25 min essentially all the [®H]polysaccharide
was still intracellular, either in the Golgi bodies or packaged into Golgi-
derived vesicles, but not yet passed through the plasma membrane. The
fact that these sugar residues were being feruloylated, at the maximal rate,
well before 25 min supports the conclusion that feruloylation was largely
intracellular.

Possible Extracellular Feruloylation. It has been suggested (36) that fer-
uloylation occurs extracellularly. Evidence in support of this contention
was the observation that in maturing coleoptiles of barley the amount of
polysaccharide-bound ferulate continued to increase for at least one day
after total polysaccharide accumulation had ceased. However, this fact is
open to the alternative explanation that relatively small amounts of a highly
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feruloylated polysaccharide continued to be synthesized (intracellularly) in
mature coleoptiles even after total wall polysaccharide synthesis had decel-
erated and been approximately equalled by polysaccharide breakdown so
that the net rate of polysaccharide accumulation was zero.

Further evidence apparently in favor of some feruloylation being ex-
tracellular was the observation that [!*C]feruloyl-CoA will bind covalently
to coleoptile cell walls in vitro (37). It was suggested that this was due
to the operation of an extracellular feruloyltransferase catalyzing a trans-
esterification reaction whereby the feruloyl residue is transferred from the
CoA donor to a polysaccharide acceptor. However, it remains to be seen (i)
whether feruloyl-CoA, the proposed donor, occurs extracellularly; and (ii)
whether, in the in-vitro system, the *C remains as [**C]feruloyl residues
or whether the ['*C]feruloyl residues become bound to other wall-bound
(non-radioactive) phenolic groups, perhaps by oxidative coupling. [Oxida-
tive coupling in isolated cell walls in the absence of added H205 has been
observed (38).] Such a reaction would be inhibited by ascorbate, cyanide or
possibly catalase (31). If [**C]feruloyl-CoA does indeed bind to cell walls
in vitro via the formation of ester bonds, it will be of great interest to see
whether the '*C can be recovered by Driselase digestion in the form of
[*C]Fer-Ara-Xyl and ['C]Fer-Ara-Xyl; indicating that the highly specific
feruloyl-sugar bond characteristic of grass cell walls had been synthesized
by an extracellular enzyme system. Biosynthesis of ester bonds in the cell
wall has a precedent in the proposed biosynthesis of cutin from fatty acyl-
CoA thioesters in the epidermal cell wall (for a review, see 39). It is possible
that Yamamoto et al. (37) have detected the biosynthetic system by which
feruloyl residues are attached to the aliphatic core of cutin rather than to
the wall polysaccharides. The current evidence seems to favor intracellular
feruloylation of polysaccharides.

Evidence for Specificity in the Oxidative Coupling of Phenolic
Side-Chains in the Cell Wall

The previous section has presented evidence that phenolic units are care-
fully positioned within the wall polymers. When these units undergo ox-
idative phenolic coupling reactions in the cell wall, the coupling reactions
themselves are also remarkably specific. This can be illustrated by reference
to the tyrosine residues of extensin.

Orientation of Coupling in Protein-Bound Tyrosine Residues. Tyrosine can
couple to form either of two isomeric dimers, dityrosine and isodityrosine
(1,16) (Fig. 4). The choice between these two dimers is governed by the
conditions under which the coupling is carried out; some examples are given
in Table L.

In animal structural proteins in vivo, the only known dimer of tyrosine
is dityrosine (40,41); in the extensin of plant cell walls, in contrast, the only
dimer formed in vivo is isodityrosine (16). How is the coupling of tyrosine in
plants confined to the formation of isodityrosine? There is nothing unique
about the local environment of the tyrosine residues in (pure) extensin, since
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Table I. Dimeric Products of the Oxidative Coupling of Protein-Bound Ty-
rosine Residues under Various Conditions

Substrate System pH Products Reference
Resilin in vivo insect cuticle >7 DiT (40)
Collagen in vivo nematode cyst > 17 DiT (41)
Extensin in vivo Dicot primary cell wall <7 Idt (16)
Extensin in vitro peroxidase + H,O, 9 DiT (38)
Bovine serum
albumin in vitro peroxidase + H,O, 9 DiT (42)
Extensin in vitro isolated cell wall 6 Idt (38)

OH OH OH OH

L
?HNHZ

C‘Hz (,:Hz gHz EHZ COCH

CIHNH2 QHNH2 C‘HNHz (HNH,

COOH COOH  COOH CooH

Tyrosine Dityrosine Isodityrosine

Fi.gure 4. Strpctures of tyrosine, dityrosine and isodityrosine. [Reproduced
with permission from Journal of Ezperimental Botany 38, 853-62; © Ox-
ford University Press, 1987.

these residues are quite capable of forming dityrosine (38) under the same
optimal in witro conditions as work for virtually any other protein (e.g.,
bovine serum albumin) (42). The only in vitro system in which isodityrosine
production predominates is in extensin treated with isolated plant cell walls
(38) at pH 6.

Two factors associated with the plant cell wall were considered which
might direct exclusive isodityrosine formation:

a. The pH of the plant cell wall. This pH is always likely to be below 7.0
in vivo, and therefore well below the optimum (pH ca. 9.0) for total
dimerization of tyrosine; pH 9.0 was used in most in vilro assays other
than those where cell walls were the source of peroxidase.

b. Specific isoperoxidases. The cell wall contains a number of peroxidase
isozymes, quite distinct from the major basic isozyme obtained from
horseradish and used in most in vitro assays; it is possible that some
of these other isozymes have a propensity to catalyze isodityrosine
formation.

In Plant Cell Wall Polymers; Lewis, N., etal.;
ACS Symposium Series; American Chemical Society: Washington, DC, 1989.



44 PLANT CELL WALL POLYMERS

Evidence Against Cell Wall pH and Isoperozidase Specificity as Determi-
nants of Isodityrosine Formation. To test these possible explanations for
the exclusive formation of isodityrosine in the plant cell wall, samples of
[*4C]tyrosine were oxidized by Hy05 in the presence of three sharply con-
trasting horseradish-isoperoxidases [two low-pI (acidic) and one high-pI (ba-
sic)] at a wide range of pH values (37).

The two low-pl isozymes were considerably poorer than the high-pl
isozyme at catalyzing total tyrosine-oxidation [the comparison was based
on the use of a constant 1.2 gkat/ml of each isozyme, 1 pkat being the
amount that will catalyze the oxidation of pyrogallol to purpurogallin at
1 pmol/s at pH 6.0 and 25°C]. The lower-pl isozyme oxidized tyrosine
optimally at pH 6, and the high-pl isozyme had an optimum of pH 9. The
rate of oxidation by the high-pl isozyme at pH 9 was about seven times
greater than that of the lower-pl isozyme at pH 6. This confirms that the
isozymes exhibited considerable differences in catalytic properties, as well
as differing in pl.

When the dimers produced by these isozymes, at a wide range of pH
values, were analyzed individually, no great difference was found (37). At
high pH values (pH 8-10), both the low-pI and high-pl isozymes generated
ca. 20 times more dityrosine than isodityrosine. As the pH was lowered,
the yield of isodityrosine increased and that of dityrosine decreased until
at pH 3 there was only about 2-3 times more dityrosine than isodityrosine;
however, under no conditions did the yield of isodityrosine ever exceed that
of dityrosine.

It may be concluded that neither pH nor isozyme-specificity is likely to
direct the exclusive formation of isodityrosine in the plant cell wall in vivo.
Indeed, it might be argued that isozyme-specificity is intrinsically unlikely
to direct the orientation of coupling (dityrosine vs. isodityrosine) since the
role of the enzyme is thought to be merely the production of tyrosine free
radicals (44) which then non-enzymically pair off.

Role of Neighboring Polysaccharide Molecules in Determining the Orienta-
tion of Tyrosine Residues During Coupling. These considerations suggest
a third possible explanation for the exclusive formation of isodityrosine in
the plant cell wall in vivo: that the neighboring structural molecules of the
wall constrain extensin to prevent dityrosine formation. This would mean
that the biologically relevant substrate for peroxidase in the plant cell wall
is not naked extensin but extensin complexed with another wall compo-
nent, possibly an acidic polysaccharide to which the extensin would bind
ionically.

Conclusions

In conclusion, it seems fair to say that specificity exists in both the biosyn-
thesis and in the oxidative coupling of polymer-bound phenols in the grow-
ing cell wall. (a) Tyrosine residues are placed at specific sites along the
extensin molecule by genetically-encoded information. (b) Tyrosine cross-
linking ¢n vive is a very specific, carefully steered process in that it occurs
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only when the extensin is in a precise molecular environment, possibly as an
ionic complex with an acidic polysaccharide. This is evidenced by the fact
that cell walls couple their tyrosine residues to make isodityrosine rather
than dityrosine, whereas the same residues in the absence of a cell wall
generate mainly dityrosine. (c) The feruloylation and p-coumaroylation
of acidic polysaccharides occurs on highly specific hydroxy groups. (d) It
remains to be seen how precise or random the coupling of polysaccharide-
bound phenolic side-chains is.

The significance of this precision is that it suggests that adequate speci-
ficity exists for the coupling reactions to take part efficiently in the “strap-
ping” of hemicellulose molecules to microfibrils mentioned earlier. It will be
of great interest in future research to explore whether and to what extent
such “strapping” occurs.
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Chapter 4

Deposition of Cell Wall Components in Conifer
Tracheids

Keiji Takabe', Kazumi Fukazawa!, and Hiroshi Harada?

'Faculty of Agriculture, Hokkaido University, Kita 9, Nishi 9, Kita-ku,
Sapporo, Japan
ZRector Office, Kasetsart University, Bangkhen, Bangkok, 10900,
Thailand

The cell wall deposition processes, distribution of
cell wall components, and cell organellae involved in
the biosynthesis of polysaccharides and lignin in conifer
tracheids were investigated using several chemical and
microscopy techniques. The deposition process for cel-
lulose was found to differ from that of hemicelluloses.
Cellulose deposited actively between the S, and Sz de-
velopmental stages, especially in the middle part of the
S, stage. On the other hand, mannans and xylans were
laid down between the latter part of S; and the early
part of Sy development, and between the latter part of
the S, and S3 stages. These results suggest that (i) the
middle portion of Ss is rich in cellulose, and (ii) hemi-
celluloses are abundant in S;, and the outer and inner
portions of S; and S3 tissue. Lignification was initiated
at the outer surface of the primary wall cell corners, and
proceeded into the intercellular layers, and the intercel-
lular substances between cell corners. Lignification of
the secondary walls was initiated at the S; cell corner,
then proceeded to the unlignified S, layer and toward the
lumen, while lagging behind cell wall thickening. Cellu-
lose synthesis occurred at the plasma membrane. The
Golgi-body, and a small circular vesicle derived from
the rough endoplasmic reticulum, were involved in the
biosynthesis and/or transport of hemicelluloses, while
the Golgi-body and smooth-endoplasmic reticulum were
involved in the biosynthesis and/or transport of mono-
lignols.
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Cellulose, hemicelluloses, and lignin are the main components of cell walls
in woody plants. For a long time, these plant polymers have stimulated the
interest of many plant botanists and biochemists in terms of their biosyn-
thetic pathways, functional interrelationships, and anatomical distribution.

The cell wall of conifer tracheids consists of both primary and sec-
ondary walls. The primary wall is formed during cell division and sub-
sequent cell enlargement, whereas secondary wall formation only occurs
after cell enlargement has been completed. Secondary walls are subdivided
into three layers, named S;, S;, and Sj, respectively. A large effort has
been devoted to elucidating (i) structural and chemical properties of the
polysaccharides and lignin in each cell wall layer and their functional inter-
relationships, and (ii) the role of cell organellae in cell wall biosynthesis. In
spite of this, our knowledge of the entire process of cell wall construction
and the interrelationships of cell wall components still remains incomplete.

Deposition of Polysaccharides

Pioneering work on polysaccharide distribution in the cell wall was car-
ried out by Meier and Wilkie (1) and Meier (2). They isolated radial
sections from the differentiating xylem of Pinus sylvestris, Picea abies, and
Betula verrucosa, separated each into subcellular fractions by a microma-
nipulator, and analyzed the monosaccharide composition of the different
polysaccharide fractions by paper chromatography. From these studies it
was concluded that, in softwood tracheids, the outer part of the Sy layer
was richest in cellulose, whereas the S3 layer was richest in glucuronoara-
binoxylan and the glucomannan content gradually increased towards the
lumen. On the other hand, in hardwood fibers, the inner part of Sy and S3
were richest in cellulose, while S; and the outer part of Sy showed a high
glucuronoxylan content. Cété et al. (3) also investigated the polysaccha-
ride distribution in Abies balsamea tracheids according to the method of
Meier and obtained similar conclusions.

Larson (4,5) fed 1*CO; photosynthetically to Pinus resinosa, divided
the differentiating xylem into several fractions, and counted the radioac-
tivity of each cell wall component. From these studies, it was concluded
that as tracheid maturation occurred, xylose deposition increased, whereas
mannose remained relatively constant, and both arabinose and galactose
decreased considerably.

In recent years, Hardell and Westermark (6) scratched Picea abies tra-
cheids with tweezers, collected individual cell wall layers, and then analyzed
the average monosaccharide composition. Surprisingly, among the individ-
ual cell wall layers no significant difference in the mannose:xylose:glucose
ratio among individual cell wall layers was observed.

We have also studied polysaccharide deposition processes during cell
wall formation (7), by gas-liquid chromatographic analysis of fractions sep-
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arated by microfractionation and enriched in cells at different developmen-
tal stages. In that investigation, the differentiating system of Cryptome-
ria japonica was separated into twelve fractions and each had its neutral
monosaccharide content and type determined (Figs. 1 and 2). (Note that
glucose, mannose, and xylose are mainly derived from cellulose, mannans,
and xylans, respectively.) Thus, it was concluded that cellulose was mainly
deposited in the middle part of the S, layer, whereas hemicelluloses (man-
nans, xylan) were found mainly in the S; and the outer part of the S; and
S3 layers (Fig. 3). These results were further confirmed from our transmis-
sion electron microscopy (TEM) studies on differentiating xylem stained
with PATAg. This technique, developed by Thiéry (8), is specific for hemi-
celluloses and showed heavy staining of the S;, outer S, and Sj3 layers.
Interestingly, the warty layer was also heavily stained by PATAg, indicat-
ing it to be mainly composed of hemicelluloses.

We next investigated the incorporation of U-1*C glucose into the cell
wall polymers during cell wall formation (9). After incorporation of the
labelled sugar, the differentiating xylem of Cryptomeria japonica was sepa-
rated into 8 fractions, each of which was subjected to mild acid hydrolysis.
The monosaccharides, so released from the polysaccharides, were then sep-
arated by thin-layer chromatography (tlc) and the individual radioactivity
content for each sugar was visualized by autoradiography and measured
by scintillation counting. As can be seen from Figure 4, the distribution
of radioactivity into the individual sugars was in good agreement with our
previous analyses of the polymers, i.e., cellulose deposition mainly occurred
in the middle part of the S; to S3 developmental stage, whereas xylan de-
position was in the S; to early S; and again in the S3 developmental layers.
Mannan deposition occurred mainly during secondary wall formation rather
than during formation of the primary wall.

Lignification of Tracheids

The first study on lignification of conifer tracheids was carried out by
Wardrop (10). From examination of the differentiating xylem of Pinus
radiata under an ultraviolet microscope, he observed that lignification was
initiated at the cell corners of the primary wall, then extended to the mid-
dle lamella and secondary wall. Imagawa et al. (11) subsequently took
UV-photomicrographs of the differentiating xylem of Lariz leptolepis and
demonstrated that lignification proceeded as follows: lignin accumulation
begins in the intercellular layer at the cell corners and pit borders, then
extends to both radial and tangential middle lamella, and then towards the
lumen. Fujita et al. (12) investigated lignification of Cryptomeria japonica
compression wood by the same method. These authors found that there are
two types of lignin deposition processes: One was primary wall lignification
which occurred from the early phase of S; deposition to the early phase of
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Sa thickening; the other was secondary wall lignification which proceeded
after S, thickening.

Although UV-microscopy has provided much information on the ligni-
fication process and lignin distribution through the cell wall, it has been
of limited value because of its low resolving power as compared to electron
microscopy. Consequently, some workers, using specimens fixed with potas-
sium permanganate, studied lignification using TEM. In this way, Wardrop
(13,14) found that with Eucalyptus elaeophora, lignin formation was initi-
ated at the middle lamella of the cell corners, and subsequently at the outer
part of the S; layer. It then proceeded along the middle lamella, through the
primary wall, and ultimately to the secondary wall. Kutscha and Schwarz-
mann (15) also examined the lignification of Abies balsamea tracheids by
TEM and showed that it was initiated in the middle lamella between pit
borders of adjacent tracheids, and then extended into the pit borders and
cell corners. In cell corners, it occurred at either the outer portion of the
primary wall or the middle lamella. After that, lignification took place in
the cell corner region of the S layer, leaving the primary wall unlignified,
and then proceeded subsequently toward the lumen. This technique, using
permanganate fixation, can, however, cause swelling of both the cell and
the cell wall, and the extraction of many cell components. Indeed, Kishi
et al. (16) reported that the staining intensity produced by permanganate
does not reflect true lignin content, thus leaving the aforesaid results in
some doubt.

Saka and Thomas (17) also investigated the lignification of Pinus taeda
tracheids by the SEM-EDXA technique, and showed that it was initiated
in the cell corner middle lamella and compound middle lamella regions
during S; formation. Subsequently, rapid lignin deposition occurred in
both regions. Secondary wall lignification was initiated when the middle
lamella lignin concentration approached 50% of its maximum, and then
proceeded towards the lumen.

We (18-20) have also investigated the lignification process using Cryp-
tomeria japonica tracheids. Techniques employed were administration of
tritiated phenylalanine as a lignin precursor, followed by a combination of
UV-microscopy, light microscopic autoradiography, and TEM coupled with
appropriate chemical treatments of ultra-thin sections. Figure 5 shows
densitometer traces of UV-photonegatives of differentiating xylem. The
UV-absorption of the compound middle lamella was first detected in the
tracheid at the S; developmental stage, then increased during secondary
wall thickening, becoming constant after the Sz stage. On the other hand,
UV-absorption at the secondary wall was first observed at the outer por-
tion in the tracheid of the S, stage, then spread slowly towards the lumen
in subsequent stages. The tracheid in the final part of cell wall formation
showed uniform absorption through the secondary wall. From Figure 6,
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it is evident that the labelled lignin precursor was rapidly incorporated
into the compound middle lamella lignin, whereas it entered slowly into
secondary wall lignin. Additionally, incorporation into compound middle
lamella lignin took place during S; and S, developmental stages, while in-
corporation into secondary wall lignin occurred mainly after the S3 stage.
In the latter case, radioactivity was distributed throughout the secondary
wall. This indicated that monolignols were continuously supplied to all ar-
eas of the secondary wall. Thus, the lignin content in the secondary wall
gradually increased by repeated linking of monolignol radicals.

These findings were also supported by analysis of the lignin skeleton of
the differentiating xylem, obtained by treatment of ultra-thin sections with
hydrofluoric acid after resin extraction (20). This removes polysaccharides
effectively without any swelling of the cell wall. In this way, we found that
lignification in the Cryplomeria japonica tracheid was initiated at the outer
surface of the primary wall in the cell corners, just before S; formation.
Subsequently, it proceeded to the intercellular layer together with lignin
deposition in the intercellular substances between the cell corners. When
the tracheid was adjacent to a ray parenchyma, the cell corner region on
the ray parenchyma side was lignified earlier than that on the opposite one.
It was very interesting that secondary wall lignification was also initiated
at the S; cell corner region during the S; developmental stage. It then
proceeded to the unlignified S; layer. When the tracheid was adjacent to
a ray parenchyma, lignification of the S; layer was also earlier on the ray
side. After that, lignification gradually spread towards the lumen, lagging
behind cell wall thickening. Lignin deposition then predominated after the
Sa stage, while less active during the S;, S5, and S3 developmental stages.
The lignin content of the secondary wall became fairly constant in the
final stage of cell wall formation, though the warty layer was more highly
lignified.

Changes in Cell Organellae During Cell Wall Formation

The cell organellae in woody plants are the nucleus, mitochondrion,
rough-endoplasmic reticulum (r-ER), smooth endoplasmic reticulum (s-
ER), Golgi-body, plastid, vacuole, microbody, etc. Their functions are very
complicated, and some have definite roles in the biosynthesis of cell-wall
components. Hence, changes in size of cell organellae are likely to occur,
since cell-wall composition depends upon the stage of wall development.
We tried to estimate the size of the cell organellae in the cytoplasm,
excluding the vacuolar compartment. To do this, we took at random a
few hundred electron micrographs of cells in the differentiating xylem and
measured the area of each cell organelle in the cytoplasm by a digitizer
coupled to a microcomputer. We found not only changes in the area of
cell organellae in the cytoplasm, but also in their structure during cell
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wall formation. Figure 7 shows the results of semi-quantitative analysis
of the areas for each cell organellae during cell wall formation. It was
surprising that the Golgi-body, r-ER, and s-ER, showed appreciable changes
in area during cell wall formation. The area of the Golgi-body was largest
at the S, stage, and then gradually decreased in size with maturation of
the tracheid, whereas the r-ER was largest in the primary wall stage, and
then gradually decreased with cell wall formation. The s-ER, on the other
hand, was a minor organelle from the primary wall stage to the early part
of the S, stage, and then showed a gradual increase in area toward the S3
developmental stage. The most striking fact was that the enlargement of
the s-ER coincided with that of active lignification of the secondary wall.

Figure 8 shows the changes in the structure of cell organellae. The
photographs are typical structures in each differentiating stage. Note that
the Golgi-body consists of thin central cisternae and relatively small vesicles
during the primary wall stage. The central cisternae then become thick,
this being accompanied by the formation of many large vesicles containing
fibrillar material during the S; and S; developmental stages. After that,
the central cisternae became small in size, though the thickness was similar
to that of previous stages. Interestingly, this stage appears to be accompa-
nied by the formation of only a few vesicles, indicating depression of Golgi
activity.

Several reticula of the r-ER show an ordered arrangement and many
ribosomes are attached to their membrane during the primary wall devel-
opment stage. As maturation proceeds, the r-ER’s then gradually decrease
not only in number and length of reticula, but also in the number of ribo-
somes. The s-ER’s, on the other hand, become largest after the Ss stage,
and sometimes attach ribosomes at their terminals.

During primary wall formation the plastids contain starch and other
materials which stain heavily with uranyl acetate and lead citrate. When
the tracheid starts to form the S; layer, the plastid becomes surrounded by
an endoplasmic reticulum. While the fate of these compounds is unknown,
it can be envisaged that they are used for generation of energy and/or a
source of cell wall materials.

Cell Organellae Involved in Biosynthesis of Polysaccharides

Though cellulose is one of the most important biopolymers, it has not yet
been possible to completely elucidate its biosynthetic pathway, or establish
exactly the cell organellae involved in its synthesis. However, during the
last decade, the freeze fracture technique has been applied to investigate cell
wall formation, and this has produced much information on the site where
cellulose synthesis occurs. It is now generally accepted that both termi-
nal and rosette complexes are responsible for cellulose synthesis (21). Our
results (19,22) support that view. In a TEM-autoradiographic investiga-
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Figure 7. Semi-quantitative measurements of cell organellae in the cyto-
plasm.
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Figure 8. Changes in the structure of cell organellae during cell wall for-
mation. Upper, middle, and lower photographs are Golgi-body, r-ER, and
plastid, respectively. Abbreviations are as follows: P, primary wall stage;
S2E, early part of S, stage; Sar, later part of S, stage.
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tion of differentiating xylem, previously administered tritiated glucose, the
radioactivity was concentrated at the boundary between the newly formed
cell-wall and the cytoplasm in the middle and latter parts of the S, stage. A
comparison with Figure 4 indicates that a major component of the labelled
materials in these areas was in the cellulose polymer, and hence glucose de-
rived. From a cytochemical investigation, fibrillar materials having a width
of 6-7 mm were sometimes observed, these being generated from the plasma
membrane (Fig. 9). They had similar dimensions to cellulose microfibrils
from gelatinous layers of Populus euramericana as shown by Sugiyama et
al. (23), thereby indicating the involvement of the plasma membrane in
cellulose synthesis.

The biosynthesis of cell wall polysaccharides has also been studied by
cytochemical staining methods. PATAg staining (8) resulted in establish-
ing cell organellae involved in the biosynthesis of many polysaccharides.
Pickett-Heaps (24) adapted this staining procedure to the root tips and
coleoptiles of Triticum vulgare seedlings. In this way, he showed that Golgi-
cisternae and their vesicles were stained positively, whereas ER cisternae
stained negatively. This led to the conclusion that Golgi-bodies were in-
volved in the biosynthesis and/or transport of polysaccharides. These re-
sults were confirmed again in later studies by Fowke and Pickett-Heaps (25)
and Ryser (26). In recent years, Sugiyama et al. (27) observed the Valonia
macrophysa cell-wall by means of selective visualization and chemical anal-
ysis of cell-wall components. The authors found that the materials stained
positively with PATAg, or a combination of uranyl acetate and lead citrate,
were non-cellulosic polysaccharides.

We have also applied the PATAg staining to the differentiating xylem of
Cryptomeria japonica (22). While the contents in the Golgi-vesicles stained
positively at all stages of cell wall formation, there were three main obser-
vations. During primary wall formation, the Golgi-vesicles were small and
their contents only stained weakly. After that, the vesicles became larger
and the components which showed fibrillar structures were strongly stained.
Following the Sj stage, the contents again stained weakly, and had a slimy
appearance. This presumably (i) reflects changes in non-cellulosic polysac-
charide composition and (ii) suggests that the Golgi-bodies are involved in
the biosynthesis of non-cellulosic polysaccharides.

Figure 10 shows small circular vesicles which were distributed at the
end of the r-ER cisternae and between the cisternae, and which were some-
times attached to the ER membrane. As the size and the shape of these
vesicles (75 nm in mean diameter) were different from those of Golgi-vesicles
(130 nm in mean diameter), the small circular vesicles were presumably de-
rived from r-ER; they also stained positively with PATAg. These facts
suggest that the small circular vesicles from the ER are involved in the
biosynthesis and for transport of non-cellulosic polysaccharides.
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Figure 9. A tracheid in the S; stage. Fibrillar materials (arrows) are gener-
ated from the plasma membrane. (Reproduced with permission from Ref.
22. (© 1986, Japan Wood Research Society.)
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Figure 10. A differentiating tracheid stained with PATAg. Small circular
vesicles (arrowheads), distributed near the ER are stained positively. The
Golgi-vesicles are also stained positively. Abbreviations are as follows: GV,
Golgi-vesicle; ER, endoplasmic reticulum. Scale bar is 500nm. (Reproduced
with permission from Ref. 22. © 1986, Japan Wood Research Society.)
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Cell Organellae Involved in the Biosynthesis of Lignin

Only a few workers have attempted to identify the cell organellae involved
in the biosynthesis of lignin. Pickett-Heaps (28) observed lignification in the
xylem wall of wheat coleoptiles and suggested the involvement of both the
Golgi-bodies and r-ER, since radioactivity was distributed on both organel-
lae. More recently, Fujita et al. (29) studied lignification in compression
wood cell walls of Cryptomeria japonica by TEM-autoradiography. Like
Pickett-Heaps, they concluded that the Golgi-bodies participated in lignin
biosynthesis.

Wardrop (13,14) examined sclerenchyma fibers of Liriodendron tulip-
ifera and sclereids of Pyrus communis, previously fixed with KMnQy,, and
concluded that the vesicles supplied their contents to the cell wall, though
the origin of the vesicles was not established. As discussed before, however,
permanganate fixation is undesirable for these cytological observations.

Consequently, we administered tritiated phenylalanine, a lignin precur-
sor, to the differentiating xylem of Cryptomeria japonica, and determined
the location of the label by TEM-autoradiography (30). The radioactivity
was located on the compound middle lamella, including the cell-corner re-
gions from the final part of the primary wall stage to the early part of the S,
developmental stage. Corresponding to these stages, the radioactivity was
distributed on Golgi-bodies which secreted many vesicles, and r-ER’s (Fig.
11). Radioactivity was abundantly located on the secondary wall from the
S3 stage to the completion of secondary wall lignification. Radioactivity
was also located on s-ER’s (Fig. 12). The radioactivity on the cell wall co-
incided with lignin deposition, as evidenced by UV-microscopy and TEM.
These results therefore suggest that the Golgi-body, r-ER, and s-ER are all
involved in the biosynthesis of lignin. However, since it is well known that
the r-ER is a site of protein synthesis, some phenylalanine may be used for
this purpose. On the other hand, the Golgi-bodies secrete many vesicles
during active lignification of the compound middle lamella and secondary
wall. The administered lignin precursor may, therefore, be incorporated
into the Golgi-body directly or via other organellae, and then converted
into monolignols via enzymatic conversion. The monolignols can then be
secreted into the cell wall by exocytosis of the Golgi-vesicles. Many s-ER’s
also appear in the cytoplasm and these sometimes fuse to the plasma mem-
brane at the Sj stage. Thus, lignin precursors may also be converted into
monolignols at the lumen or the membrane of s-ER’s, and then secreted
into the cell wall by fusion of s-ER to the plasma membrane.
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Figure 11. A tracheid in the early part of S, stage. Radioactivities are
observed on the Golgi-bodies and compound middle lamella.

Figure 12. A tracheid after Sz stage. Cytoplasm is filled with s-ER’s. Ra-
dioactivity is distributed on the s-ER’s and secondary wall.
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Concluding Remarks

It is evident that deposition processes for cellulose and hemicelluloses in
conifer tracheids are quite different, i.e., cellulose is mainly deposited in the
middle part of the S; developmental stage, whereas hemicellulose deposition
occurs from the S; to the early part of the S; stage, and then during
the latter part of the S, to S3 stages. As a result, the secondary wall
shows a heterogeneous distribution of polysaccharides. Lignin deposition
lags behind the polysaccharide formation. The most striking fact is that
the monolignols, which are synthesized in the cytoplasm and secreted to the
inner surface of the newly formed cell wall, pass through the pre-existing cell
wall and reach the sites where lignification is proceeding. There is, however,
no information as to how this transport actually occurs. Moreover, the
intermolecular relationships between cellulose, hemicelluloses and lignin in
the cell wall are still unclear.

Our electron microscopy observations have revealed some of the roles
of cell organellae involved in biosynthesis of cell wall components: (i) the
plasma membrane is the site of cellulose synthesis. This supports the pro-
posal that terminal and rosette complexes at the plasma membrane are
responsible for cellulose synthesis. (ii) The Golgi-bodies and small circular
vesicles derived from the r-ER’s are involved in the biosynthesis and/or
transport of the hemicelluloses. Our investigations, however, could not
distinguish between what type of cell organellae contained what kind of
hemicelluloses, and how these polymers were processed in the organellae.
(iii) The Golgi-bodies and s-ER’s participate in the biosynthesis and/or
transport of monolignols. It is expected that new techniques of both elec-
tron microscopy and biochemistry will improve our knowledge of the precise
sites where enzymatic reactions leading to lignin formation occur.
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Chapter 5

Phenylpropanoid Metabolism in Cell Walls

An Overview
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Cell walls are major sites in which products of the
phenylalanine-cinnamate pathway accumulate. These
metabolites are found in cell walls in the form of
(1) monomers, e.g., wall-esterified and ether-linked hy-
droxycinnamic acids, (2) dimers, e.g., didehydroferulic
acid, 4,4’-dihydroxytruxillic acid, and (3) polymers, e.g.,
lignin, suberin. The distribution of these metabolites is
characteristic of a particular group of plants, organs or
tissues. There appear to be at least five types of reactions
involved in the further conversion of phenylpropanoids
in cell walls: (1) photochemical coupling, (2) E/Z iso-
merizations, (3) free-radical coupling reactions catalyzed
by peroxidase, (4) hydrolysis of monolignol glucosides to
their aglycone forms by #-glucosidases and (5) esterifi-
cation of hydroxycinnamic acids. These reactions are
reviewed in relation to cell wall structure.

A fascinating assortment of phenylpropanoids are contained within vascular
plant cell walls and their vacuoles (1-6). In the cell walls, these substances
(mainly lignins, suberins and covalently-linked hydroxycinnamic acids) are
normally an integral part of the complex wall structure (7-9). In terms
of function, lignins are required principally for mechanical support, but
both they and suberins can also act as barriers to diffusion (9,10) and
microbial invasion (11,12). On the other hand, the situation for wall-bound
hydroxycinnamic acids remains unclear. Several roles have been suggested
but not_proven, e.g., in regulating cell-wall extension (3,5,7), as a defense
rlr;;chamsm agamst invading plant pathogens (5), and in lignification (13-

Surprisingly, little attention has been paid to (i) the mechanism of
phenylpropanoid transport from the cytoplasm into the cell wall and (ii)
subsequent chemical and biochemical modifications within the cell wall

0097—-6156/89/0399-0068$06.00/0
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structure. Studies of this type are urgently needed if we are to define the
regulatory processes controlling cell-wall development; such investigations
may, in turn, enhance our understanding of the structural and physiological
functions of these metabolites.

Unfortunately, our knowledge of the transport mechanism is currently
insufficient for a detailed discussion. The primary mechanism can probably
be explained in terms of the “endomembrane theory” (16,17), i.e., phenyl-
propanoid monomers are transported via vesicles to the plasma membrane,
and are then released into the cell wall following membrane fusion. How-
ever, more extensive experimental evidence is needed to unambiguously
establish the detailed mechanism(s) involved.

As regards the second topic, namely that of phenylpropanoid reactions
within plant cell walls, a more comprehensive discussion is possible and also
timely, due to the recent increase in interest in this area. For the purpose
of this review, the phenylpropanoids present in plant cell walls are first
classified according to structural complexity (monomers, dimers, polymers,
etc.), following which their main reactions are discussed.

1. Classification of Phenylpropanoids in Plant Cell Walls

The phenylpropanoids can be classified into two major groups, the first of
which contribute to a broad class of compounds described as extractives.
These compounds are non-structural entities of wood and bark tissue, and
many originate in the vacuoles. As discussed in some detail by Hillis (18),
some extractives (e.g., tannins) may diffuse into the cell wall matrix follow-
ing rupture of the tonoplast. Another important group of phenylpropanoids
are the normally dimeric lignans. Ubiquitous in nature and structurally
very diverse, it is intriguing that within a given plant species the stere-
ochemistry of most lignans is normally very well defined. (This suggests
that the mechanism for their formation differs radically from that normally
proposed for the closely-related polymeric material, lignin.)

The second group of phenylpropanoids, which is the main emphasis
of this chapter, consists of those components which are integrated into the
cell wall framework. This group can be subdivided into three categories;
monomers, such as hydroxycinnamic acids, dimers, such as didehydrofer-
ulic and 4,4’-dihydroxytruxillic acids, and polymers, such as lignins and
suberins. It is important to emphasize, at this juncture, that the dimers
(4,5) and polymers (8,9) discussed in this chapter are considered to be
formed within the cell walls from their corresponding monomers.

1.1 Monomeric Phenylpropanoids

(a) Hydrozycinnamic Acids. Many angiosperms, particularly those belong-
ing to the Gramineae of the monocotyledons (2-5,13), and the Caryophyl-
lales of the dicotyledons (19), contain hydroxycinnamic acids linked to cell
walls via ester-bonds. Recently, Harris and Hartley conducted a system-
atic histochemical survey of cell-bound hydroxycinnamic acids of over 350
angiosperm plant species, including some woody plants, and the reader is
referred to these papers for more detailed information (20,21). Surprisingly,
no published data for gymnosperms is yet available.
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Hydroxycinnamic acids can be specifically visualized in plant tissue
by their characteristic blue fluorescence when exposed to near ultraviolet
light, and a green fluorescence following exposure of the tissue to ammonia
(22-24). This fluorescence is particularly intense in the epidermal layers,
vascular tissues and the stomata of grass leaves (24).

The most common hydroxycinnamic acids found in cell walls are fer-
ulic 1 and p-coumaric 2 acids, and these are predominantly in their E-
configurations. They can readily be released from the cell walls of grasses
by saponification. While the amount of ferulic acid 1 liberated in this way
normally ranges from 2-10 mg per gram dry cell walls (24-29), the amounts
of p-coumaric acid 2 can vary even more markedly depending upon the
tissue (see Table I) or the species under investigation (26). In addition
to these acids, 5-hydroxyferulic acid 3 and trace amounts of sinapic acid 4
have also been isolated from the cell walls of corn and barley seedlings (29).
Indeed, the recent isolation of 5-hydroxyferulic acid 3 (29), and the enzyme
responsible for its formation (30), has confirmed the biosynthetic pathway
to sinapic acid 4, i.e., sinapate formation occurs via direct methylation of
5-hydroxyferulate 3.

Table I. Wall-Esterified Hydroxycinnamic Acids in Various Tissues of 2-
Week Old Maize (Zea mays cvs 259)

Hydroxycinnamic Acids
(pmol/g dry cell wall
and their Z/E ratios)

Ferulic Acids p-Coumaric Acids

Tissue E Z Z/E E Z Z/E
Roots* 56.8 00 — 69.1 0.0 —
Mesocotyls 76.2 00 — 99.0 0.0 —
Nodes 453 1.3 0.03 70.2 0.2 0.003
Coleoptiles 319 54 0.17 34 03 0.09
Primary Leaves

blade 20.9 9.7 0.46 6.5 1.5 0.23

sheath 21.6 4.8 0.22 25.7 1.9 0.07
Secondary Leaves

blade 29.4 11.8 0.40 17.5 2.5 0.14

sheath 36.2 3.3 0.09 340 1.0 0.03
Tertiary Leaves 249 7.0 0.28 13.7 1.6 0.12

Crown roots are not included. Each value corresponds to the mean of
duplicate experiments. Hydroxycinnamic acid determinations essen-
tially followed the procedure of Yamamoto and Towers (25).

The cell wall polymers to which the hydroxycinnamic acids 1-4 are
known to be covalently bound are the matrix polysaccharides (31-34), lignin
(26,35), and suberin (10). As far as the polysaccharides are concerned, it is
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becoming recognized that these attachments are highly specific. This was
established by enzymatic digestion of entire cell walls or purified matrix
polysaccharides to yield either feruloylated or p-coumaroylated oligosaccha-
rides. For instance, treatment of the cell walls of barley straw with Ozy-
porus cellulase afforded O-[5-O-(trans-p-coumaroyl)-a-L-arabinofuranosyl]-
(1—3)-0-B-D-xylopyranosyl-(1—4)-D-xylopyranose 5 (PAXX) and O-[5-
O-trans-feruloyl-a-L-arabinofuranosyl}-(1 — 3)-O-3-D-xylanopyranosyl-
(1—4)-D-xylopyrancse 6 (FAXX) (32). Similarly, FAXX was also isolated
from bagasse (33) and from Zea shoots (34). Thus ferulic acid 1, and prob-
ably some p-coumaric acid 2, are specifically esterified to the arabinose
residues of the matrix polysaccharides in plants of the Gramineae.

Not all hydroxycinnamic acids, however, are associated with the
polysaccharides, since lignin (26,36) and suberin (10) have also been re-
ported to be esterified with these acids. For lignin, this was established
as follows: Higuchi and co-workers saponified isolated milled wood lignin
preparations of Miscanthus saccharifloyus (and other graminaceous plants)
with cold alkali. This resulted in the release of p-coumaric acid 2, cor-
responding to 3-10% by weight of lignin, together with small amounts of
ferulic acid 1 (26). Interestingly, the ratio of p-coumaric acid 2 to ferulic
acid 1 liberated in this way was 3-23 times higher than that released from
the original plant material following cold alkaline treatment. This suggested
that, at least for these plants, more p-coumaric acid 2 was linked to lignin
than to the matrix polysaccharides.

The chemical nature of the ester-linkages of p-coumaric acid 2 to grass
lignin has not yet been rigorously established. This is because (a) there
is no known method to obtain identifiable oligomeric lignin fragments con-
taining ester-linked hydroxycinnamic acids (e.g., by enzymic digestion) and
(b) many grass lignin preparations are often contaminated with polysaccha-
rides, which may also contain covalently-linked p-coumaric acid 2 (37-39).

Nevertheless, Nakamura and Higuchi (40,41) attempted to solve this
problem by comparing the stability to acidolysis of p-coumarate linkages in
isolated bamboo milled wood lignin, to those formed with veratryl alcohol
7 and 3,4-dimethoxypropen-2-ol 8, respectively. Those model compounds
were chosen since they were considered to adequately represent benzyl alco-
hol (C4) and hydroxymethyl (C,) environments within the lignin polymer.
From this study, it was suggested that ~ 80% of all p-coumarate linkages to
lignin may involve esterification with terminal hydroxymethyl (Cv) groups,
with the remainder attached to benzylic alcohol (C4) functionalities. To
account for the formation of these linkages to lignin, it has been proposed
that either activated forms of hydroxycinnamic acids, such as p-coumaryl
CoA, or preformed esters (such as 9) are translocated from the cytoplasm
into the cell wall. If so, such intermediates could be subsequently incorpo-
rated into lignin during polymerization (41).

In addition to ester-linkages, hydroxycinnamic acids can also be cova-
lently linked to cell wall components via phenyl ether bonds. While this
has only been demonstrated for wheat ( Triticum aestivum L.) straw lignin
(14), this finding is of importance since it clearly establishes the bifunc-
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tional nature of these molecules, and hence their potential as cross-linking
agents.

(b) Monolignols and their Glucosides. Plants often contain minute quan-
tities of the three monolignols, p-coumaryl, coniferyl and sinapyl alcohols.
These are found mainly in the cambial sap, and hence, strictly speaking,
are extractives. In general, they are assumed to have E-configurations (i.e.,
alcohols 10-12 respectively), although this has only rarely been verified.

Currently, the mechanism by which the monolignols are transported
from the cytoplasm into the cell wall is not well understood. This is because
there is still some confusion as to whether they are transported directly, or
via their glucosidic conjugates (E-coniferin 13, E-syringin 14) or both (see
Figure 1). Whatever the case may be, E-monolignols seldom accumulate
in woody tissue, but are instead essentially incorporated completely into
the lignin framework (42,43). Note also that the glucoside transportation
hypothesis is enigmatic, since these substances apparently have limited dis-
tribution throughout woody plants. For example, (i) in gymnosperms, E-
coniferin 13 only accumulates in a few species (8,9); and (ii) in the case of
angiosperms, E-monolignol glucosides 13 /14 appear to be mainly restricted
to the Magnoliceae and Oleacea families (44). Consequently, at this point,
we are unable to distinguish whether these glucosides are actively involved
in monolignol transport, or whether they serve simply in a storage function
(9,45-46).

Until recently (43), only E-monolignols were considered to be involved
in the process of lignification. This concept of exclusivity presumably arose
from the following observations: stereospecific deamination of phenylal-
anine, by phenylalanine ammonia lyase (PAL), affords E-cinnamic acid
(45,47), and some of the enzymes involved in monolignol biosynthesis show
a marked preference for the E-isomers (48,49). Such exclusivity may not
exist, since in American beech (Fagus grandifolia Ehrh) bark only the
Z-monolignols 17,18 and their glucosides 19-21 (50) are present. Inter-
estingly, although Z-isoconiferin 20 was found in this plant, we have not
yet detected Z-isosyringin 22. Additionally, the corresponding E-isomers
11-16 were not detected. One possible explanation for the absence of E-
monolignols is that they are exclusively used for lignin formation, whereas
the Z-isomers are not.

In order to address such questions, we are examining the formation
and role of the Z-monolignols in beech bark (49). By means of appro-
priate radiotracer experiments, we established that the biosynthetic path-
way to the Z-monolignols occurred as follows: phenylalanine first gave the
E-monolignols, which then underwent isomerization to afford the corre-
sponding Z-isomers. Note that while the E/Z isomerization of monolignols
10-12, 17-18 and their glucosides 13-15, 19-21 could be photochemi-
cally initiated under suitable conditions (51), no such conversions occurred
during the radiotracer experiments carried out. These results suggest the
mediation of a specific E/Z monolignol isomerase. At present, it is not
known whether this isomerization occurs in the cytoplasm or in the cell
wall, although the former situation is more likely.
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Next, came the important finding (52) that a crude glucosyl trans-
ferase preparation from beech bark displayed a strong substrate specificity
for Z-coniferyl alcohol 17 (i.e., only the Z-monolignol 17, and not the cor-
responding E-isomer 11, was glucosylated to give Z-coniferin 19). Indeed,
the E-monolignol 11 was not even converted into E-coniferin 13. It will
now be of interest to establish whether the Z-monolignols (or their gluco-
sides) are transported into the cell wall of beech bark, and whether they
are incorporated into the lignin polymer.

1.2 Dimeric Phenylpropanoids

Dimeric forms of ferulic and p-coumaric acids also occur in bound form
within plant cell walls. The most common of these is didehydroferulic acid
23, which has been isolated from some plants of the Gramineae (53,54)
and spinach cell cultures (7). While no such p-coumaric acid 2 derived
dimer (i.e., C5-Cs linked) has ever been reported, cell walls of Lolium
multiflorum contain another intriguing structural variation, namely 4,4'-
dihydroxytruxillic acid 24 (5,55).

1.3 Polymeric Phenylpropanoids (Lignins, Suberins)

Lignins and suberins are complex phenylpropanoid polymers deposited in
plant cell walls. Lignins are often described as dehydrogenative polymers
of the three E-monolignols, i.e., p-coumaryl 10, coniferyl 11, and sinapyl
12 alcohols. Depending upon the plant species (or tissue) in question (8),
the ratio of the monolignols in the lignin polymer can vary dramatically.
For example, gymnosperm lignins are derived from ~ 80% of coniferyl al-
cohol 11 units, with the remainder consisting of p-coumaryl alcohol 10
derived moieties. With angiosperms, sinapyl alcohol 12 is also involved.
Cereals and grasses have an additional complication due to the presence of
covalently-linked hydroxycinnamic acids.

Suberin is a composite of polymeric phenylpropanoids and ester-linked
long chain fatty acids and alcohols and consists of a hydrophobic layer
attached to the cell walls of roots, bark and the vascular system (8,10). The
phenylpropanoid portion of suberin purportedly has a lignin-like structure
to which both aliphatic domains and hydroxycinnamic acids are esterified.

Because of their complexity, the structures of lignin and suberin can
only be approximated. (Additionally, there is no known method of isolating
lignin in its intact, or native, state.) We are currently overcoming such
limitations by administering C-13 specifically labelled lignin precursors to
intact growing plants, and subsequently monitoring the bonding patterns
tn situ by solid state C-13 nuclear magnetic resonance spectroscopy. To
date, these experiments have enabled us to examine the bonding patterns of
lignin in situin T. aestivum (56), L. leucocephala (15,57,58) and N. tabacum
(unpublished results). A similar strategy can potentially be developed for
suberin.
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2. Reactions of Phenylpropanoids in Plant Cell Walls

There are at least five types of phenylpropanoid related reactions which
appear to occur in plant cell walls. Two are UV-mediated photochemical
reactions, and hence may be restricted only to the first few layers of cells
under the plant surface due to poor penetrability of the light (3). The other
reactions appear to be enzymatically mediated, and result in the formation
of dimers or polymers from the corresponding monomeric units.

2.1 Photochemical Reactions

(a) E/Z Photoisomerization. It is now well-established that cell walls of
grasses (such as Lolium and Phleum), grown under normal lighting con-
ditions, release both E- and Z-isomeric forms of hydroxycinnamic acids
during alkaline hydrolysis (27). A similar observation has been noted for
barley and corn seedlings (3,25). Interestingly, the Z-isomers were only
present in the aerial parts of these plants (Table I) and were not detected
in any tissue grown in the dark. However, subsequent exposure of etiolated
barley seedlings to UV-A light (320-400 nm) resulted in the formation of
Z-ferulic acid 1 in primary leaves and coleoptiles (25). It was also shown
that the amount of the Z-isomer increased until the light was extinguished,
or until the reaction had reached a photostationary state. Additionally,
the Z-isomer content remained constant during the post-irradiation growth
period, while the E-isomer continued to increase. These results strongly
suggest that (i) E/Z isomerism of hydroxycinnamic acids is photochemi-
cally initiated, and (ii) that Z-ferulic acid, once formed, is metabolically
stable. While the physiological significance of this photoisomerization re-
mains unknown, its possible involvement in phototropic events was recently
proposed (3).

(b) Photochemical Coupling. Recently dimers of p-coumaric acid, such
as 4,4'-dihydroxytruxillic acid 24, have been identified in the alkaline hy-
drolyzate of cell walls of Lolium multifiorum and are therefore presumably
ester-bound (5,55). Since this compound can be readily photochemically
synthesized from E-p-coumaric acid 2 (55,59), its formation tn wive pre-
sumably occurs via photocycloaddition of two p-coumaric acid moieties.

Such reactions may be of considerable significance. This is because,
if two pendant p-coumarate linkages (or related molecules) are attached to
two adjacent polysaccharide chains, an effective means of cross-linking via
photochemical coupling could be achieved. However, there is no evidence
at present to indicate that these dimers function as either intermolecular
or intramolecular cross-linking reagents.

2.2 Enzymatic Reactions Involving Phenylpropanoids in Plant
Cell Walls This section describes reactions which are all presumably
enzyme-mediated. These are (a) action of fB-glucosidases to regenerate
monolignols from their corresponding glucosides; (b) peroxidase-catalyzed
polymerizations, in the presence of HyO3, to afford lignins and suberins;
and (c) tentative evidence for the existence of an enzyme catalyzing the
attachment of hydroxycinnamic acids to structural polysaccharides. As far
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as (-glucosidases and peroxidase isozyme forms are concerned, it should be
noted that these have rather broad substrate specificities. Hence it has been
difficult to assign specific physiological functions to particular isozymes.

(a) B-Glucosidases. Originally, Freudenberg proposed that monolignol glu-
cosides functioned as a means of monolignol transport from the cytoplasm
into the cell wall (60). The monolignols would then be regenerated via
action of a f-glucosidase. However, in a subsequent study using spruce
(P. abies) hypocotyls, Marcinowski and Grisebach (9,61) reported that the
rate of coniferin turnover was relatively slow compared to that of lignin
deposition, i.e., the glucoside transport hypothesis could not account for
all monomer transport.

Immunofluorescence techniques have been used to establish the sites
of localization of f-glucosidases in spruce hypocotyls (9,61) and chickpea
(Cicer arietinum L.) seedlings (46,62,63). In these investigations, the §-
glucosidases were associated with lignified elements (tracheids and endo-
dermis tissue), as well as those containing suberin and cutin.

Interestingly, S-glucosidase activity has also been observed in plant cell
culture (62, 63), although no precise correlation with lignification could be
made. For example, with chick pea cell cultures, substantial #-glucosidase
activity was noted prior to the onset of lignification, and even under condi-
tions where lignin deposition was inhibited by 2 ,4-dichlorophenol (2,4-D).
This enzymic activity then essentially doubled during tracheid formation
and lignin formation (as evidenced by a positive phloroglucinol-HCI test).
The question remains though as to whether this f-glucosidase activity is
essential for lignification to occur.

The substrate specificities of purified J-glucosidases from various
sources have also been investigated, and the results obtained were also am-
biguous (9). For chick pea cell cultures, the enzyme showed a strong prefer-
ence for coniferin over syringin, with V/Km ratios of 125 and 6 respectively.
On the other hand, the purified 3-glucosidase from spruce hypocotyls was
capable of hydrolyzing both coniferin and syringin (V/Km ratios of 111
and 67, respectively). These were unexpected findings since spruce, a gym-
nosperm, does not produce syringin, whereas chick pea presumably does. It
will also be of interest to establish the S-glucosidase substrate specificities
in beech bark for the Z-monolignol glucosides 19-21 previously described,
and compare these with their E-counterparts.

(b) Perozidases. Plant peroxidases are known to exist in multiple (isozyme)
forms. Of these isozymes, some cell-wall bound peroxidases in the presence
of HyO4 are considered to initiate numerous free-radical coupling reactions
(of plant phenolics) in cell walls, e.g., in the formation of didehydrofer-
ulic acid 23, the attachment of hydroxycinnamic acids to other cell-wall
structural components, and in lignin/suberin formation.

Didehydroferulic Acid 23 Formation. It should be noted that no direct
evidence has ever been obtained in vivo to prove that didehydroferulic acid
23 is formed via free radical coupling reactions. This mechanism is as-
sumed, since in vitre incubation of ferulic acid 1 and wheat pentosan, with
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horseradish peroxidase/H,Q0,, affords didehydroferulic acid 23 covalently
linked to the polysaccharides (53). As before for 4,4’-dihydroxytruxillic
acid 24, the formation of these dimers has been envisaged as a mecha-
nism for cross-linking polysaccharide chains to which adjacent ferulic acid
1 moieties are attached (5,7,19,64,65). However, this hypothesis still awaits
experimental verification.

Attachment of Hydroxycinnamic Acids to Structural Cell Wall Poly-
mers. Peroxidase mediation may also result in binding the hydroxycinnamic
acids to the plant cell wall polymers (66,67). For example, it was reported
that peroxidases isolated from the cell walls of Pinus elliottii catalyze the
formation of alkali-stable linkages between [2-14C] ferulic acid 1 and pine
cell walls (66). Presumably this is a consequence of free-radical coupling
of the phenoxy radical species (from ferulic acid 1) with other free-radical
moieties on the lignin polymer. There is some additional indirect support
for this hypothesis, since we have established that E-ferulic acid 1 is a
good substrate for horseradish peroxidase with an apparent Km (77 uM),
which is approximately one fifth of that for E-coniferyl alcohol (400 M)
(unpublished data).

A second mechanism is also possible for the introduction of covalent
linkages between hydroxycinnamic acids and lignin. For example, during
the free-radical coupling reactions of monolignols, the initial products are
the transient quinone methides which can react subsequently with nucleo-
philic reagents such as ferulic 1 or p-coumaric 2 acid. Such reactions have
been shown to occur in vitro (67), where transient quinone methides readily
react with either phenolate anions (from the methyl esters of p-coumaric
and ferulic acids), or the corresponding carboxylate anions. In such cases,
this would lead to arylbenzyl ethers (so-called a-O-C) and benzylic esters
respectively. This could account for some of the ester-bonding patterns
reported for grass lignins at C, (40,41).

If such reactions between cell-wall bound hydroxycinnamic acids and
monomers can indeed occur in vivo, this would provide an excellent mech-
anism for initiating lignin formation at specific points on polysaccharide
chains. As shown in Figure 2, we propose that cell-wall bound hydroxy-
cinnamic acids can undergo either free radical coupling (pathway A) or
nucleophilic (pathway B) reactions. In such a way, the wall-bound hydroxy-
cinnamic acids may function as “anchors” for lignification to occur. It is
important to note that this mode of cross-linking differs substantially from
conventional views on lignin-carbohydrate complex formation between the
two preformed polymers (8).

Lignin and Suberin Formation. By far the most important peroxidase-
mediated reaction involves that of the dehydrogenative polymerization of
the monolignols (e.g., 10-12) leading to lignin. However, not all peroxi-
dase isozymes catalyse this polymerization equally well (68-70). Addition-
ally, with Populus euroamericana xylem tissue, it has been reported that
a specific peroxidase is produced, at or around the onset of lignification,
for the purpose of lignin formation (71). This isozyme, readily visualized
on either electrophoretic gels as a fast migrating band or in lignified plant
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Figure 2. Hypothetical role of cell-wall bound hydroxycinnamic acids as
“anchors” for lignification.
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tissue, by the action of HyO4/syringaldazine (72), has been given the name
syringaldazine oxidase (73). Interestingly, when syringaldazine was used
for histochemical staining of cross-sections of wood-specimens, a more in-
tense staining was observed with angiosperms than for gymnosperms. To
account for these differences in staining intensity, it is conceivable that sy-
ringaldazine oxidase plays a more significant role in the polymerization of
sinapyl alcohol 12 moieties into angiosperm lignin. Note also that specific
lignin-catalyzing peroxidases have been reported for the gymnosperm, Lariz
decidua (74), and the annual plant, tobacco (Nicotiana tabacum) (75).

In order to prove that specific isozymes are, in fact, involved in lignin
formation, each must first be purified to homogeneity and subjected to ap-
propriate immunochemical and kinetic investigations. Some cautious opti-
mism for the resolution of this problem can be hoped for, since an antibody
of the isozyme from Nicotiana tabacum has been obtained and its cDNA
cloned (75). It is to be hoped that the following can now be determined:
(i) the precise location of the specific peroxidase isozyme in the cell wall;
(ii) the timing of its appearance during the course of lignin formation; and
(iii) its homology compared to other isozymes.

Another question that needs to be resolved is whether the Z-monolig-
nols, previously mentioned, are involved in lignin formation in beech bark.
In this regard, we have shown, in preliminary experiments in vitro, with
horseradish peroxidase and H,O3, that a synthetic dehydrogenatively poly-
merized lignin can be formed from either Z or E-coniferyl alcohols (43). This
suggests that the stereospecificity of the enzyme is not strict, with respect
to E or Z configuration, and that either monolignol can be used. However,
a more detailed investigation is needed to establish whether this is the
case for peroxidase from beech bark. The suberization process in wounded
potato tuber tissue (Solanum tuberosum L.) has also been investigated. In
a similar manner to that for lignin, it was found that a temporal and spa-
tial correlation could be made regarding suberization and the appearance
of a specific isoperoxidase (76). More recently, indirect immunochemical
staining (using a rabbit antiperoxidase and a goat antirabbit antibody, la-
belled with fluorescein or rhodamine), revealed that this suberin-specific
peroxidase was localized on the innersides of actively suberizing walls (77).
Other studies revealed some of the properties of this isozyme (78).

In short, the current body of evidence suggests that specific isozymes
are involved in both lignin and suberin formation.

(c¢) Evidence for Hydrorycinnamic Acid Transferases. It is now well es-
tablished that hydroxycinnamic acids are covalently linked to the matrix
polysaccharides, and that such attachments are specific (19,32-34). At least
two possibilities exist for the attachment of hydroxycinnamic acids to these
polysaccharides. In the first case, feruloylation could occur intracellularly,
with the preformed feruloylated polysaccharides then transported directly
into the cell wall. This possibility is favored by Fry, for feruloylation of
spinach cell walls in cell culture (19).

On the other hand, the current evidence accrued to date for feruloy-
lation of the matrix polysaccharides in barley coleoptiles appears to fa-
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vor an extracellular reaction. This working hypothesis is based on the
following observations or arguments: if barley coleoptile matrix polysac-
charides are feruloylated within the cytoplasmic membrane, then it might
be expected that both ferulic acid and arabinose will display similar ki-
netics. This is not observed (25). In contrast, a temporal difference is
observed between arabinose and ferulic acid deposition into the cell walls,
i.e., an increased rate of arabinose deposition into the cell wall follows that
of wall growth. On the other hand, feruloylation begins only when the
cell wall weight increase is in an exponential phase, and continues even
though no measurable gain in the dry weight of the walls occurs. This sug-
gests, but does not prove, that feruloylation occurs within the cell wall. If
esterification between ferulic acid and the arabinose residue of a preformed
polysaccharide occurs within the cell wall, then a mechanism requiring a
cell-wall enzyme to catalyze feruloylation would be required. From an en-
ergetics standpoint, transesterification of an activated feruloyl moiety to
an arabinose residue would be a favored mechanism (Fig. 3). Activation
of ferulic acid could presumably occur intracellularly, by either coenzyme
A ligase (9), or a glucosyl transferase, to yield feruloyl CoA and feruloyl
glucose, respectively. This activated form would then have to be discharged
into the cell wall.

Preliminary radiotracer studies using isolated cell-walls from barley
coleoptiles support extracellular feruloylation, For instance, when cell wall
preparations were incubated with [2-14C] feruloyl CoA, a linear incorpora-
tion (up to 1%) of the radioactivity into the “cell wall” was observed by
3h. Subsequent treatment of the “cell wall” with Driselase released ap-
proximately 60% of the radioactivity incorporated into the cell wall as low
molecular weight fragments. Note also that the Driselase, while contain-
ing some xylanase activity, had no esterase activity (45,80). Additionally,
this incorporation rate was approximately four times higher than that of
[2-14C] ferulic acid itself, and feruloyl glucose was only poorly incorporated.
Thus, these in vitro experiments demonstrate that feruloylation of isolated
cell-walls from barley coleoptiles can occur, and that the radioactivity in-
corporated can, in part, be removed by treatment with Driselase. It is now
essential to establish the actual bonding patterns, in order to prove whether
this binding is specific or not.

Concluding Remarks

Vascular plant cell walls contain a wide variety of phenylpropanoids, such
as monomers, dimers and polymers. Of these, the polymers (i.e., lignins
and suberins) are the most abundant. According to our current knowledge,
all cell-wall phenylpropanoids are derived from monomers synthesized in
the cytoplasm. Following their excretion into the plant cell wall, these
monomers can then be either photochemically or biochemically modified
within the cell wall.

In this regard, several comments can be made:

(i) p-hydroxycinnamic acids ester-linked to cell wall polysaccharides
are likely to be photochemically dimerized or isomerized under UV-A light
(320-400 nm).
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Figure 3. Hypothetical mechanisms for extracellular feruloylation of matrix
polysaccharides. (X = SCoA or Glc; R = xylan or H)

(ii) The enzymatic mechanism leading to ester-linked cell-wall hydroxy-
cinnamic acids bound to matrix polysaccharides needs to be established,
since preliminary experiments suggest that both intra- and extracellular
feruloylation reactions can occur.

(iii) The mechanism by which monolignols, or their glucosides, are
transported into the cell wall needs to be more fully elucidated.

(iv) The presence of Z-monolignols in beech bark, and the strong sub-
strate specificity for Z-monolignol glucosylation, may mean that beech bark
lignin is formed from Z-, and not E-, monolignols.

(v) Cell-wall bound peroxidases apparently play a central role in cat-
alyzing (a) polymerization processes yielding lignin and suberin, (b) forma-
tion of didehydroferulic acid, (c) the probable formation of ether linkages
between p-hydroxycinnamic acids and lignin or suberin. Additionally, sec-
ondary reactions of intermediate transient quinone methides, formed after
free-radical coupling, can occur. These can then react with nucleophiles,
e.g., to afford lignin-carbohydrate complexes.

(vi) A strong correlation apparently exists between lignin formation
and the appearance of particular isoperoxidases. However, the isolation of
these isozymes and comparative enzymological studies, including structural
analyses of the active center, are required before we can assign a specific
function to them. Involvement of other isoperoxidases should not be dis-
missed at present, since peroxidases appear to have rather broad substrate
specificities.
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Chapter 6

Biochemical Interface Between Aromatic Amino Acid
Biosynthesis and Secondary Metabolism

Roy A. Jensen!, Paul Morris!, Carol Bonner!, and Lolita O. Zamir?

!Department of Microbiology and Cell Science, University of Florida,
Gainesville, FL. 32611
*Centre de Microbiologie Appliquee, Universite du Quebec, Institut
Armand-Frappier, 531, Boulevard des Prairies, C.P. 100, Laval-des-
Rapides, Laval, Quebec G1K 7P4, Canada

In higher plants aromatic amino acids are required not
only for protein synthesis, but as precursors for hor-
mones, and a vast diversity of phenylpropanoid or other
secondary metabolites. Thus, the availability of aromatic
amino acids in a number of the spatially separate com-
partments of the plant-cell microenvironment is essential.
It is generally accepted that chloroplasts possess an in-
tact pathway of aromatic amino acid biosynthesis that
is tightly regulated. In addition, the subcellular location
of some aromatic-pathway isozymes has been shown to
be in the cytosol, but whether an intact pathway exists
in the cytosol has not yet been proven. The evidence
bearing on aromatic amino acid compartmentation and
regulation is reviewed, with particular emphasis given to
the relationship between primary biosynthesis and sec-
ondary metabolism in the cytosol.

Little is known about the relationship of regulated changes in enzyme lev-
els of general phenylpropanoid biosynthesis (or of its divergent branches)
with enzyme changes in the primary biosynthetic pathway (shikimate path-
way) that generates precursor structures. This is understandable because
the exact biochemical steps, regulation and compartmentation of aromatic
amino acid biosynthesis in higher plants is only now being elucidated (1).
A fairly complete picture of a tightly regulated pathway present in higher-
plant chloroplasts is now established. A novel prephenate aminotransferase
(2,3) transaminates prephenate to yield L-arogenate (4), an unstable amino
acid precursor of both L-phenylalanine and L-tyrosine (Fig. 1). Arogenate
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dehydratase, arogenate dehydrogenase and anthranilate synthase are sub-
ject to feedback inhibition by L-phenylalanine (5,6), L-tyrosine (7,8) and
L-tryptophan (5,9), respectively. Plastidic chorismate mutase is subject to
feedback inhibition by L-phenylalanine or by L-tyrosine, and to allosteric
activation by L-tryptophan (10-12). We have suggested that inhibition of
plastidic chorismate mutase by L-phenylalanine or L-tyrosine occurs in vivo
only under nutritional conditions of L-tryptophan starvation (1,13). With
excess tryptophan, activation overwhelms the otherwise inhibitory effects
of L-phenylalanine and L-tyrosine. Under conditions of total endproduct
excess, L-arogenate would accumulate in the plastid. This would shut
off the early-pathway step catalyzed by 3-deoxy-D-arabino-heptulosonate
(DAHP) synthase, since the plastidic DAHP synthase is sensitive to feed-
back inhibition by L-arogenate (1,14). This allosteric pattern is a vari-
ation of sequential feedback inhibition, first described in Bacillus subtilis
where prephenate feedback inhibits DAHP synthase (15), and later in Xan-
thomonas campestris where chorismate feedback inhibits DAHP synthase
(16).

The tightly regulated pathway specifying aromatic amino acid biosyn-
thesis within the plastid compartment implies maintenance of an amino
acid pool to mediate regulation. Thus, we have concluded that loss to the
cytoplasm of aromatic amino acids synthesized in the chloroplast compart-
ment is unlikely (13). Yet a source of aromatic amino acids is needed in the
cytosol to support protein synthesis. Furthermore, since the enzyme sys-
tems of the general phenylpropanoid pathway and its specialized branches
of secondary metabolism are located in the cytosol (17), aromatic amino
acids (especially L-phenylalanine) are also required in the cytosol as ini-
tial substrates for secondary metabolism. The simplest possibility would
be that a second, complete pathway of aromatic amino acid biosynthesis
exists in the cytosol. Ample precedent has been established for duplicate,
major biochemical pathways (glycolysis and oxidative pentose phosphate
cycle) of higher plants that are separated from one another in the plastid
and cytosolic compartments (18). Evidence to support the hypothesis for
a cytosolic pathway (1,13) and the various approaches underway to prove
or disprove the dual-pathway hypothesis are summarized in this paper.

The Existing Case for an Intact Cytosolic Pathway

i. Proof that an intact pathway of aromatic amino acid biosynthesis is
located within the chloroplast organelle was obtained by demonstration
of the ability of isolated spinach chloroplasts to assimilate radioactive
CO; or shikimate into aromatic amino acids (19,20). However, since
the chloroplast-localized biosynthetic pathway did not account for total
aromatic biosynthesis, a spatially separate pathway would explain the
quantitative discrepancy.

ii. A source of beginning substrates (PEP and erythrose 4-P) is available
in the cytosol.

iii. “Minor” cytosolic isozymes corresponding to most of the common-
pathway reactions, although given little emphasis by the authors,
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have in fact been demonstrated (21-22). HPLC chromatography of
crude extracts has revealed previously unresolved isozymes of shiki-
mate dehydrogenase (22) (plastidic and cytosolic species) and of 5-
enolpyruvylshikimate-3-P synthase (23) (subcellular location not ex-
amined).

iv. In one recent study (24) shikimate dehydrogenase has been reported
to be located primarily in the cytosol.

v. Detailed studies demonstrating cytosolic isozymes of both DAHP syn-
thase (25) and chorismate mutase (12,26) have been carried out. There
is steadily accumulating evidence that the separately compartmented
isozyme pairs of DAHP synthase (DS-Mn and DS-Co) and chorismate
mutase (CM-1 and CM-2) are generalized features of higher plants.
Some apparent exceptions have been shown to be the result of tech-
nical problems. For example, potato tubers were reported to lack the
cytosolic CM-2 (27) and the cytosolic DS-Co (28). However, we have
shown recently that potato tuber possesses CM-2 and DS-Co isozymes
that are in fact comparable to counterpart isozymes in other plant
organisms (29).

vi. The demonstration of a pair of anthranilate synthase isozymes in to-
bacco (9), the cytosolic isozyme being insensitive to allosteric control,
adds substance to the emerging picture of dual aromatic pathways.

Of the separately compartmented isozyme pairs that exist for DAHP
synthase, chorismate mutase, and anthranilate synthase, each isozyme
member of a given pair has different properties of regulation and other
distinctive characteristics (see Tables I and II). This suggests a high prob-
ability that each isozyme is the gene product of a different gene.

Table I. Differential Properties of DAHP Synthase Isozymes

Character DAHP-Synthase-Mn DAHP-Synthase-Co
Erythrose 4-P Saturates at 0.6 mM Saturates at 6.0 mM
Glyceraldehyde 3-P Not used Used as substrate
Dithiothreitol Hysteretic activator No activation

Effect of divalent cations Activation (Mn*+)  Required (Mgtt,
Cott, Mntt)

pH optimum? pH 8.0 pH 8.8

Inhibitor L-Arogenate Caffeic acid

® Assay at low pH (7.0) can be used to increase the selectivity of assay
conditions for DAHP synthase-Mn in isozyme mixtures.

The existence of the common-pathway isozymes, DS-Co and CM-2, in
the cytosol appears improbable unless they are linked to the connecting
sequence of enzymes. Yet a compelling demonstration of this enzyme suc-
cession in the cytosol has not been made. Since ample precedent exists for
the shuttling of small molecules betweem spatial compartments in higher
plant cells, one possibility is that the appropriate intermediates are shuttled
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Table II. Differential Properties of Chorismate Mutase Isozymes

Character Chorismate Mutase-1 Chorismate Mutase-2
Substrate saturation 0.9 mM 2.0 mM

pH optimum 7.0-8.0 7.0

Activators L-Tryptophan

Inhibitors L-Phenylalanine, L-Tyrosine Caffeic Acid

back and forth. Thus, according to the hypothetical model shown in Fig-
ure 1, DAHP formed in the cytosol is imported into the chloroplast where
it connects with the second step of the plastidic pathway, ultimately being
transformed to EPSP. A fraction of the plastidic EPSP is exported back
into the cytosol. Although chorismate, rather then EPSP, could equally
well be chosen in Figure 1 as the molecule exported, one might envision a
measuring mechanism whereby the number of phosphorylated DAHP syn-
thase molecules imported are matched by the number of phosphorylated
EPSP molecules exported. A rationale for such a scheme might be that
it provides a mechanism to utilize most of the pathway machinery of the
chloroplast, while bypassing the allosterically controlled steps. Thus, events
of carbohydrate metabolism that influence phosphoenolpyruvate and ery-
throse 4-P availability in the cytosol could impact directly upon aromatic
amino acid production in the cytosol, independently of the tight allosteric
control exercised in the plastid. This mechanism could tie carbohydrate
levels to output of secondary metabolites.

Approaches to Demonstrate an Intact Cytosolic Pathway

The scheme shown in Figure 1 is complicated, and simpler explanations to
account for the difficulties encountered to date in demonstrating cytosolic
isozymes are a logical first course of action. Possibilities currently under
evaluation are: (i) Most cytosolic isozymes may be particulate; (ii) Different
enzymatic routes may be employed in the cytosol; (iii) Detection of cytoso-
lic isozymes may require conditions of secondary metabolism (e.g., after
wounding) that maximize expression levels of enzyme; and (iv) Detection
of cytosolic isozymes may require conditions of normal growth physiology
that maximize expression levels of enzyme.

Materials and Methods

Solubilization of Membrane Proteins. A modification of the procedure of
Hjelmeland et al. (30) was employed. A 300-g portion of liquid-nitrogen
frozen, 6-day Nicotiana silvestris cultured cells was suspended in 200 ml
of 50 mM N-(2-hydroxyethyl)-piperazine-N’-3-propanesulfonic acid (EPPS-
KOH) buffer, 1 mM dithiothreitol (DTT), and 0.1 mM EDTA extraction
buffer with constant stirring until completely suspended (20 min). The
slurry was centrifuged in a Sorvall SS 34 rotor at 9,000g for 20 min at 4°C.
The supernatant was passed through miracloth (Calbiochem). An aliquot
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was removed, desalted on a PD10 column (Pharmacia), and designated Su-
pernatant I. The remaining extract was ultracentrifuged at 160,000g at 4°C
for 30 min in a 70.1 Ti rotor. The supernatant was removed, desalted as
above, and labeled Supernatant II. Pellets were resuspended in 0.5-2.0 ml
of buffer, pooled, and ultracentrifuged as above. The supernatant, desalted
as above, was designated Pellet Wash. The pellets were resuspended in ex-
traction buffer and homogenized with three strokes of a tissue homogenizer.
After protein determination, aliquots of the extract were diluted with ex-
traction buffer and the designated detergent to give a final protein concen-
tration of 5 mg/ml and the critical micelle concentration of detergent. We
used octyl glucoside, CHAPS (3-[(3-cholamidopropyl)-dimethylammonio}-
1-propanesulfonate), deoxycholate, Triton X-100, and NP-40 (Sigma non-
ionic detergent p-40) detergents (29). An aliquot of extract to which no
detergent was added was included as an unsolubilized control. The sample
mixtures were stirred for 60 min at 4°C in 5-ml beakers and then ultracen-
trifuged for 30 min (4°C) at 160,000g.

Three preliminary experiments were carried out: the first done as de-
scribed above, the second utilized a modified buffer containing protectants,
and the third utilized both the modified buffer and a hemoglobin gel step
to remove proteases. The modified buffer had the following recipe: 50 mM
EPPS-KOH buffer at pH 8.6, 20% (v/v) glycerol, 1.0 mM EDTA, 1.0 mM
DTT, 0.5 mM phenylmethylsulfonyl fluoride (PMSF), 0.05 mM leupeptin,
and 0.05% S-mercaptoethanol.

Removal of Proteases. Proteases pose a fundamental obstacle in the iso-
lation and purification of enzymes from higher plants. Although we rou-
tinely include protease inhibitors such as PMSF or leupeptin in extraction
and column chromatography buffers, considerable protease activity per-
sists. We successfully utilized hemoglobin-bound Sepharose, based on the
column method of Chua and Bushuk (31), to remove the bulk of proteases
from crude extracts of N. silvestris. Substrate (protease) grade bovine
hemoglobin (Sigma) was coupled to CNBr-activated Sepharose 4B {Phar-
macia), according to manufacturer recommendations. Glycine (0.2 M) was
used to block remaining active groups. Alternate washes with high- and
low-pH buffer solutions were used to remove excess adsorbed protein. Af-
ter equilibration with extraction buffer, the hemoglobin-bound Sepharose
was ready for use. We added 25 ml of hemoglobin-Sepharose conjugate per
200 ml of crude extract contained in a polypropylene centrifuge bottle, and
this mixture was rotated end-over-end for 30 min at 4°C. The hemoglobin-
bound Sepharose was then removed by centrifugation (2,000g for 10 min at
4°C), and the supernatant was carefully removed.

Enzyme Assays. Procedures for the HPLC assay of prephenate amino-
transferase (32), the spectrophotometric assay of shikimate dehydrogenase
(33), the spectrophotometric assay of arogenate dehydrogenase (34), and
the thiobarbituric acid assay of DAHP synthase (29) were carried out as
referenced. When the DS-Co isozyme was assayed with glyceraldehyde-3-P,
6mM DL-glyceraldehyde-3-phosphate (Sigma) was used.
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Results and Discussion

Particulate Enzymes? One of the greatest challenges in the field of en-
zymology and metabolic regulation is the analysis of enzyme organization
in vivo. It is becoming increasingly apparent that “most so-called soluble
enzymes do not exist as such in vivo” (35,36). Recent studies have pro-
vided evidence for the membrane association of “soluble” enzymes of the
glycolytic pathway (37,38), Calvin cycle (39), and flavonoid metabolism.
(17,40). Metabolic pathways or biochemical segments are not merely the
summed properties of individual enzyme steps—although this has been the
essential approach for progress in the past. The subtleties of the organiza-
tion of the enzymes of the glycolytic network, a previously classical example
of “soluble” enzymes, exemplify this point. Aside from instances of obvious
organization of multiple catalytic domains in the form of multifunctional
proteins, enzymes may be membrane-bound as integral or peripheral pro-
teins. These, in turn, may be associated with other enzyme proteins. The
state of association or dissociation may have regulatory or developmental
significance in a metabolic system that possesses a highly integrated ar-
rangement of interlocking enzymic components. The rapid expansion in
this topic area is illustrated by a recent flurry of publications describing
covalent and noncovalent interactions between lipids and proteins with re-
spect to association of proteins with membranes (41). Proteins able to
interact specifically with lipids and directly with hydrophobic domains of
membrane in a reversibly associating fashion have been termed amphitropic
proteins (36). Recognition and preservation of such organizational features
of enzyme networks is obviously of great relevance to the current sophis-
tication of modern science goals of manipulating metabolic pathways for
beneficial advances in medicine and agriculture.

Chalcone synthase, the first enzyme committed to flavonoid biosynthe-
sis, is a membrane-bound protein (40). Since it is readily solubilized, it had
previously been regarded as a soluble enzyme. Likewise, DS-Co and CM-2
may prove to be membrane-organized proteins that are readily solubilized.

High priority is being given to assessment of the extent to which
aromatic-pathway isozyme species may be not at all (or only partially)
solubilized with routine procedures typically used for extract preparation
in our laboratories. For preliminary experimentation, we selected prephen-
ate aminotransferase, arogenate dehydrogenase, and shikimate dehydroge-
nase. With the former two enzymes, minor peaks have been resolved fol-
lowing chromatographic procedures. With shikimate dehydrogenase, only
a single large peak has been found in numerous chromatographic separa-
tions. However, a systematic purification/resolution using high-efficiency
HPLC columns has not been attempted. For each enzyme, the following
data obtained are consistent with the possibility that detergent-solubilized
isozymes may indeed exist.

Prephenate aminotransferase: The specific activity of this enzyme in
Supernatant I was 19.2 nmol/min/mg, and the total activity was retained in
Supernatant II following centrifugation at 60,000g. The homogenized pel-
let (about 300 mg of protein) exhibited enzyme activity (specific activity of
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0.53). A similar activity level was obtained in the deoxycholate, Triton X-
100, and NP-40 extract preparations. Octyl glucoside and CHAPS extract
preparations showed no detectable prephenate aminotransferase activity.
When the hemoglobin step was used, there was no increase in the soluble
activity recovered in the initial supernatant fraction, but the specific activ-
ity of the deoxycholate (the only detergent tried in this experiment) extract
increased about tenfold. We would anticipate equally good results with use
of Triton X-100 or NP-40 in combination with the hemoglobin step.

Shikimate dehydrogenase: The use of modified buffer increased the
specific activities (S.A.) of this enzyme in the soluble supernatant prepa-
rations about sixfold (from 3.0 to 20.3). In addition, activity not other-
wise measured in the homogenized pellet was found there with the use of
modified buffer. In modified buffer shikimate dehydrogenase activity (e.g.,
S.A. = 0.67 in octyl glucoside buffer) could be found in all of the detergent-
extract preparations. As above, the hemoglobin step increased dramatically
the S.A. of shikimate dehydrogenase assayed in detergent-extract prepara-
tions.

Arogenate dehydrogenase: The use of modified buffer was essential
for detection of arogenate dehydrogenase in either the soluble supernatant
or in any of the particulate-derived fractions. (Glycerol is known to be
critical for stability of the soluble plastidic enzyme). In modified buffer
the soluble supernatant S.A. was 3.4 nmol/min/mg. The homogenized
pellet exhibited excellent activity (S.A. = 0.89), but only marginal activity
was detected when attempts were made to solubilize this via detergent
extraction. Interestingly, a simple high-salt extraction (0.3 M KCl) of the
homogenized-pellet sample solubilized a significant portion of the activity
(S.A. = 0.44).

A Different Pathway? Prior to the discovery of L-arogenate (42), the post-
prephenate pathway of aromatic amino acid biosynthesis was thought to
be universal. This post-prephenate pathway now exemplifies the biochem-
ical diversity that can exist in nature for even major metabolic pathways
(43-45). With this precedent, perhaps the common-pathway sequence of
reactions in early aromatic biosynthesis should not be taken for granted.
Figure 2 shows the alternative phenylpyruvate and arogenate routes to
phenylalanine now known to exist in nature. The difference is a simple
matter of the order of the two enzymic steps: sidechain transamination, or
decarboxylation/dehydration/aromatization. The order of catalytic steps
dictates whether phenylpyruvate or arogenate will be unique molecules in
the system. By analogy, a hypothetical possibility is shown in Figure 3,
in consideration of catalytic steps 3 and 4 of the common shikimate path-
way. There is no reason a priori why the two steps of the classical pathway
shown (forming dehydroshikimate) could not occur in the opposite order.
This would replace dehydroshikimate with quinate as a unique intermedi-
ate. As far as we know, existing tracer studies would not have revealed this
in view of the complications imposed by the coexisting, highly active plas-
tidic pathway. In Zea mays a bifunctional dehydroquinase/quinate:NAD
dehydrogenase has been reported (46). This protein could possibly cat-
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alyze the sequence of steps shown in the bottom path of Figure 3. It is of
further interest that the existence of a quinate dehydratase reaction was
also suggested (46), albeit within the context of a different overall pathway
scheme.

A far more drastic possibility is suggested (Figure 4) by the observation
that DS-Co is catalytically active when erythrose 4-P is replaced with glyc-
eraldehyde 3-P as substrate. The glyceraldehyde 3-P/PEP combination is
in fact several-fold better than the erythrose 4-P/PEP combination. DS-
Mn does not exhibit this breadth of substrate recognition, nor do any of a
number of microbial DAHP synthase enzymes available in our laboratories.
Broad substrate specificity of enzymes is not unusual, but recognition of
non-substrate molecules is almost always of minor magnitude compared
to the normal substrate. Could 2-keto-3-deoxy-D-threo-hexulosonate-6-
phosphate, a new metabolite similar to 3-deoxy-6-phosphogluconate of the
microbial Entner-Doudoroff pathway, in fact be an intermediate of aromatic
amino acid biosynthesis in the cytosol? A possible scheme is outlined in
Figure 5. Although the pathway shown is more expensive than is the clas-
sical pathway (by virtue of the utilization of an additional ATP), this may
be offset by the plentiful availability of triose-phosphate exported to the cy-
tosol as output from operation of both the reductive and oxidative pentose
phosphate pathways in the plastid.

Manipulation of Isozyme Ezpression by Environmental Treaiments. An
impressive battery of diverse environmental or biochemical manipulations
are known that cause elevation of general phenylpropanoid-pathway or
flavonoid-pathway enzymes. These include mechanical wounding, illumina-
tion, administration of fungal elicitors, presence of ethylene, and dilution
of cell cultures in water. Since increased aromatic amino acid biosynthesis
is needed to supply initial precursor molecules of secondary metabolism,
one might anticipate that overall response to environmental treatment may
include elevation of some or all enzymes of aromatic amino acid biosynthe-
sis. Scattered information indicates this to be so. Shikimate dehydrogenase
has been shown to increase in level upon wounding (47). In a clever exper-
iment with buckwheat (48), shikimate accumulation caused by glyphosate
(inhibitor of EPSP synthase, see Figure 1) treatment was found to be much
greater in the light than in the dark, indicating that illumination enhances
early-pathway activity levels.

To what extent is the response of cytosolic and plastidic isozymes of
the shikimate pathway coordinated or coupled with one another and to
alterations in expression of enzymes of the flavonoid and phenylpropanoid-
pathway segments? Some of the emerging information is given in Fig-
ure 6. Thus, light induction, well known to induce PAL and enzymes of
the flavonoid pathway, also induces both DS-Mn and DS-Co in parsley cell
cultures (49). However, only the cytosolic CM-2 (and not the plastidic CM-
1) was induced. Fungal elicitor was reported to induce only DS-Mn—not
DS-Co or either of the chorismate mutase isozymes (49). Previous studies
(50) had indicated an absence of elicitor effects upon overall DAHP syn-
thase and shikimate dehydrogenase activities, but these experiments were
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Figure 4. Reactions catalyzed by the broad-specificity DAHP synthase-
Co of higher plant cytosol. Condensation of PEP and erythrose 4-P (top)
yields 3-deoxy-D-arabino-heptulosonate 7-P (DAHP), whereas condensa-
tion of PEP and D-glyceraldehyde 3-P (G-3-P) yields 2-ketc-3-deoxy-D-
threo-hexulosonate 6-P (DTHP).
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THE PHYTO-SHIKIMATE PATHWAY
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Figure 5. Hypothetical scheme based on condensation of two C3 substrate
species (instead of C3+ Cy4), where glyceraldehyde 3-phosphate replaces ery-
throse 4-phosphate. The enzymes involved are: (1) a synthase (analogous
to DAHP synthase), (2) a NAD(P)H-dependent dehydrogenase, (3) an acyl
coenzyme A synthase requiring ATP and coenzyme A, (4) a phosphoric
acid elimination, and (5) an enzyme catalyzing the Claisen condensation
and producing a product in keto-enol equilibruim. The subsequent reac-
tions are reminiscent of the shikimate pathway: (6) a NAD(P)H-dependent
dehydrogenase leading to the shikimate analog denoted phyto-shikimate,
(7) a kinase, (8) condensation with phosphoenolpyruvate, (9) elimination
of phosphoric acid leading to a hypothetical chorismate analog denoted
phyto-chorismate, and (10) a Claisen rearrangement catalyzed by a mutase
to yield the prephenate analog, denoted phyto-prephenate.
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limited to the 24-h period following elicitor treatment. Hahlbrock and
Schroder (51), using Petroselinum horiense cell cultures, found that effects
of dilution (nutrient starvation) were limited to enzymes of general phenyl-
propanoid metabolism—whereas irradiation with light additionally induced
the flavonoid glycoside pathway. A concerted, coordinated effort in which
key enzymes of secondary metabolism (e.g., PAL and chalcone synthase)
are examined in relationship to the differently compartmented isozymes of
aromatic biosynthesis (e.g., DS-Mn/DS-Co and CM-1/CM-2), following the
variety of environmental treatments available will be of obvious value.

We have examined the time course of changes induced in isozymes
of chorismate mutase and DAHP synthase in potato tubers following me-
chanical wounding (Table III). In each case both isozymes responded—the
plastidic isozyme responding sooner and to a greater extent than the cy-
tosolic isozyme. All five of the other pathway enzymes so far examined
were induced by mechanical wounding,

Table III. Response of aromatic-pathway enzymes to mechanical wounding

Enzyme® Fold® Peak Activity® Peak Day?
DAHP synthase-Mn 2 21 1.5
Chorismate mutase-1 8 46 4
DAHP synthase-Co 1.5 51 2
Chorismate mutase-2 3 7 4
Shikimate dehydrogenase 5 220 6
Shikimate kinase 3 35 5
EPSP synthase 4 70 5
Prephenate aminotransferase 2 34 2
Arogenate dehydrogenase 2 1.5 5

® Enzymes are grouped (from top to bottom) as plastidic isozymes, cy-
tosolic isozymes, or total activities of unknown mixtures.

b Approximate factor of specific activity increase, comparing values ob-
tained on the day of peak activity following wounding, with unwounded
controls.

¢ Expressed as nmol min~!mg™~!.

Approximate post-wounding day when maximal activity was observed
throughout a 6-day interval.

Although the plastidic isozymes of DAHP synthase and chorismate mu-
tase respond to wounding to a greater extent than do the cytosolic isozymes,
wounding offers good prospects as a manipulation that may help unmask
cytosolic isozymes by increasing their levels. For example, suggestive data
were obtained with arogenate dehydrogenase and shikimate dehydrogenase,
where a second rise in activity between days 4 and 5 after wounding might
reflect the relatively slow elevation response of a cytosolic isozyme. A fuller
account of these results has been given by Morris et al. (Life Sci. Advances
- Plant Physiol. 1988, 7, in press).
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Figure 7. Variation of arogenate dehydrogenase levels as a function of
the physiological phase of growth in suspension cultures of Nicotiana sil-
vestris. A stationary-phase inoculum was diluted into fresh medium and
followed throughout the lag (L), exponential (E), and stationary (S) phases
of growth. The hatched bar indicates the activity levels of EE cells, i.e.,
cells maintained continuously in exponential growth for 10 or more genera-
tions (53). Profiles are shown in which activity is related to soluble protein
(specific activity), to cell number, or to dry weight.
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Since the presumed cytosolic pathway interfaces directly with the net-
work of secondary metabolism, the observed induction of DS-Co and CM-2
isozymes in response to wounding was expected. However, the even greater
response of plastidic isozymes was unexpected. Perhaps the increased
“pull” on carbohydrate metabolism in the cytosol affects the balance of
substrates feeding into the aromatic pathway of the plastid. If so, a ten-
dency to starvation for pathway endproducts may trigger derepression of
the plastidic-pathway isozymes.

Physiological Manipulation of Isozyme Expression. Recent studies in our
laboratory have indicated that enzymes of the aromatic amino acid path-
way change with the growth phase in cultured cells of N. silvestris (33).
The cytosolic enzyme Ds-Co reaches its highest level of expression in the
stationary phase of growth (52). The cytosolic CM-2 is highest in leaf
tissue compared to exponentially growing cells in suspension culture (1)—
indicating a wide range of expression, depending upon the physiological
conditions. The overall elevation of enzymes in stationary-phase cells may
reflect an increase in secondary metabolism and an increased complement
of cytosolic enzymes.

Data obtained for arogenate dehydrogenase, in which activity was fol-
lowed throughout a growth curve initiated by the subculture of stationary-
phase cells, are shown in Figure 7. Activity levels characteristic of cells
maintained indefinitely in exponential phase (EE cells) (53) are increased
when cultures are allowed to progress into the stationary phase of growth.
When cell cultures were harvested in late exponential-phase growth (day 4)
as the source of extract for DEAE-cellulose chromatography, a major and
a minor peak of arogenate dehydrogenase were resolved (Bonner, unpub-
lished data). Perhaps the minor peak of activity will be enhanced when
stationary-phase cells are used —the implication being that it is an isozyme
located in the cytosol.

Conclusion

Aromatic amino acids interface with a diverse and vast network of connect-
ing secondary metabolism in the cytosol, but not in other major compart-
ments such as the chloroplast. A strong rationale and emerging lines of
experimental evidence support the probable existence of an intact cytoso-
lic pathway of aromatic amino acid biosynthesis which links carbohydrate
metabolism (via PEP and erythrose-4-P, or possibly glyceraldehyde-3-P)
and secondary metabolism.
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Chapter 7

Enzymology of Gallotannin Biosynthesis

Georg G. Gross

Universitit Ulm, Abteilung Allgemeine Botanik, Oberer Eselsberg,
D—7900 Ulm, Federal Republic of Germany

Ample knowledge available to date of the chemistry and
natural distribution of a wide variety of galloylglucose
esters has led to the view that both gallotannins and
the structurally related ellagitannins are derived from
one common precursor, 1,2 3,4, 6-O-pentagalloyl-3-D-
glucose. Recent investigations with enzymes from oak
or sumach leaves have shown that the biosynthesis of
this polyphenolic ester is initiated by the formation of §-
glucogallin (1-O-galloyl-8-D-glucose) from UDP-glucose
and free gallic acid. This monoester, in turn, was found
to serve as the activated acyl-donor in a series of sub-
sequent transacylation steps, yielding specifically substi-
tuted di-, tri-, tetra-, and finally pentagalloylated glu-
cose derivatives. In contrast, the biosynthesis of gallic
acid itself is still largely obscure, and this applies also to
the final steps of the entire biogenetic sequence, i.e., the
mechanisms involved in the formation of meta-depside
linkages and hexahydroxydiphenoyl residues characteriz-
ing gallotannins and ellagitannins, respectively.

Vegetable tannins are commonly classified into condensed tannins (or
proanthocyanidins), which are of flavonoid origin, and hydrolyzable tannins,
which are characterized by a central polyol moiety (mostly 3-D-glucose)
whose hydroxyl groups are esterified with gallic acid. These polypheno-
lic compounds can be further substituted with additional galloyl residues
attached via meta-depside linkages, giving rise to the formation of the gal-
lotannins proper (Figure 1). Alternatively, dimerization of adjacent galloyl
groups can occur, yielding the hexahydroxydiphenyl residues characteris-
tic of the related ellagitannins (Figure 2); after hydrolytic release, these
biphenyl derivatives rearrange spontaneously to give the stable name-giving
dilactone, ellagic acid.

0097-6156/89/0399—0108$06.00/0
© 1989 American Chemical Society
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Figure 1. Structure of a gallotannin typical of chinese gallotannin, found,
e.g., in galls of Rhus semialata. Note the characteristic meta-depside link-
ages of the galloyl residues at C-2.
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Figure 2. Structure of an ellagitannin, 1-O-galloyl-2,3:4, 6-di-O-hexahy-
droxydiphenoyl-#-D-glucose (casuarictin).
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Innumerable variations of these fundamental structural principles have
been detected in higher plants; discussion of which, however, lies beyond the
scope of this article [for recent relevant reviews see, e.g., (1-7)]. This well
documented detailed knowledge of the chemical configuration and natural
distribution of hydrolyzable tannins stimulated thoughts on their biosynthe-
sis (cf. 5-9). It was proposed that glucose and gallic acid initially combined
to give g-glucogallin (1-O-galloyl-3-D-glucose) which, in turn, underwent
a series of further acylation reactions leading to pentagalloyl-3-D-glucose.
This latter ester was thought to function as the common precursor both
of the gallotannins and the related ellagitannins. This plausible pathway
was until a few years ago totally unproven. It now comprises several im-
portant aspects, namely (1) the formation of gallic acid, (2) the nature of
the energy-rich intermediates required for the synthesis of 8-glucogallin,
(3) the transacylation mechanisms leading to pentagalloylglucose, and (4)
the secondary transformations involved in the synthesis of gallotannins and
ellagitannins.

As reported below, recent enzymatic studies have provided insight into
several of these problems; in particular, many of the questions concerning
the formation of 3-glucogallin and its subsequent conversion to pentagal-
loylglucose have been answered by this technique. Other aspects outlined
above remain rather obscure, but starting points for their eventual clarifi-
cation will be discussed.

Biosynthesis of Gallic Acid

In spite of numerous investigations during the past decades, the biosyn-
thesis of gallic acid remained one of the major enigmas of plant pheno-
lics metabolism. Based on feeding experiments with putative precursors,
three different pathways, as depicted in Figure 3, were proposed [references
in (2,10,11)]. Evidence was presented that gallic acid was produced by
direct aromatization of dehydroshikimic acid (or shikimic acid). Alterna-
tively, two routes via the phenylalanine-cinnamate pathway were postu-
lated along which gallic acid was formed, either by §-oxidation of 3,4,5-
trihydroxycinnamic acid (never detected in plants) or by the sequence caf-
feic — protocatechuic — gallic acid. Later, two short reports (12,13) on
work with cell-free systems were published suggesting a sequence dehy-
droshikimic — protocatechuic — gallic acid; unfortunately, these observa-
tions still await confirmation by more detailed studies.

Theoretically, many of the above discrepancies could be settled by
experiments with carboxyl-labeled shikimic acid because this functional
group would be lost in the formation of phenylalanine, but retained in
the case of a direct conversion to gallic acid. Only ambiguous evidence
was obtained, however, from such efforts (10), and it was concluded that
at least two pathways for gallic acid biosynthesis must exist (14), with
the preferential route depending on leaf age and plant species investigated
(15,16).

A different approach to discriminate between the two principal routes
to gallic acid, i.e., via C¢Cs-intermediates vs. a direct conversion was de-
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veloped. This uses glyphosate [N-(phosphonomethyl)glycine, an inhibitor
of shikimic acid utilization] and L-2-aminooxy-3-phenylpropionic acid (L-
AOPP, an inhibitor of phenylalanine deamination) in feeding experiments
with labeled shikimic acid. While AOPP had no effect, glyphosate greatly
enhanced the amount and radioactivity of the isolated gallic acid (17), in-
dicating that the direct conversion of shikimic to gallic acid represented at
least a significant, if not the major, route.

Biosynthesis of 8-Glucogallin

The naturally occurring depside B-glucogallin (1-O-galloyl-8-D-glucose)
was considered the primary metabolite in the biosynthesis of hydrolyza-
ble tannins (5,7,8). For thermodynamic reasons, the participation of an
activated intermediate has to be postulated in the formation of such an
ester. This requirement can be met in two ways, either by reaction of an
energy-rich galloyl derivative with free glucose, or by using a nucleoside
diphosphate-activated glucose (most likely UDPG) and the free acid. The
results of our recent work on these aspects are presented below.

Galloyl-Coenzyme A. Numerous enzymatic studies on the formation of the
ubiquitous plant phenolic chlorogenic acid (3-O-caffeoyl-D-quinic acid) and
related depsides have showed that cinnamoyl-CoA thioesters were utilized
as activated intermediates in these esterification reactions {Table I). By
analogy, it appeared conceivable that galloyl-CoA might be involved in the
biosynthesis of gallotannins. To test this hypothesis, this then unknown
thioester was synthesized (26), via the N-succinimidyl derivative of 4-O-8-
D-glucosidogallic acid (cf. Figure 4), and characterized by spectrophoto-
metric methods; the UV-spectrum was perhaps the most prominent prop-
erty (Figure 5).

Table I. Phenolic Acid Esters Formed via Intermediate Acyl-Coenzyme A

Esters
Donor Acceptor Product Ref.
Caffeoyl-CoA Quinate Chlorogenate 18,20
p-Coumaroyl-CoA Quinate 3-p-Coumaroyl- 19,21
quinate
p-Coumaroyl-CoA Shikimate 3-p-Coumaroyl- 22
shikimate
p-Coumaroyl-CoA Tartronate p-Coumaroyl- 23
tartronate
Caffeoyl-CoA Isocitrate Cafleoyliso- 24
citrate
Hydroxycinnamoyl- Sugar acids Monoesters; 25
CoAs (glucuronate, exact position
glucarate, of the O-ester

galactarate)  group unclear
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Figure 3. Proposed biosynthetic pathways to gallic acid (5). (1) Dehy-
droshikimic acid; (2) caffeic acid; (3) 3,4, 5-trihydroxycinnamic acid; (4)

protocatechuic acid.
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Figure 4. Chemical synthesis of galloyl coenzyme A thioester (4). (1) 4-O-
B-D-glucosidogallic acid; (2) N-succinimidyl 4-O-8 -D-glucosidogallate; (3)

4-0-B-D- glucos1dogalloyl -CoA.
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In enzymatic studies with cell-free extracts from higher plants, how-
ever, no evidence has been found to date for galloyl-CoA’s involvement
in the biosynthesis of B-glucogallin, or its higher galloylated derivatives;
an eventual role in the formation of the chemically different meta-depside
bonds of gallotannins has not been investigated.

Formation of B-Glucogallin. About the time as the above mentioned studies
with galloyl-CoA were carried out, it became evident that glucose esters of
phenolic acids could be formed by an alternate mechanism, i.e., by reaction
of the free acid with UDP-glucose serving as the energy-rich component.
This was because of a number of findings (27), where it was demonstrated
that the conjugation of glucose with numerous benzoic and cinnamic acids
(28-33), and indole-3-acetic acid (34, 35), occurred according to the general
mechanism shown below (Equation 1):

Acid + UDP glucose — 1-0-acyl-8-D-glucose + UDP (1)

It therefore appeared that a general mechanism for enzymatic esteri-
fication of phenolic acids with glucose was operative, whereas the reaction
with other alcoholic moieties proceeded via carboxyl-activated acyl deriva-
tives. [In this context it should be emphasized that glucose esters must not
be confused with glucosides; different enzymes are involved in the biosyn-
thesis of these two types of phenolic glucose derivatives (36)].

It was thus not surprising to establish that §-glucogallin was also syn-
thesized according to this mechanism (Figure 6) by enzyme preparations
from tannin-producing oak leaves (37,38). Substrate specificity studies re-
vealed that this glucosyl transferase depended exclusively on UDP-glucose
as donor substrate, and that it exhibited activity toward a great variety of
benzoic and cinnamic acids as acceptor molecules. Considering the grow-
ing importance of such esters within the area of general plant secondary
metabolism, this latter property has recently been utilized for the conve-
nient preparation and spectroscopic characterization (UV, IR, 'H-NMR)
of differently substituted 1-O-benzoyl-3-D-glucoses (39), thus providing a
convenient alternative to chemical syntheses [cf., e.g., (40)].

3-Glucogallin to Pentagalloylglucose

According to recent suggestions, S-glucogallin should undergo a series of
position-specific galloylation steps to yield pentagalloylglucose (5-9). Elu-
cidation of this hitherto unknown biogenetic sequence was established with
enzyme preparations from young oak leaves (41); it was thus demonstrated
that, by analogy with the preceding synthesis of §-glucogallin, galloyl-CoA
was not required. Instead, both di- and trigalloylglucose were formed in the
presence of #-glucogallin as the sole substrate, proving that this ester served
also as an acyl donor (41). Supporting evidence from several laboratories
also indicated that phenolic acid esters were not necessarily metabolically
inert compounds but could be employed as activated intermediates for sec-
ondary transacylation reactions. As summarized in Table II, this new view
was corroborated by many detailed enzyme studies.

In Plant Cell Wall Polymers; Lewis, N., etal.;
ACS Symposium Series; American Chemical Society: Washington, DC, 1989.



114 PLANT CELL WALL POLYMERS

ABSORBANCE

250 300 350
WAVENLENGTH (nm)

Figure 5. UV spectrum of galloyl coenzyme A. ( ) Spectrum of the
thioester; (- - - -) spectrum after hydrolysis in 0.1N NaOH or hydrox-
ylaminolysis in 1M NH,OH, pH 6. Both spectra were recorded in 0.1M
potassium phosphate buffer, pH 7.0.
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Figure 6. Enzymatic synthesis of 3-glucogallin.
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Table II. Biosynthesis of Aromatic Monoacyl Esters by Acyltransferases
from Higher Plants

Donor Acceptor Product Ref.
1-O-Sinapoylglucose L-Malate Sinapoyl-L- 42,43
malate
1-O-Sinapoylglucose Choline Sinapoylcholine 44-46
(Sinapine)
1-O-Indolylacetyl- myo-Inositol Indolylacetyl- 35
glucose myo-inositol
1-O-Caffeoylglucose D-Quinate Chlorogenate 47,48
1-O-p-Coumaroyl- D-Quinate p-Coumaroyl- 49
glucose quinate
1-O-p-Coumaroyl- meso-Tartarate p-Coumaroyl- 50
glucose meso-tartarate
Chlorogenate Glucarate Caffeoylglucarate 51

With respect to gallotannins, substantial evidence indicated that §-
glucogallin was also metabolically active, as the acyl donor for galloyltrans-
ferase reactions; some details related to this aspect are described below.

Galloyl-Ezchange between B-Glucogallin and Glucose. Cell-free extracts
from oak leaves produced labeled #-glucogallin when incubated with un-
labeled glucogallin and [14C]glucose (41). This unexpected result was ex-
plained by the existence of an acyltransferase catalyzing the exchange re-
action shown below:

B-Glucogallin + *glucose = *fB-glucogallin + (*)glucose (2)

where the asterisk indicates an appropriate label (e.g., 1*C) to allow mea-
surement of the reaction. Studies with the purified enzyme showed that
it was active with various 1-O-benzoylglucose esters as donor substrates,
while D-glucose functioned very specifically as the acceptor molecule. The
physiological significance of this reaction is still unknown; however, it was
successfully employed for the facile and rather economic preparation of la-
beled glucogallin and related esters, thus avoiding many problems involved
in the chemical synthesis of such compounds (52,53).

Biosynthesis of Digalloylglucose. Besides the above mentioned acyltrans-
ferase, oak leaves also contained a completely different type of acyltrans-
ferase that catalyzed the formation of digalloylglucose (41). It became evi-
dent that this ester was synthesized by a new reaction mechanism in which
B-glucogallin was utilized as both acyl donor and acceptor; this conclu-
sion was supported by the isolation of analogous acyltransferases related to
other metabolic pathways (cf. Table III). Recent studies (54) have shown,
in accordance with previous proposals (5,7, 8), that 1,6-O-digalloylglucose
was produced by the enzyme, and that the stoichiometry of the reaction
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was fully consistent with the assumed mechanism (cf. Figure 7). Substrate
specificity studies with numerous 1-O-benzoylglucoses revealed that the en-
zyme was most active with its natural substrate, §-glucogallin (Gross, G.
G.; Denzel, K.; Schilling, G., unpublished data).

Table III. Biosynthesis of Multiple-substituted Phenolic Acid Esters by
Acyltransferases from Higher Plants

Donor Acceptor Product Ref.
1-O-Galloylglucose  1-O-Galloyl- 1,6-0O-Digalloyl- 54
(B-glucogallin) glucose glucose
1-O-Galloylglucose  1,6-O-Digalloyl- 1,2,6-O-Tri- 55
glucose galloylglucose
1-O-Galloylglucose 1,2, 3,6-0- 1,2,3,4,6-0- 2
Tetragalloyl- Pentagalloyl-
glucose glucose
1-O-Sinapoylglucose 1-O-Sinapoyl- 1,2-0-Disinapoyl-  56-58
glucose glucose
Chlorogenate Chlorogenate 3, 5-Dicaffeoyl- 59,60
quinate
(Isochlorogenate)

2 Camman, J.; Denzel, K.; Schilling, G.; Gross, G. G., unpublished data.

Higher Galloylated Glucose Derivatives. As summarized in Table III, the
formation of higher galloylated derivatives occurs by the same sort of mech-
anism as above, i.e., by the transfer of the galloyl moiety of 3-glucogallin
to the acceptor substrate. Thus, the biosynthesis of 1,2, 6-trigalloylglucose
from the 1, 6-disubstituted precursor was proven unequivocally with an en-
zyme from sumach leaves (55), and recently an enzyme from oak leaves
that catalyzed the galloylation of 1,2,3, 6-tetragalloylglucose to 1,2, 3,4, 6-
pentagalloylglucose was characterized (Cammann, J.; Denzel, K.; Schilling,
G.; Gross, G. G., unpublished data). Only the conversion of tri- to tetra-
galloylglucose has not yet been verified by detailed enzyme studies, due
to insufficient amounts of available substrate. The expected ester, 1,2, 3, 6-
tetragalloylglucose, has, however, been isolated as a by-product from scaled-
up enzyme assays designed for the preparation of 1,6-digalloylglucose [cf.
(54)].

Thus, the entire sequence of reactions from 3-glucogallin to pentagal-
loylglucose is summarized in Figure 7. Preliminary evidence suggests that
the individual steps are catalyzed by different enzymes, but this question
has to be answered by future detailed investigations. Concerning the sub-
stitution pattern of the metabolites, the scheme presented here is in accord
with recent results obtained by analyzing the galloylglucoses produced in
callus cultures from oak (61).
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Biosynthesis of Gallotannins and Ellagitannins

As mentioned, recent biogenetic schemes suggest 1,2,3,4, 6-pentagalloyl-
glucose to be the principal common precursor of gallotannins and ellagi-
tannins. However, there are many compounds of these two classes of natu-
ral products that contain contain one, or occasionally more than one, free
OH-group on the glucose moiety, particularly at the C-1 position. No ev-
idence is currently available as to whether such tannins are derived from
partially galloylated precursors of pentagalloylglucose, or from the result
of secondary deacylation reactions. The latter could be caused by a very
active esterase encountered in cell-free extracts from oak or sumach leaves
(Gross, G.G.; Denzel, K., unpublished results).

Little knowledge also exists on the mechanisms involved in the biosyn-
thesis of the characteristic structures of gallotannins and ellagitannins, as
will be briefly discussed below.

Gallotannins. Virtually nothing is known about the formation of the char-
acteristic meta-depside bond of these compounds. For thermodynamic rea-
sons one has to postulate an activated galloyl derivative in this reaction.
The only speculations possible at present are whether S-glucogallin serves
as an acyl donor, or whether, due to the markedly differing nature of the
phenolic OH-group, other intermediates with a much higher group-transfer
potential (e.g. galloyl-CoA) are required.

Ellagitannins. More than 50 years ago it was postulated (62) that the char-
acteristic hexahydroxydiphenoyl residues of ellagitannins originated from
the dehydration of gallic acid esters, e.g., depsidic tannins, and this widely
accepted view has been supported by recent feeding experiments (16). Such
oxidation reactions [reviewed, e.g., in (63)] were carried out by chemical
means [e.g. (64)], or by in vitro studies with the fungal enzyme laccase
(65,66) or with peroxidases from higher plants (64,67, 68), using gallic acid,
methyl gallate, 8-glucogallin, 3,6-digalloyglucose and pentagalloylglucose
as substrates. In all cases, ellagic acid was formed as a typical product, in-
dicating the expected intermediate synthesis of hexahydroxydiphenic acid.
Unfortunately, this latter compound has never been isolated in its esterified
form in these experiments, and thus it remains questionable whether these
enzyme systems (i.e., laccase or some other polyphenol oxidase + O,, or
peroxidase + H,03) really reflect natural conditions. These doubts are sup-
ported by recent studies with cell-free extracts from oak leaves (Hofmann,
A.; Gross, G. G., unpublished results). In the presence of suitable electron
acceptors, the substrate, 1,2, 3,4, 6-pentagalloylglucose, was converted to
a not yet fully characterized new product (and eventually 1,4, 6-tri-O-gal-
loyl-2, 3-O-hexahydroxydiphenoylglucose), together with minor quantities
of a compound that cochromatographed with pedunculagin (2, 3: 4, 6-di-
O-hexahydroxydiphenoylglucose). These preliminary results indicate that
rather specific oxidoreductases, and not the abovementioned very unspecific
oxidases, are involved in the biosynthesis of ellagitannins.
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Conclusion

As documented in a review article (9), no experimental data was available
to support hypothetical mechanisms for the biosynthesis of hydrolyzable
tannins until recently. Enzymatic studies have now changed this unsat-
isfactory situation, at least as far as the formation of pentagalloylglucose
is concerned. Future work will provide insight into those other challenges
discussed in this contribution and that still require clarification.
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Chapter 8

Biogenesis and Localization of Polymethylated
Flavonoids in Cell Walls of Chrysosplenium
americanum

Ragai Ibrahim, Lilian Latchinian, and Louise Brisson

Plant Biochemistry Laboratory, Department of Biology, Concordia
University, Montreal, Quebec H3G 1M8, Canada

The semiaquatic species, Chrysosplenium americanum
(Saxifragaceae), which lacks lignin, accumulates a num-
ber of tri- to penta-O-methylated flavonol glucosides in-
stead. Their enzymatic synthesis is catalyzed by five
position-specific methyltransferases, which exhibited dis-
tinct pH optima, pl values, cation requirements and
preference for flavonol aglycones or glucosides as sub-
strates. O-Glucosylation of methylated flavonols at 2'-
and 5'-positions is mediated by two distinct glucosyl-
transferases, which were resolved by affinity chromatog-
raphy on UDP-glucuronic acid agarose and Brown 10X
dye ligand. Kinetic analysis of both groups of enzymes
indicates that this multistep pathway is subject to tight
control, and that the kinetic constants regulate the rate
of synthesis of the final products. The use of electron
microscopy, immunofluorescence and immunocytochem-
ical techniques unequivocally indicate that these highly
lipophilic metabolites are associated with the walls of
epidermal and mesophyll cells.

It was more than 20 years ago that hydroxycinnamic acids were reported
(1) to be esterified in appreciable amount with the unlignified cell walls of
grasses and other plant species. Monocot arabinoxylans (a hemicellulose
fraction) have been reported to be substituted with p-coumarate, ferulate
and p-hydroxybenzoate (2,3), and yielded on enzymatic hydrolysis feruloy-
larabinosylxylose. Alkaline hydrolysis of grass cell walls gave diferulic acid
(2,4-6), the oxidative coupling product of feruloyl residues. Pectins from
spinach culture cell walls contain ferulate and p-coumarate (7,8), which
on partial hydrolysis give two feruloyl dissacharides, 4-O-(6-feruloyl- -
D-galactosyl)-D-galactose and 3-O-(3-feruloyl-a-L-arabinosyl)-L-arabinose
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(9) and a small amount of diferulate. The common occurrence of phenolic
acid sugar esters in association with cell walls is not surprising, since these
are known natural plant constituents (10). On the other hand, the cell
wall glycoprotein, extensin contains the oxidatively coupled dimer, isodity-
rosine (11) and a trimer of tyrosine (12) which have been proposed (13) to
crosslink with two or three polypeptide chains of extensin.

In contrast with the above mentioned phenolic residues, which may
be H-bonded or covalently linked with different cell wall fractions, another
group of phenolic compounds-the simple flavonoids—may be secreted on
plant surfaces as gummy or farinose exudates. These were first reported in
poplar (14) and are now known to occur in many woody and herbaceous
species, including ferns (15). On the other hand, the semi-aquatic species,
Chrysosplenium americanum (Saxifragaceae) which lacks lignin, synthesizes
instead a variety of tri- to penta-O-methylated flavonol glucosides. These
highly lipophilic metabolites were found associated with the plant cell walls,
although the nature of this association is yet to be determined.

Flavonoid compounds are natural plant constituents of wide distri-
bution in nature; among which are the flower and fruit pigments (antho-
cyanins) and the yellow pigments (flavones and flavonols), found in all plant
parts. These compounds share a common biosynthetic origin; being formed
of two phenolic ring systems A and B, which are derived from acetate and
cinnamate, respectively, although they differ in the oxidation level of the
heterocyclic ring C (see structure below). Flavones and flavonols, which
occur naturally as glycosides, may be O-methylated or O-glucosylated at
one or several positions on the flavonoid ring system. Partially and fully
methylated flavonoids are now considered to be widely distributed in the
plant kingdom (16,17). Both enzymatic reactions are believed to play an
important role in the detoxification of reactive hydroxyl groups and hence,
their compartmentation within plant cells and tissues (18).

\
\

Enzymatic O-methylation of flavonoids, which is catalyzed by O-
methyltransferases (E.C. 2.1.1.6-) involves the transfer of the methyl group
of an activated methyl donor, S-adenosyl-L-methionine, to the hydroxyl
group of a flavonoid acceptor with the formation of the corresponding
methylether and S-adenosyl-L-homocysteine. The latter product is, in
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most cases, a competitive inhibitor of the enzyme reaction (19). A number
of flavonoid-specific O-methyltransferases has recently been characterized;
among which are those which attack positions 3’ of flavones and flavonols
(20-22), 3'/5’ of anthocyanins (23), 4’ of isoflavones (24) and flavones (25),
5 of isoflavones (26), 7 of flavonols (27,28) and C-glycoflavones (29) and 8
of flavonols (30,31).

It should be noted, however, that these enzymes catalyzed single
methylation steps, and did not accept partially methylated substrates for
further O-methylation. The common occurrence of partially methylated
flavonoids (16,17), such as those of C. americanum (Figure 1), raised the
question as to whether multiple methyl transfers were catalyzed by one or
several position-specific O-methyltransferases!

Enzymatic glucosylation, on the other hand, is mediated by O-
glucosyltransferases (E.C. 2.4.1-) and involves the transfer of the glucosyl
moiety of a nucleotide diphosphate sugar to the hydroxyl groups of a phe-
nol/flavonoid acceptor with the formation of the corresponding glucoside
and the nucleotide diphosphate. The latter may also act as competitive
inhibitor of the enzyme reaction (32). Although glucosyltransferases are
known to be substrate-specific and position-oriented (33), it is not known
whether glucosylation of the less common 2’ and 5’ positions of flavonoids
(e.g., compounds 1 and III, respectively, Figure 1) is catalyzed by one or
two distinct enzymes.

The present work describes the multienzyme system which is involved
in the methylation-glucosylation sequence of Chrysosplenium flavonoids.
The latter tissue is an ideal experimental system since it accumulates six,
tri- to penta-O-methylated flavonol glucosides. Two of these, I and II, are
derivatives of 2'-substituted quercetin (3,5,7,4’, 5’-penta-hydroxyflavone);
two others, III and IV, are 6-substituted quercetin (quercetagetin) deriva-
tives; whereas the remaining two compounds, V and VI, are 2’-substituted
quercetagetin (Figure 1). Whereas the first pair of flavonoids is glucosylated
at the less common 2/-position, all the others are 5-O-glucosides. None of
the lower methylated intermediates of the pathway accumulate in this tis-
sue, although they can be synthesized enzymatically in vitro (34). Due to
the highly lipophilic, and partially hydrophilic, nature of these metabolites
it was considered of interest to study their intracellular localization in this
tissue.

Biogenesis of Chrysosplenium Flavonoids. Tracer experiments using [2-
14C]cinnamate administered to young shoots resulted in labeling of the six
methylated flavonol glucosides within 5 to 10 min pulse (Figure 2), but
none of the low methylated intermediates. Furthermore, the partially pu-
rified enzyme preparations catalyzed the methylation of quercetin, but not
quercetagetin, to its 3-mono-, 3, 7-di- and 3,7,4/-trimethyl derivatives (34-
36), as well as the glucosylation of partially methylated intermediates to
their corresponding glucosides (37). These results suggested the existence,
in this tissue, of the enzyme complement involved in the biosynthesis of
these metabolites and prompted the characterization of the individual en-
zymes of the pathway.
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The Multistep Methylation Sequence

Purification of O-Methyltransferases. Using conventional, open-column
chromatography alternatively with a fast protein liquid chromatography
(FPLC) system, we were able to purify five distinct, position-specific
methyltransferases (38,39). The last step of purification was achieved by
chromatofocusing on a Mono P analytical column (40) using a gradient
between pH 6 and pH 4 (Figure 3). The extent of purification of these
enzymes varied between 85 to 164-fold using conventional column and 400
to 650-fold using the FPLC system (Table I).

Table I. Properties of Chrysosplenium Methyltransferases

Property 3- 6- 7- 4'- 2'/5'
Purification (-fold)

Open column 85 92 6 164 123
HPLC 650 400 460 460 420
pH optimum 48 9.0 8.2 8.8 7.0
pl value 4.0 5.2 4.8 5.0 4.6

Mol. Wt. (Kd) 57 57 57 57 57
Km (SAM), uM 114 51 65 130 100
Km (Flav), uM 12 18 7 15 2

Ki (SAH), uM 45 16 10 44

Ki (Me-Flav), uM 128 167 15 10

Substrate Specificity of O-Methyliransferases. A flavonol with 4/,5'-
hydroxylation pattern, such as quercetin but not quercetagetin, is be-
lieved to be the first methyl acceptor in this pathway. The highly pu-
rified enzymes (Figure 3) exhibited strict position specificity for po-
sitions 3 of quercetin (3-methyltransferase), 7 of 3-methylquercetin (7-
methyltransferase), 4’ of 3,7-dimethylquercetin (4’-methyltransferase), 6
of 3,7,4'-trimethylquercetagetin (6-methyltransferase), 5’ of 5,2',5-tri-
hydroxy-3, 7, 4'-trimethoxyflavone-2'-glucoside and 2’-position of 5,2’,5'"-
trihydroxy-3, 6,7,4’- tetramethoxyflavone-5'- glucoside (2'-/5'-methyltrans-
ferase). It is interesting to note that, in contrast with the earlier enzymes
of the pathway which utilized aglycones as substrates, the two later methy-
lation steps (2'- and 5’-positions) took place at the glucoside level (Fig. 1),
and were catalyzed equally well by the same protein preparation (39,40).
However, in view of the strict position specificity of the former enzymes
(8-, 6-, 7- and 4’-methyltransferases), it can be assumed that the two later
methylation steps of the pathway may be mediated by two distinct enzymes
which remain to be resolved. None of these enzymes accepted phenyl-
propanoids, flavones, dihydroflavonols, or any of their glucosides. Both
substrate and position specificities of these enzymes indicate a coordinated
sequence of methyl transfers to quercetin — 3-methylquercetin — 3,7-
dimethyl-quercetin — 3,7, 4'-trimethylquercetin. After hydroxylation of

In Plant Cell Wall Polymers; Lewis, N., etal.;
ACS Symposium Series; American Chemical Society: Washington, DC, 1989.



8. IBRAHIMETAL.  Polymethylated Flavonoids 127

»

¥ o
A4

II

-
.m

Origin
Figure 2. Photograph of an autoradiogram of the chromatographed leaves

administered [**C]cinnamate for 10 min. Compounds I to VI (Figure 1) are
the final flavonoid metabolites which accumulate in this tissue.
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Figure 3. Elution profile of five O-methyltransferases after chromatofocus-

ing on an analytical Mono-P column, using a gradient between pH 6 and
pH 4.
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the latter at position 2’ and its subsequent glucosylation, it is further methy-
lated to its 5-methyl derivative (compound II). 3,7, 4’-trimethylquercetin
may also be hydroxylated at position 6, further methylated at that position
(compound III), then glucosylated at 5’ (compound IV). The latter, after
further hydroxylation at the 2"-position (compound V) is finally methylated
to compound VI (Figure 1).

Properties of O-Methyliransferases. The different enzymes exhibited dis-
tinct pI values and pH optima (Table I), although they had similar molecu-
lar weights. Unlike the other enzymes of the methylation sequence, the
6-methyltransferase exhibited absolute requirement for Mg ions, whose
activation was saturable and was inhibited by EDTA. The different O-
methyltransferases were inhibited by 1 mM of the SH group reagents, p-
chloromercuri-benzoate and N-ethylmaleimide to various extent. The addi-
tion of 14 mM 2-mercaptoethanol partially prevented this inhibition (38).

Kinetics of O-Methylation. The steady state kinetic analysis of these en-
zymes (41,42) was consistent with a sequential ordered reaction mecha-
nism, in which S-adenosyl-L-methionine and S-adenosyl-L-homocysteine
were leading reaction partners and included an abortive EQB complex.
Furthermore, all the methyltransferases studied exhibited competitive pat-
terns between S-adenosyl-L-methionine and its product, whereas the other
patterns were either noncompetitive or uncompetitive. Whereas the 6-
methylating enzyme was severely inhibited by its respective flavonoid sub-
strate at concentrations close to Km, the other enzymes were less affected.
The low inhibition constants of S-adenosyl-L-homocysteine (Table I) sug-
gests that earlier enzymes of the pathway may regulate the rate of synthesis
of the final products.

Glucosylation of Partially Methylated Flavonols

The fact that Chrysosplenium flavonoids are glucosylated at the less com-
mon 2'- and 5'-positions prompted an investigation as to whether both
glucosylation steps are mediated by one or two distinct enzymes.

Purification of 2'-/5'-O-Glucosyliransferase. Previous studies in this labo-
ratory (37) have demonstrated the existence, in this tissue, of a novel ring
B-specific O-glucosyltransferase. This enzyme attacked either 2'- or 5'-
position of partially methylated flavonols and required two, para-oriented
substituents on ring B for optimum activity (e.g., aglycones of II and VI,
Figure 1). The fact that the 2'- and 5'-glucosylating activities could not
be separated by either conventional chromatography on several columns
(37) or by FPLC (43), seemed to indicate that both glucosylations may
be catalyzed by one enzyme. However, unlike other glucosyltransferases
(32) the Chrysosplenium enzyme binds UDP (44), the second product of
the reaction. This kinetic property allowed binding the enzyme to a UDP-
glucuronic acid agarose affinity support (43), although it did not bind to
UDP-agarose. The glucosyltransferase activity was eluted at approximately
60 mM KCl, then desalted before being applied to Brown 10X dye ligand
at pH 6.5. Elution of the enzyme protein from the latter column was per-
formed using a linear pH-salt gradient, and resulted in the separation of
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the 2'- and 5'-activities at pH values of 7.8 and 7.3, respectively (Figure 4).
The combined purification steps resulted in an increase in specific activ-
ity of 1200-fold (43). Each of the purified fractions gave a single flavonoid
glucoside when assayed against the respective aglycone, as shown by autora-
diography of the reaction products (Figure 4, insert). These results indicate
that glucosylation of the 2’-and 5'-positions of flavonoids is catalyzed by
two distinct enzymes.

It should be pointed out that, in contrast with the enzymes of primary
metabolism (e.g., photosynthesis, respiration, etc.), those catalyzing the
synthesis of secondary metabolites usually occur in very low abundance,
and are therefore, very difficult to purify to homogeneity especially for the
purpose of raising antibodies. However, the recent advances in immuniza-
tion and selection techniques made it possible to overcome the need for
homogeneous protein in order to raise monoclonal antibodies.

Immunological Evidence for 2'-0-Glucosyltransferase. Murine monoclonal
antibody to the partially purified enzyme was produced by an in vitro im-
munization technique (45) of Balb/c mice spleen cells, followed by fusion
with mouse myeloma cells. Screening culture supernatants of the resulting
hybridomas by an enzyme-linked immunosorbent assay (ELISA) revealed
the presence of two highly immunoreactive IgM-secreting clones, C3-2 and
C7-1 (Table IT) (46). Only the former clone displayed > 50% inhibition of
the 2’-glucosyltransferase activity, whereas neither antibodies C3-2 nor C7-
1 inhibited the 5-activity (Figure 5). These results clearly demonstrate the
existence of an immunologically distinct flavonol 2’-O-glucosyltransferase.
Furthermore, the native form of this enzyme was essential for recognition
by the C3-2 antibody, hence, immunoreactive bands on Western blots (Fig-
ure 5, insert) could only be visualized following native-PAGE, and not
SDS-PAGE. Further work is aimed at selecting a 5’-specific antibody in or-
der to demonstrate, unequivocally, the involvement of two distinct 2’- and
!-glucosyltransferases.

Table II. Specific Fusion Efficiency

Ig-Producing Wells

(% of total) Specific Immunoreactive
Wells (% of
Fusion IgM IgG IgM-Secretors)
Day 5 50.5 3.6 22.2
Day 7 45.9 0.5 18.6

Properties of the Glucosyliransferase. Except for its strict substrate speci-
ficity, the properties of this enzyme were similar to those of other flavonoid
glucosyltransferases (32,33) and are listed in Table III.

Kinetics of Glucosylation. The detailed kinetic analysis of the partially pu-
rified enzyme (44) was consistent with an ordered bi bi mechanism, where
UDP-glucose binds to the enzyme first, followed by the flavonoid aglycone
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Figure 4. Elution profile of the 2’- and 5’-O-glucosyltransferases after chro-
matography on Brown 10X agarose column using pH-salt gradient. Insert:
autoradiographed enzyme reaction products.
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Figure 5. Immunoremoval (inhibition) of 2’-glucosyltransferase activity by
different concentrations of monoclonal antibody C3-2. Insert: Western blot
of the native enzyme after PAGE (left, control; right, blot with C3-2 anti-
body).
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Table II1. Properties of Chrysosplenium Glucosyltransferases

Property 2'- 5’
Purification (-fold) 1200 1200
pH optimum 8.0 8.0
pl value 5.2 5.2
Mol. Wt. (Kd) 42 42
Km (UDPgle) pM 250 250
Km (Flav.) uM 5 10
Ki (UDP) uM 25 20
Ki (Flav. gluc.) uM 1000 1000

and the release of the glucoside followed by UDP. The latter was a com-
petitive inhibitor with respect to UDP-glucose and noncompetitive with
respect to both UDP-glucose and the flavonoid substrate. The high in-
hibition constant of the glucosylated product, as compared with those of
the substrate and co-substrate (Table III) indicates that glucosylation of
the partially methylated flavonoids is not inhibited by the products formed
(44), and is consistent with the accumulation of compounds I, II, V and VI
(Figure 1) as the major flavonoid constituents of this tissue.

Regulation of Flavonoid Synthesis in C. americanum. Biosynthesis of
methylated flavonol glucosides seems to be under tight regulation, not only
by the substrate specificity of the enzymes involved, but also by other fac-
tors, among which are: (a) the strict position specificity of these enzymes
towards their hydroxylated or partially methylated substrates; (b) the ap-
parent difference in microenvironment of the different methyl-transferases,
whereby those earlier in the pathway utilized aglycones whereas later en-
zymes accepted only glucosides as substrates; (c) the subtle characteris-
tic differences in methyl-transferases with respect to their pH optima, pl
values and requirement for Mg ions, despite their similar molecular size;
(d) the sequential ordered mechanism of all the enzymes involved in the
methylation-glucosylation sequence of this pathway. Another important
aspect of regulation derives from the kinetic analysis of the enzymes stud-
ied. This is demonstrated by the similarity of their kinetic mechanisms and
their regulation by a specific range of substrate and product concentrations
(41,42). Despite the fact that the methylating enzymes had Km values in
the same range as those of glucosylation, however, the Ki values for the
latter reaction were in the mM range as compared with the uM values for
methylation (Tables I and IIT), and are consistent with glucoside accumula-
tion as the final products. Another means of regulation of the methylation
sequence involves the differential affinities of the different enzymes for S-
adenosyl-L-methionine and S-adenosyl-L-homocysteine (41,42). Whereas
the four methyltransferases studied exhibited similar affinities for their re-
spective flavonoid substrates (Table I), the affinity for the methyl donor S-
adenosyl-L-methionine was similar for the 3- and 4’-O-methyltransferases,
while those attacking positions 6 and 7 were two times greater. Further-
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more, the former enzymes were subject to inhibition by low concentrations
of S-adenosyl-L-homocysteine, since the apparent Ki for the latter two en-
zymes was 25 times smaller than the Km for S-adenosyl-L-methionine, as
compared with 3 and 6 times for the 6- and 7-methyltransferases, respec-
tively (Table I). These characteristics suggest that the enzymes earlier in
the methylation sequence may regulate the rate of synthesis of the final
products.

Localization Studies. Localization of flavonoid compounds has usually been
studied using cytochemical methods, including the formation of precipi-
tates with suitable reagents for nonfluorescent compounds (18,33 and refs.
therein), as well as ultraviolet flucrescence microscopy for fluorescent com-
pounds. Despite the variety of techniques used in the separation of plant
tissues for localization of metabolites, it is difficult to interpret the data
due to the varying degree of purity of the isolated tissue/organelle, or its
possible contamination with the metabolites released during isolation. Such
problems have been compounded by the lack of specific histochemical tests
for the detection of phenolic/flavonoid compounds, and their solubility in
the organic solvents normally used for microscopic preparations. There-
fore, we have used three different strategies for the localization, in situ, of
Chrysosplenium polymethylated flavonol glucosides.

Electron Microscopy. Using caffeine as prefix and visualizing agent (47
and refs. cited therein) allowed us to study the ultrastructural features
of flavonoid accumulation in this tissue. These studies (48) revealed the
presence of electron-dense deposits within the walls of leaf epidermal and
mesophyll cells (Figure 6A). Various membrane profiles and associated vesi-
cles in the periplasmic area were also filled with darkly stained material.
The fact that most of these vesicles were fused with the plasmalemma (Fig-
ure 6A) suggested the secretory nature of these cells (47). There was no
evidence to indicate that the Golgi apparatus was involved in packaging or
channeling of flavonoids. Furthermore, the cell wall flavonoid deposits (Fig-
ure 6A) could be leached out by dipping leaf segments in organic solvents
for 1-2 second intervals (48). HPLC analysis of these effusates indicated
the recovery of the major flavonoid constituents. These observations are
consistent with the lipophilic nature of the highly methylated flavonol glu-
cosides and their localization within the walls of epidermal and mesophyll
cells of this tissue.

Immunofluorescence. This is a sensitive, highly specific technique which
has recently been used for the localization of large molecules, such as stor-
age proteins or enzymes. To our knowledge, there has been no informa-
tion on the use of this technique for flavonoid localization. This may be
due to the difficulty in raising antibodies against relatively small molecules
(ca. < 5000 dalton). Compound I (Figure 1) was conjugated to bovine
serum albumin by the diazo reaction (49) and was used to raise antibody
in rabbits (50). This antibody was found to be specific for the 2'-glucosides
of tri- and tetramethoxyflavones I and II. However, there was some cross re-
activity against the pentamethoxyflavone-5'-glucoside (compound VI), but
none with quercetin or any of its tri- or tetramethyl derivatives (50). This
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Figure 6. A: Photomicrograph (x 51,000) of caffeine treated leaf epidermal cell
showing electron-dense deposits on cell wall and membrane vesicles fusing with
the plasmalemma (arrows). B: Immunofluorescence labeling of flavonoids in cell
walls of leaf epidermal strips (arrows) and autofluorescent stomata (x 62.5). C:
Immunogold labeling of the walls of a mesophyll cell (left, x 41,000). Ch,
chloroplast; EC, epidermal cell; G, Golgi; IS, intercellular space; MC, mesophyll
cell; (right, control x 19,500).
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antibody was applied with an indirect immunofluorescence technique (51)
utilizing fluorescein isothiocyanate-labeled goat antirabbit antibody with
leaf epidermis, cross sections and protoplasts. The results (Figure 6B)
indicated that flavonoid accumulation occurred mainly in the walls of epi-
dermal cells and, to a much lesser extent, in mesophyll cell walls. The weak
fluorescence observed in the vacuoles of protoplasts suggested a minor role
of this compartment in the accumulation process (51).

Immunocytochemistry.  Further unequivocal evidence for the site of
flavonoid accumulation was obtained using the proteinA-gold post-embed-
ding technique (52), coupled with transmission electron microscopy (53).
Antibody-specific labeling was observed mainly on the walls of epider-
mal and mesophyll cells (Figure 6C). Furthermore, there was significant
amount of labeling associated with the plasmalemma, but none with other
organelles such as the endoplasmic reticulum, Golgi or chloroplasts. These
results provide strong evidence for the localization of partially methylated
flavonol glucosides in the cell walls of this tissue.

Significance of Flavonoid Accumulation in Cell Walls

Whereas the accumulation of flavonoids in plant cell walls may be difficult
to explain, however, it may be considered as a means of eliminating such
cytotoxic agents from the cell symplast. Such site for flavonoid accumula-
tion may also be considered as a means of protection against pathogens,
predators and ultraviolet radiation (54), especially in the absence of ligni-
fied tissues, as in the case of Chrysosplenium.

Conclusions

To our knowledge, this is the first reported instance where flavonoid com-
pounds have been found in association with plant cell walls. Whereas the
enzymes involved in the biosynthesis of these wall constituents have always
been recovered in the cytosolic fraction, it is not known whether they are
actually soluble, or easily solubilized enzymes. It is tempting to postulate
that flavonoid synthesis in Chrysosplenium takes place on the surface of an
aggregated, membrane associated (e.g. the ER) multienzyme system (55),
where the component enzymes may be loosely associated or held together
by non-covalent bonds. Despite the unsuccessful attempts to isolate such an
aggregate, however, several lines of evidence (biosynthetic, enzymatic and
kinetic), mentioned above, tend to support this concept. Due to their cyto-
toxicity and highly lipophilic nature, these metabolites may be sequestered
in the form of ‘flavonoid vesicles,” which have been observed (48) to fuse
with the plasmalemma for the discharge of their contents within the cell
walls. The fact that these metabolites were readily recovered from leaf
effusates suggests that they may be adsorbed on cell wall proteins. Sub-
cellular localization of the enzymes catalyzing this pathway should provide
supporting evidence for this proposed model. We are working along these
lines.
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Chapter 9

Phenolic Constituents of Plant Cell Walls and Wall
Biodegradability

Roy D. Hartley! and Clive W. Ford?*

'Richard B. Russell Agricultural Research Center, Agricultural Research
Service, U.S. Department of Agriculture, Athens, GA 30613
*Division of Tropical Crops and Pastures, Commonwealth Scientific and
Industrial Research Organisation, Cunningham Laboratory, St. Lucia,
Queensland 4067, Australia

The nature and amounts of low molecular weight phe-
nolic constituents in cell walls of graminaceous plants
(grasses and cereals) are reviewed and relationships dis-
cussed between these constituents and wall biodegrad-
ability. The formation in cell walls of 4,4’-dihydroxy-
truxillic acid and other cyclodimers of p-coumaric and
ferulic acid is suggested as an important mechanism for
limiting the biodegradability of wall polysaccharides.

An understanding of relationships between cell wall constituents and wall
biodegradation is of particular importance to the economics of animal pro-
duction since low digestibility of forages is associated with reduced intake.
Such an understanding is also important in elucidating the role of fiber in
human nutrition and of the decomposition of organic matter in soil.

Various components of cell walls including silica, highly ordered cel-
lulose structure and acetyl groups linked to hemicellulose have been sug-
gested as possible detrimental factors causing low biodegradability of the
wall polysaccharides, but there is an increasing body of evidence suggest-
ing that the phenolic constituents (including lignin) are an important factor
(e.g., see reviews 1-3). Many studies in animal nutrition have shown that
as the lignin content of graminaceous cell walls increases, their digestibility
in the rumen of cattle or sheep decreases. A major problem of relating
chemical structure to digestibility from this work is that the compounds
comprising forage lignins are ill-defined. For example, Klason lignin of for-
ages can contain cutins, carbohydrate degradation products and nitroge-
nous material (1). When considering mechanisms of wall biodegradation,
account must also be taken of the accessibility of the various wall types to
wall degrading enzymes (4).

In recent years, positive relationships have been found between pheno-
lic constituents of cell walls liberated by alkali and biodegradability of the
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138 PLANT CELL WALL POLYMERS

walls measured in vitro with rumen liquor from sheep or cattle, or with a
commercial cellulase preparation having hemicellulase activity (“cellulase”)
(1). For example, when cell walls of maize stem were treated with sodium
hydroxide (0.1M) at 20°C for various times to release different amounts of
phenolics, a highly significant correlation (r = 0.98) was found between the
amount of phenolics released and wall biodegradability (measured by “cel-
lulase”) (5). It is of interest to note that alkali treatment of poor quality
graminaceous forages (e.g., cereal straw) is used commercially to increase
their biodegradability, and thus their feed value for the animal (1).

This paper examines the nature and amounts of monomeric and
dimeric phenolic constituents of the walls of graminaceous plants and the
relationships of these constituents to wall biodegradability.

Monomeric Phenolic Acids, Aldehydes and Dehydrodiferulic Acid
of Cell Walls

Phenolic acids and aldehydes released from graminaceous cell walls by treat-
ment with alkali are shown in Figure 1. Examples of the amounts released
from various cell walls are listed in Table I

Table I. Amounts of Phenolic Acids and Phenolic Aldehydes Released from
Graminaceous Cell Walls by Treatment with Sodium Hydroxide

Phenolic Acid Italian
or Aldehyde Maize Barley = Wheat Ryegrass
(mg g~! cell walls) Stem(6) Stem(6) Bran(6)  Shoot(7)
Trans+ cis-p-coumaric acid 33.05 3.42 0.07 0.90
Trans+ cis-ferulic acid 3.78 2.26 5.60 6.50
Trans, trans+cis, trans-

dehydrodiferulic acid 0.11 0.13 0.18 0.20
p-Hydroxybenzaldehyde 0.26 0.02 0.06 n.d.
Vanillin 0.22 0.23 0.10 n.d.
Syringaldehyde 0.22 0.10 zero n.d.

n.d. - not determined.

The amounts of the trans isomers of p-coumaric and ferulic acids were
approximately ten times those of the corresponding cis isomers: dehydrod-
iferulic acid occurred mainly as the trans, trans isomer. A major difference
between cell walls of temperate (e.g., ryegrass, wheat) and sub-tropical
(e.g., maize, Coastal bermudagrass) graminaceous plants is that the lat-
ter group contain comparatively large amounts of trans-p-coumaric acid
(1,3,8,9). Several other families of monocotyledons and some species of
dicotyledons have similar contents of p-coumaric and ferulic acids to those
of graminaceous plants (10, 11).

At least some ferulic acid units in the cell walls of vegetative parts
of sugar cane, maize and barley are esterified via the carboxyl group
to arabinose units (12-14). This was established by treatment of these
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walls with “cellulase,” leading to the release of water-soluble O-[5-0-(trans-
feruloyl) -a-L-arabinofuranosyl]-(1 — 3)-O-8-D-xylopyranosyl-(1 — 4)-D-
xylopyranose (FAXX, Ia). A similar method led to the release of O-[5-O-
(trans-p-coumaroyl)-a-L-arabinofuranosyl]-(1 — 3)-O-3-D-xylopyranaosyl
-(1 — 4)-D-xylopyranose (PAXX, Ib) from cell walls of barley straw show-
ing that some trans-p-coumaric acid units are similarly linked to the walls
(14): approximately 17% of the trans-p-coumaric acid that could be re-
leased from the walls by treatment with cold sodium hydroxide solution
was recovered as PAXX and 50% of the trans-ferulic acid was recovered
as FAXX. These recoveries should be seen as minimum values as grinding
small amounts of the cell walls to a smaller particle size before treatment
with “cellulase” increased the yields of PAXX and FAXX. It was estimated
that one in every 31 arabinose residues was esterified with trans-p-coumaric
acid and one in every 15 with trans-ferulic acid (14).

There is also evidence that at least some of the phenolic aldehydes and
dehydrodiferulic acid (Figure 1) are linked covalently to cell wall polysac-
charides. When ryegrass cell walls were treated with “cellulase,” the alde-
hydes and the acid were released as water-soluble carbohydrate-aromatic
compounds from which the aromatics were released by cold sodium hy-
droxide treatment (6,7). This suggests that these compounds are either
ether-linked or, in the case of the acid, ester-linked to the polysaccharides.

It has been proposed that dehydrodiferulic acid units are formed by
enzymic dehydrogenation of two ferulic acid units ester-linked to the cell
wall (15). As can be seen from Table I, only very small amounts of the acid
were found in cell walls: it seems unlikely that such amounts are sufficient
to have a large effect on limiting the biodegradation of the walls.

Several workers have suggested that some, and possibly most, of the
p-coumaric acid in graminaceous cell walls is ester-linked to lignin (16-19).
Others have provided evidence that a small proportion of the ferulic acid
units of cell walls are ether-linked via their phenolic groups to lignin (20).

Relationships with Biodegradability. As grasses mature and wall biodegrad-
ability decreases, the lignin content of their cell walls increases and the ratio
of ferulic to p-coumaric acid in the walls decreases (2,21,22). Ruminant
digestion of such walls leads to a preferential loss of ferulic acid, probably
due to the degradation of mesophyll and other cell types that contain rela-
tively high proportions of this acid compared with p-coumaric acid (21-25).
It is also of interest to note that esterification of cell walls of orchard grass
with p-coumaric and ferulic acids led to a decrease in wall biodegradabil-
ity: a linear relationship was found between the rate of esterification and
biodegradability (26).

The toxicity of monomeric phenolic acids and aldehydes of gramina-
ceous cell walls to microflora in the rumen has been examined by several
workers (3,27-32). In general, trans-p-coumaric acid was found to be the
most toxic of the phenolic acids and decreased the rate of digestion of the
cell walls. An important effect of the acid is that it limits the attachment of
wall-degrading bacteria (32). The toxicity of p-hydroxybenzaldehyde was
similar to p-coumaric acid but only very small amounts of the aldehyde
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have been found in cell walls. As yet there are no reports in the literature
of the effects of dimeric phenolic acids on microorganisms.

Dimeric Phenolic Acid Constituents (Substituted Cyclobutanes)
of Cell Walls

Recent work has shown that a dimer of p-coumaric acid, 4,4’-dihydroxy-
truxillic acid, is released from the cell walls of a temperate grass (Lolium
multiflorum) by alkali treatment. The dimer was identified by gas chro-
matography/mass spectrometry of its tetra-trimethylsilyl (TMSi) deriva-
tive (33) and, from comparative studies, appeared to be identical to the
synthetic isomer (II) prepared by the method of Cohen et al. (34). This
compound, designated as a p-coumaric acid-p-coumaric acid (PCA-PCA)
dimer, was also identified in the cell walls of tropical grasses (Setaria an-
ceps, Digitaria decumbens, Heteropogon contortus). Cell walls of Lolium
multiflorum and the tropical grasses also contained other PCA-PCA type
isomeric dimers as well as analogous substituted cyclobutane dimers of
ferulic acid [ferulic acid-ferulic acid (FA-FA) type] and “mixed” dimers [p-
coumaric acid-ferulic acid (PCA-FA) type] (35: Ford, C. W.; Hartley, R.
D., unpublished).

The total amount of PCA-PCA, FA-FA and PCA-FA dimers released
from leaf and stem cell walls of the tropical grasses ranged from 0.5 to
4.4 mg g~! dry walls. These values compare with the total amount of p-
coumaric plus ferulic acids ranging from 14 to 21 mg g~! dry walls; only
traces of dehydrodiferulic acid were detected (Ford, C. W.; Hartley, R. D.,
unpublished).

It is well established that cinnamic acid and some substituted cinnamic
acids (including trans-p-coumaric acid but not ferulic acid) can be dimerized
tn witro by sunlight to truxillic and truxinic acids and their derivatives
(34,36,37). Theoretically, trans-p-coumaric acid can produce 12 isomers
depending on whether head-to-tail (4,4’-dihydroxytruxillic acid) or head-
to-head (4,4’-dihydroxytruxinic acid) dimerizations occur with syn or ant
and with cis or trans ring junctions (37). Mass spectrometric analysis of the
tetra-TMSi derivatives showed that head-to-tail dimers split symmetrically
on electron impact, whereas head-to-head dimers fragment asymmetrically
(Figures 2 and 3) (33,35,38,39). Thus the tetra-TMSi derivative of 4,4’
dihydroxytruxillic acid has a mass spectrum similar to that of the bis-TMSi
derivative of p-coumaric acid (33).

Further examination of the mass spectra of the cyclodimers (PCA-
PCA, FA-FA and PCA-FA types) from tropical grasses indicated that head-
to-tail dimerization was most common; head-to-head dimerization was only
found in PCA-PCA type dimers (Ford, C. W.; Hartley, R. D., unpublished).

It therefore seems probable that, in the cell walls of the growing plant,
dimerization of p-coumaric and ferulic acid units linked to arabinoxylan
occurs under the influence of sunlight. Earlier work (34) showed that trans-
p-coumaric acid converts readily in sunlight to 4, 4’-dihydroxytruxillic acid.
It has recently been shown (40) that FA-FA and PCA-FA type cyclodimers
can be obtained in low yield (less than 10%) by irradiating mixtures of the
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Figure 2. Symmetrical splitting (mass spectrometry) of the tetra-TMSi
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derivative of 4,4’-dihydroxytruxinic acid.

In Plant Cell Wall Polymers; Lewis, N., etal.;
ACS Symposium Series; American Chemical Society: Washington, DC, 1989.



144 PLANT CELL WALL POLYMERS

monomers in plant growth cabinets in which the lighting approximately
simulates low intensity sunlight.

The only stem materials examined were from the Setaria anceps and
Digitaria decumbens grasses. The major substituted cyclobutane dimers in
these walls appeared, from the mass spectral data, to be mixed dimers of
ferulic acid and coniferyl alcohol (FA-ConAlc type). Further examination
of the aromatics of stems is required but if such dimers are present then
they may well be involved in the biosynthesis of lignin (41, 42).

Formation of phenolic dimers in plant cell walls during growth could_
cause the cross-linking of polysaccharide chains leading to increased wall
rigidity as well as limiting biodegradability by microorganisms in the an-
imal or in soil. As yet it is not understood how this cross-linking process
relates to that of lignification. The relationships of the amounts of low
molecular weight phenolics, particularly p-coumaric acid, of graminaceous
cell walls with wall biodegradability could be utilized by the plant breeder
as one of the selection criteria for the production of forages with increased
digestibility for ruminant feeds.
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Chapter 10

An Improved Radiotracer Method for Studying
Formation and Structure of Lignin

Noritsugu Terashima

Faculty of Agriculture, Nagoya University, Nagoya 464—01, Japan

Since it is impossible to isolate lignin in its unaltered
state, or to depolymerize it quantitatively into known
structural entities, it has been difficult to determine
lignin structure in the cell wall directly. Among attempts
to circumvent these difficulties, the improved radiotracer
method has provided useful information unobtainable by
other methods. In this approach, specific dual-labeling
of structural units in protolignin in intact plant tissue
was achieved by administration of 3H and #C labeled
lignin precursors to differentiating tree xylem. Subse-
quent analysis of the resulting tissue {or lignin isolated
from the tissue)} was then carried out. These double-
labeling experiments provided quantitative information
on the structure of protolignin, as well as the changes
occurring during its removal. Extension of this im-
proved technique to the dehydrogenative polymerization
of monolignols in vitro provided a method of more closely
simulating lignin biogenesis in the cell wall.

Many approaches have been employed to attempt to elucidate the structure
of lignin. However, most studies dealt with isolated lignins and utilized a
number of different physical and chemical methods. These have included
'H-NMR, 3C-NMR, UV and IR spectroscopy, and the analysis of degrada-
tion products from acidolysis, thicacidolysis, alkaline nitrobenzene oxida-
tion, permanganate oxidation, hydrogenolysis, and pyrolysis. While these
methods provided important basic information on the structure of isolated
lignins, its structure within the cell wall still remains an open question.
This is because (i) in its native state, lignin is heterogeneous with respect
to its macromolecular structure, morphological location and association
with carbohydrates; this information is lost during its isolation from the
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cell wall; and (ii) it is impossible to obtain a lignin sample which can be
unambiguously considered to represent whole protolignin; moreover, (iii) it
is very difficult to depolymerize lignin quantitatively into known monomeric
or oligomeric building units by established degradative methods.

In attempts to circumvent these difficulties, protolignin within cell
walls has been examined by means of non-degradative methods such as
UV, IR, Raman and NMR spectroscopy, SEM-EDXA and histochemical
analysis. In addition to these techniques, administration of radio-labeled
lignin precursors to actively lignifying plant tissue tn vivo, followed by ap-
propriate analyses of the lignin, has contributed greatly to our current
understanding of lignin structure.

The specific labeling of lignin in plant tissue is usually achieved by
administration of an appropriate precursor when lignification is actively
occurring. Suitable precursors include L-phenylalanine, p-coumaric acid,
ferulic acid, sinapic acid, p-glucocoumaryl alcohol, coniferin and syringin.
For graminaceous plants, L-tyrosine is also effective. Labelled precursors
can be prepared by replacement of either a specific hydrogen or carbon of
the precursor with 3H or 14C respectively. Of these precursors, the mono-
lignol glucosides, which occur naturally in the cambial sap of gymnosperms
(1) and some angiosperms (2), have been shown to be the most suitable
precursors for specific labeling of lignin in many plants (3,4). For example,
monolignol glucosides were efficient precursors of lignin in both poplar (5)
and rice plants (6), even though these glucosides were not detected in the
lignifying tissues of these plants. Further, since cinnamyl alcohol-glucosyl
transferases are widely distributed in the plant kingdom (7,8), this sug-
gests that these glucosides may function as universal precursors for lignin
biosynthesis.

In this chapter, improvements in the application of the radiotracer
methods are discussed, using as an example, the in vivo formation of “con-
densed” substructures in the lignin macromolecule. Additionally, (i) the
structural changes that the lignin macromolecule undergoes during its re-
moval by chemical means; (ii) the use of labeled synthetic lignin prepara-
tions; and (iii) the importance of carbohydrates in lignification, are dis-
cussed.

Materials and Methods

Selective Labeling of a Specific Structural Unit in Protolignin. In the ex-
periments described, two to five year old shoots of approximately the same
size were cut from trees grown under similar conditions. To each shoot, the
labeled precursor was administered through the cut end. After a predeter-
mined period for uptake and metabolism, the bark tissue was removed. The
newly formed xylem tissue containing cell walls at the same stage of differ-
entiation was collected mechanically by cutting 100 uM tangential sections
from the cambium toward the inner part of the xylem tissue by means of a
sliding microtome.

For radioassays, sections were milled to about 40 mesh, and then ex-
tracted successively with ethanol, benzene-ethanol and hot water. The
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resulting tissue was then subjected to combustion to give, depending upon
the precursor administered, either 3H,0, 14CQs, or both. Radioactivity
contents were then determined by liquid scintillation counting. The stan-
dard deviation of the assay was 2%.

Synthesis of DHP (Dehydrogenative Polymer) from Coniferyl Alcohol-[3H,
Y4C] in the Presence of Carbohydrates. Coniferyl alcohol-[ring 53H, U-14C]
(10 mg, 3H, 8300 dpm; 4C, 3630 dpm) was dissolved in Britton Robinson
buffer (2.0 ml) containing the appropriate polysaccharide (30 mg) and per-
oxidase (10 pg, Horseradish Type II, Sigma Co., USA) to afford a gel. Hy-
drogen peroxide (0.5 mL, 0.5%) was slowly added by permeation through a
cellulose dialysis membrane, spread over the end of a glass tube (diameter:
1.5 cm) and inserted just below the surface of the gel. Following poly-
merization at 25°C for 53h, the water was removed slowly in a desiccator
under slightly reduced pressure. The reaction mixture was then macerated
in ethanol (0.5 mL x3), to dissolve the soluble DHP fraction and any low
molecular weight entities, thereby leaving an insoluble lignin-carbohydrate
complex (LCC). The DHP polymer was then obtained by combining the
ethanol fractions, removing the solvent under reduced pressure, and then
redissolving the residue in CH3Cl,-EtOH (0.5 mL, 2:1 v/v). This solution
was then poured into dry ether (10 mL), following which the precipitated
DHP was collected by centrifugation (8000x g, 10 min).

Results and Discussion

Specific Labeling of Protolignin. The major part of softwood lignin is consti-
tuted of guaiacyl lignin. Consequently, ferulic acid is efficiently and intactly
incorporated into guaiacyl lignin in pine (9). However, when hardwoods
are administered radiolabeled ferulic or sinapic acids in the light, consid-
erable methoxylation or demethoxylation of guaiacyl or syringyl residues
can occur, thereby interconverting said precursors. To some extent, such
interconversions can be reduced by administering these precursors in the
dark, e.g., when [ring-2-3H] ferulic or sinapic acids were individually ad-
ministered to poplar shoots, the distribution of label into guaiacyl and
syringyl components was 80:20 and 27:73, respectively (10). This distri-
bution was established by subjecting the lignin to nitrobenzene oxidation,
and determining the radioactivity of the liberated aldehydes, vanillin and
syringaldehyde.

These precursor scrambling problems were essentially overcome by ad-
ministering labeled coniferin and syringin to Magnolia kobus DC (3). The
lignin so obtained was then subjected to oxidation as before, where it was
found that 90 and 99% of the activity of total aldehydes was present in
vanillin and syringaldehyde, respectively (3), i.e., the glucosides were in-
corporated selectively into the lignin polymer. [Note that the monolignols
themselves are not normally used in labeling experiments, even though they
are the immediate precursors of lignin. This is because they can be poly-
merized without any biochemical control, as soon as they are in contact
with tissue containing peroxidase and hydrogen peroxide, and could thus
potentially give erroneous results.]
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Analysis of the Structure and Reactions of Lignin by the Double-Labeling
Technique. Table I shows the type of information that can be obtained
by means of double-radiolabeling experiments, using as an example gym-
nosperm tissue. That is, by judicious use of doubly-labeled precursors, it is
possible to ascertain the extent of substitution/condensation reactions at
selected aromatic ring positions, as well as demethylation and (propanoid)
side-chain elimination reactions. Such strategies are described in greater
detail below, using both gymnosperms and angiosperms.

Table I. Use of Doubly labeled Guaiacyl Lignin Precursors in Lignin
Biosynthesis Studies

Position of Label in Precursor

3H 14C Information Attainable

Arom. ring 5 Arom. ring Degree of substitution at the position
Arom. ring 2 Arom. ring of aromatic ring labeled with 3H
Arom. ring 6 Arom. ring

Methoxyl Arom. ring Demethylation, demethoxylation
Arom. ring 2 Side-chain C, Elimination of side-chain carbon
Arom. ring 5 Side-chain Cg (Cs,Cp and C,) and formation of
Arom. ring 6 Side-chain C, -1 structure

Degree of Substitution at the Aromatic Ring. This method is based on
the fact that when a lignin precursor, tritiated at a specific position in the
aromatic ring, is incorporated into the lignin polymer and then undergoes
a substitution reaction at that position, the corresponding tritium label is
eliminated. For example, if [arom. ring-5->H, U-'*C] coniferyl alcohol (I)
is incorporated into lignin, the degree of formation of substructures V-VII
(Fig. 1) can be estimated from the degree of substitution (D.S5.%). This is
calculated as follows:

3H/'C ratio of monolignol —3 H/!*C ratio of polymer

D.S.% = x 100

3H/14C ratio of monolignol

However, since the frequency of aromatic 4-O-5 diaryl ether substruc-
ture (V) in lignin is low (11-13), the D.S.% really provides an estimate of
the amount of “condensed” structures (VI, VII). This is illustrated in the
following example: When [ring-5-3H, U-14C] ferulic acid, a precursor of I,
was administered to Japanese black pine (Pinus thunberyii Parl.), an aver-
age D.S. value of 56% was obtained. However, this value varied widely from
30-80% depending upon the stage of cell wall formation examined. (The
different xylem sections were obtained by means of a microtome) (14,15).
These results can be explained as follows: during initial lignification, lignin
is deposited in the middle lamella and has a high D.S. (75-80%), thereby es-
tablishing that significant “condensation” has occurred (14). On the other
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hand, the lignin deposited in the secondary walls had a much lower D.S.
value (30-75%), indicating that this reaction was not as prevalent in that
tissue.

Other factors such as temperature (15), plant hormone addition (16),
light (17), gravity (14), and pH of the precursor solution (15), also have
an effect on the D.S. value. This can best be illustrated by examples: (i)
growth of P. thunbergii at room temperature (25-30°C) gave a lignin with
more condensed units (48-73%) than that obtained at 10°C (33-57%) (11);
(i1) when [ring-5-*H, U-14C] ferulic acid was administered in a solution con-
taining the plant hormone, auxin (IAA, 10~°M), the degree of condensation
increased (59-87%), whereas with abscisic acid (ABA, 107°M) it was re-
duced (24-64%); (iii) when the precursor solutions were administered at
pH 5.2 and 8.0, the D.S. was higher in the former case (54-79%) than in
the latter (54-71%). In all cases, higher and lower D.S. values were found
for lignins in tissue sections nearest to the cambium and in the tissue fur-
thest from the cambium (1000 pm) respectively. (iv) When a pine shoot
growing at an angle of 45° was administered [ring-5-3H, U-14C] ferulic acid,
the 3H/'C ratio was lower in the underside tissue than in the upperside,
as indicated in the D.S. (%) values shown in Table II (14,15). This in-
dicated that the lignin in compression wood of gymnosperms had more
condensed guaiacyl units (at C-5) than the lignin present in the upperside
wood, which more closely resembled normal wood. Note, though, that the
gymnosperm gingko showed a much smaller response; however, this result
was in agreement with other analyses establishing gingko to be an excep-
tion to most gymnosperms (18). In the case of angiosperms (poplar, locust
and oleander), however, the situation was very different than that of pine
(Table II). No significant differences in D.S. (%) values were observed at
position C-5 of the guaiacyl component of angiosperm lignin between the
upper and lower tissues. The DS values obtained for C-2 and C-6 also
provided valuable information: and these are shown for both gymnosperms
and angiosperms (16). As can be seen from Table II, these values were
low in all cases (< 3.9%) and no discernible differences between upper and
lower tissues were observable.

Thus, these results are in agreement with other studies (19,20), (e.g., by
degradative analysis) where it was found that (i) gymnosperm compression
wood lignin differs from “normal wood”lignin by virtue of its high content
of condensed units, and (ii) tension wood lignin in angiosperms contains
only slightly more condensed units than normal wood lignin.

Retention of Propanoid Side-Chains During Lignin Formation. As
noted previously from Table II, the degree of substitution at C-2 of the
guaiacyl ring of lignin was low (0-2%). This finding can be used to deter-
mine the extent of side-chain elimination as a result of formation of -1
structures (Fig. 1, Structure IV). In order to determine this, labeling of
the appropriate lignin precursor with 3H at C-2 of the aromatic ring, and
14C in the side-chain, was carried out. Obviously, if little or no elimination
of the side-chain took place during its incorporation into the lignin poly-
mer, then the 3H/!*C ratio would remain essentially unchanged. On the
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Table II. Degree of Substitution (%) of the Guaiacyl Ring of Lignin in the
Upper and Lower Portions of Various Tree Shoots Grown at a 45° Angle

Position 5 Position 6 Position 2

Upper Lower Upper Lower Upper Lower

(DS %)¢ (DS %)¢ (DS %)?
Pine® 52.1 62.2 3.9 3.9 2.0 2.0
Gingko? 49.9 51.8 0.0 0.0 0.0 0.0
Italian Poplar® 49.9 49.9 3.0 3.0 1.9 0.0
Kamabuchi Poplar?  54.1 51.1 2.0 2.0 2.0 2.0
Locust® 46.2 44.0 3.0 3.0 1.9 1.9
Oleander/ 47.9 47.3 0.0 0.0 0.0 0.0

Pinus thunbergit Parl.

Ginkgo biloba L.

Populus euramericana cv. ‘[-214’.

Populus nigra L. X Populus mazimiwizii A. Henry.
Robinia pseudoacacia L.

Nerium indicum Mill.

DS % = degree of substitution (%).

@ Y e A0 o 8

other hand, an increase would signify the involvement of side-chain elimina-
tion. These labeling studies showed, however, that little or no elimination
occurred (21). In agreement with this finding, 'H-NMR examination of
milled wood lignin from spruce and birch also revealed that the 8-1 content
was very low (22,23).

Retention of Methoxyl Groups During the Formation of Lignin in vivo.
Following uptake of [ring-2-3H, O'%CHj3] ferulic acid to growing stems of
pine and locust, and subsequent analysis of the resulting lignin, it was
found that no significant demethylation or demethoxylation of the guaiacyl
nucleus occurs during lignin formation (15).

Changes to the Macromolecule during Delignification. As discussed
beforehand, there is no method currently available for the isolation of pro-
tolignin in its unaltered state. On the other hand, while there are many
techniques used to isolate lignin, the effect of these chemical treatments
on the structure of the macromolecule is poorly understood. As previ-
ously mentioned, since the elimination of side-chain and methoxyl groups
scarcely occurs during gymnosperm lignin formation, the carbon skeleton
of gualacyl-rich protolignin can be considered to be mainly Ce-C3-OCHaj.
Thus, specifically labeled guaiacyl lignin can be used to determine some
of the changes that it undergoes during various chemical treatments. The
labeled guaiacyl lignin used in these studies was either present in intact
tissue of pine, or in an isolated milled wood lignin preparation (24). Table
IIT summarizes the results obtained. As can be seen, the lignins isolated by
solvolysis with ethanol, dimethoxypropane, benzyl ethyl ether or dioxane
had very similar H/14C ratios to that of the original protolignin (24). On
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the other hand, and as can be seen from the 3H/1C ratios obtained, sub-
stantial structural changes occurred during the isolation of Klason (24) and
kraft (25) lignins, with appreciable amounts of both methoxy groups and
side-chain carbons being lost. From these investigations, it can thus be con-
cluded that the average repeating unit in kraft lignin is Cg-Cs 32(OCH3)0.76,
i.e., significant modifications to the carbon skeleton have occurred (25). Es-
timation by 13C NMR gave similar results for loss of side-chain carbons for
pine kraft lignin (26).

Table II1. Relative Numbers of Methoxyl and Side-Chain Carbons to Gua-
iacyl Ring Carbons in Various Lignin Derivatives Isolated from Pinus thun-
bergii (25,26)

Arom. Side-
Lignin Type Ring Methoxy C, Cg C, Chain
Protolignin in cell wall 6.00 1.00 1.00 1.00 1.00 3.00

Benzyl ethyl ether lignin®  6.00 1.04 0.97 099 095 291
Dimethoxypropane lignin®  6.00 0.92 0.98 1.00 1.05 3.03

Ethanolysis lignin 6.00 0.99 0.95 0.95 0.96 2.86
Dioxane lignin 6.00 0.92 1.08 095 1.07 3.10
Klason lignin 6.00 0.87 092 0.92 0.84 2.68
Kraft lignin® 6.00 0.76 0.79 0.84 0.69 2.32

¢ Solvolysis lignin prepared by transetherification (24).

b Solvolysis lignin prepared with 2,2-dimethoxypropane (24).

¢ Wood meal singly labeled with *C was employed. This estimation
was made on the basis of radioactivity and UV absorbance (25).

Dehydrogenative Polymerization of Monolignols in vitro. As observed
from the microautoradiograms of newly formed xylem of pine (P. thun-
bergit), the early stages of cell wall development lignin deposition are always
preceded by deposition of pectic substances (27), and then by hemicellu-
loses in the later stages (27). Interestingly, the lignin macromolecule in the
compound middle lamella deposited during these early stages of cell wall
differentiation contains more “condensed” units than that formed later in
the secondary wall (14,15). This could be due to the influence of several
factors, such as (i) pectic substances and mannans affecting the process of
dehydrogenative polymerization of the monolignols (28); (ii) the concentra-
tion of peroxidase being higher in the cell corner and middle lamella regions
(29). This could result in the formation of a more “condensed” lignin (28);
(iii) p-hydroxyphenylpropane units participating more extensively during
the formation of middle lamella lignin (4,30). Such influences can be ex-
amined, at least in a crude way, by synthesizing labeled dehydrogenative
polymer (DHP) from [ring-5->H, U-!4C] coniferyl alcohol under conditions
approximating these situations.

Effect of Carbohydrate: Table IV shows the effect of carbohydrates on
the D.S. (%) of both lignin-carbohydrate complexes (LCC’s) and DHP’s
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produced from [ring-5->H, U-!4C] coniferyl alcohol at pH 5.5, 6.5 and 7.5,
respectively. As can be seen, the D.S.(%) of DHP’s formed in the presence
of xylan was greater than that observed for the DHP’s formed in the absence
of polysaccharides. As far as the LCC’s were concerned, the D.S. (%) values
with xylan and pectin were also higher than that for DHP’s produced solely
from coniferyl alcohol.

Table IV. The Effect of Carbohydrates on the Degree of Substitution at
Position 5 of Guaiacyl Ring in DHP and LCC Fractions

D.S.% Yield D.S.% Yield
Carbohydrate  pH of DHP (%) of LCC (%)

None 5.5 42.7 47.6 - n.d.¢
None 6.5 39.5 41.8 - -
None 7.5 35.0 44 4 - -
Xylan?® 5.5 51.3 46.7 45.2 22.9
Xylan 6.5 43.3 45.3 45.5 21.0
Xylan 7.5 44.3 43.2 35.1 18.0
Mannan® 5.5 40.0 445 28.0 18.0
Mannan 6.5 35.6 45.3 25.5 15.6
Mannan 7.5 35.6 40.9 36.4 19.9
Pectin® 5.0 - - 45.1 n.d.
Pectin 6.5 414 29.5 41.8 27.8
Pectin 6.5d 37.9 374 35.1 28.6
Pectin 7.5d 26.2 - 36.6 n.d.

)

Isolated from cotton seed hulls by delignification with chlorous acid
followed by extraction with sodium hydroxide.

Obtained from manufacturer of konnyaku, a type of food made from
the tuber of the konyak plant (Amorphophallus konjac C. Koch).
Citrus pectin purchased from Tokyo Kasei Co., Tokyo.

3 mg of calcium hydroxide was added.

n.d. = not determined.

o

a o

Effect of pH: The effect of pH was also interesting. As can be seen (Ta-
ble IV), the D.S.(%) values for the polymers formed at low pH were higher
than those at high pH. Next we examined the effect of calcium cations,
since calcium is supposed to participate in the lignification process (31).
Direct addition of calcium hydroxide to the reaction mixture lowered the
D.S, but this was probably only a consequence of increased pH. The effects
noted for pectin and xylan can be partly ascribed to their acidic properties.
These results may therefore explain the observation that when a pine shoot
is administered [ring-5-2H, ring-U-14C] ferulic acid, dissolved in phosphate
buffer at pH 5.2 and 8.0, the D.S.(%) value due to condensation at C-5 of
the lignin was higher in the shoot administered at low pH (15). This pH ef-
fect can potentially be explained as follows: Freudenberg et al. established
that coniferyl alcohol is first dehydrogenated by mushroom laccase/O; or
peroxidase/H,Q3 to yield the transient phenoxy radical species, shown in
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Figure 1. Among the five resonance structures shown, Ra, Rb and Rc will
undergo random coupling reactions more readily than Rd and Re, since the
radicals Rd and Re are sterically hindered. Indeed, this is what is found
experimentally, since only minor amounts of §-1 structures {derived from
Rd) have been found in milled wood lignin (22,23), and demethoxylation
does not occur to any appreciable extent during lignin formation (21). The
reactivity of the phenoxy radical, Ra, will be affected greatly by pH since
it can be masked by protons under acidic conditions, and its reactivity will
thus be diminished. On the other hand, the reactivity of Rb and Rc will
not be affected appreciably by pH. Thus more frequent coupling of Rb-Re,
Rb-Rb and Rec-Rc can be expected at low pH, and more of Ra-Rb and
Ra-Rc coupling at high pH.

For some time now, it has been proposed that the structural variations
observed in DHP’s are caused by the mode of polymerization, with bulk
polymerization containing more condensed units than end-wise polymer-
ization (32,33). However, in these experiments, DHP’s prepared under the
same conditions gave different D.S. values depending upon the pH at which
the reaction took place. This result suggests that the molecular structure
of lignin in the cell wall can also be controlled by factors other than the
mode of polymerization.

Condensed Structures in p-Hydroxyphenyl-Guaiacyl Type DHP. It has
been difficult to determine the exact amount of p-hydroxyphenylpropane
units in lignin. This can best be illustrated by an example; nitroben-
zene oxidation of a DHP prepared by the Zutropfverfahren method from a
mixture of p-coumaryl alcohol, coniferyl alcohol and sinapyl alcohol, gave
no detectable p-hydroxybenzaldehyde on alkaline nitrobenzene oxidation
(34). To determine the reasons for this, DHP’s were prepared from a mix-
ture of [ring-2-3H] p-coumaryl alcohol and [a-1C] coniferyl alcohol in the
presence of carbohydrates by the procedure described above (35). The
“LCC” fraction so obtained was subjected to combustion, and the exact
p-hydroxyphenylpropane:guaiacylpropane ratio was determined from the
activity of 3H,0 and ' CO, released (Figure 2). A portion of the same
LCC fraction was also oxidized with nitrobenzene and alkali, and the re-
sulting liberated aromatic aldehydes were then analyzed by HPLC. Results
are shown in Table V.

Table V. Molar Ratios of p-Hydroxyphenyl (H) to Guaiacyl (G) Units in
DHP’s and their Nitrobenzene Oxidation Products

H:G H:G H:G
Starting monolignol mixtures® 2.00:1.00 1.00:1.00 0.50:1.00

“LCC” fraction of polymers®*  1.88:1.00 0.90:1.00 0.47:1.00
Oxidation products® 1.21:1.00  0.72:1.00  0.41:1.00

¢ Estimated from the radioactivities of SH,O and *CQO2 produced by
combustion.
b Molar ratios of p-hydroxybenzaldehyde to vanillin were determined by

HPLC.
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CHOH  CHaOH 34,0 + Yco,

HC Combustion
HC 14¢H _~ cHo  KeHo
3H H
+ —> DHP CHeNO +
OCH 5 Y2 OCH
OH Rk NaOH OH on oS

Figure 2. Dehydrogenative polymerization of a mixture of p-coumaryl
alcoliol-[ring-2-H] and coniferyl alcohol-[U-1*C], and nitrobenzene oxida-
tion of the DHP to give p-hydroxybenzaldehyde-[ring-2->H] and vanillin-
[formyl-1C].

As can be seen, the molar ratios of p-hydroxyphenyl to guaiacyl units
were slightly lower for the DHP’s when compared to the original mixtures.
This implies that coniferyl alcohol tends to be incorporated into the poly-
mer slightly more readily than p-coumaryl alcohol. On the other hand, the
much-reduced ratio of p-hydroxybenzaldehyde to vanillin, liberated during
alkaline nitrobenzene oxidation, proved that this DHP contained a larger
amount of condensed p-hydroxyphenylpropane units than condensed gua-
acyl units.

Finally, it should be noted that the structure of the DIIP varies greatly
depending on the polymerization conditions employed. Additionally, the
yield and chemical and physical properties of these DHP preparations differ
substantially from protolignin. Further improvements in simulation of the
lignification process are therefore needed, and the radiotracer method can
be employed as one approach to solve such problems.

Concluding Remarks

1. The specific labeling of specific moieties in protolignin can be achieved
by administration of an appropriate labeled precursor to a growing
plant.

2. Double labeling with 3H and *4C at specific positions of an appropri-
ate structural moiety in lignin, combined with accurate determination
of 3H/C ratios, provides reliable information concerning protolignin
structure and structural changes that occur during delignification.

3. The double labeling technique, combined with the technique of col-
lection of xylem tissue at different stages of differentiation, provides
additional information on the distribution of specific lignin substruc-
tures such as “condensed units” in different morphological regions.

4. The double-labeling technique is also useful for in vitro studies on the
mechanism of dehydrogenative polymerization of monolignols.

5. This tmproved radiotracer method can be employed as a non-degrada-
tive method for examining the distribution, structure and reactions of
lignin within the cell wall.
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Chapter 11

Biogenesis and Structure of Macromolecular Lignin
in the Cell Wall of Tree Xylem as Studied
by Microautoradiography

Noritsugu Terashima and K. Fukushima

Faculty of Agriculture, Nagoya University, Nagoya 464—01, Japan

Specific labeling of the protolignin of various trees was
achieved by administration of appropriate 3H-labeled
monolignol glucosides to differentiating tree xylem. The
process of deposition of each labeled precursor in the de-
veloping cell wall was visualized by means of high resolu-
tion microautoradiography. It was found that the mono-
lignol (and polysaccharide which affects polymerization)
changed with both type and age of the individual cell.
The incorporation of monolignols into the protolignin
macromolecule occurred in the order of increasing com-
plexity, i.e., p-hydroxyphenyl-, guaiacyl- and syringyl-
propane units were deposited successively. It was noted
that the lignin deposited in the early stages of cell wall
development in the compound middle lamella region con-
tained more condensed structures than that formed in
the later stages in secondary wall. It was concluded that
lignin formation occurs under definite biochemical regu-
lation to give a macromolecule which is heterogeneous in
structure and specific in its morphological location.

It is well known that the structure, distribution and properties of pro-
tolignin in cell walls vary according to cell type and morphological location.
This is based upon extensive studies on topochemical properties of lignin
using various methods such as ultraviolet microscopic photometry (1,2},
bromination-SEM-EDXA (3) and other physical or chemical analyses of
isolated tissue fractions (4).

In woody gymnosperms, there are significant differences in the distri-
bution, reactivity and physical properties of protolignins found in the com-
pound middle lamella and the secondary wall (1-3). Additionally, variations
between lignins in vessels and fibers have also been noted (3). All of these
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observations are potentially explicable by factors such as (i) differences in
monomeric composition, (ii) differences in interunit linkages between in-
dividual lignin monomers, (1ii) linkages between lignin and carbohydrates,
and (iv) variations in distribution (frequency and localization) of structural
moieties in the lignin macromolecule. Many approaches have been tried to
solve these problems, particularly degradation analyses such as acidolysis
and oxidation. However, these have afforded only limited information on
the topochemical nature of lignin. Hence, more detailed information about
the macromolecular structure of protolignin can only be obtained by suit-
able non-degradative analyses.

In this chapter, the results obtained from the combined use of spe-
cific radiolabeling of lignin in plant tissue and microautoradiography are
discussed.

Materials and Methods

Radioactive Precursors for Microautoradiography. Several lignin precursors
were labeled with 3H or C at specific points. These precursors included
p-coumaric, ferulic, and sinapic acids, and the 8-D-glucosides of the three
monolignols, p-coumaryl, coniferyl, and sinapyl alcohols. *H-labeled pre-
cursors were usually prepared by replacement of the hydrogen at position 2
of the aromatic ring with 3H, since essentially all (> 98%) of the *H at this
position is retained during lignin formation (5). Precursors labeled at C-5
or C-6 of the aromatic rings can also be employed for determination of the
extent of substitution reactions at these positions (Terashima, this volume).
After incorporation of precursors into growing plants, microautoradiograms
of radiolabeled tissue sections were prepared, and these gave semiquantita-
tive information regarding their deposition within the cell wall. This was
obtained by determination of their activities using the technique of silver
grain counting (6). Generally, the 3H-labeled precursors are more suit-
able for such semiquantitative estimations than their C-14 counterparts,
because low energy B-emitter 3H can afford a high resolution autoradio-
gram. The specific radioactivity of the precursors must, however, be high
enough (> 1uCi/umol) to obtain a good microautoradiogram in a reason-
able period of time (< 3 weeks). On the other hand, precursors labeled
with 1%C at positions in the aromatic ring are more desirable for tracing
the fate of particular structural units during various reactions. Precursors
labeled at side-chain carbons with C-14 could also be used since side-chain
cleavage reactions from the lignin macromolecule rarely occur during lignin
formation (5).

Administration of Precursor. Precursors were administered to plants ac-
cording to previously described procedures (6). Shoots of 2-3 year old trees
were obtained during June or July, when the rate of thickening growth was
highest. A V-shaped groove, 2 mm wide and 5 mm long, was made with a
razor blade in a circumferential direction on the shoot, so that the bottom
of the groove reached the differentiating xylem. Fine glass wool was packed
into the groove, and a solution of the precursor (8-10 xCi, 1 mg in 100
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pl phosphate buffer, pH 7.0) was added dropwise to the fine glass wool,
and allowed to metabolize for 3 h. A drop of 3% glutaraldehyde in phos-
phate buffer (pH 7.0) was then added to the groove, and a small block of
xylem tissue near the groove was cut and fixed again in 3% glutaraldehyde
overnight in the refrigerator. Part of the xylem tissue was dehydrated by
means of a graded ethanol series and embedded in epoxy resin prepared
by mixing Quetol 812 (100 g, Nissin EM Co. Ltd., Tokyo), methyl nadic
anhydride (89 g) and 2,4,6-tri-[dimethylaminomethyl]-phenol (1.7 g).

Preparation of Microautoradiogram. Microautoradiograms were prepared
according to the procedure described earlier (10). Two pm thick transverse
sections were cut from the embedded xylem tissue using a Reichert-Jung
Supercut 2050 microtome equipped with a glass knife. These were then
mounted on glass slides and covered with Kodak AR-10 stripping film. The
glass slides were stored in a refrigerator from 3 weeks to 1 year as required,
following which they were developed with Kodak D-19 and fixed with Fuji-
Fix. The sections were stained with toluidine blue O, and photomicrographs
were made using a Zeiss IBAS 1 image analyzer. A polarization microscope,
Olympus POS, was used to observe the deposition of cellulose microfibrils
during secondary wall formation.

Results and Discussion

Selectivity of Labeling. The degree of selectivity of labeling of a specific
lignin monomer was estimated from the incorporation of radioactivity into
the aromatic aldehydes, obtained by nitrobenzene oxidation of labeled wood
tissue. Among many compounds tested, labeled ferulic acid and coniferin
were suitable precursors for labeling of pine lignin (5,7). Indeed, it was
recently shown that exogeneously applied ferulic acid was utilized by cu-
cumber seedlings as an effective precursor for endogeneous lignification (8).
Additionally, under special feeding conditions, labeled sinapic acid can be
employed to predominantly label the syringyl moiety of poplar lignin (9).
However, highest selectivity in labeling is normally achieved by administra-
tion of p-glucocoumaryl alcohol, coniferin or syringin (6,10).

Biogenests of Lignin in Woody Angiosperms. While the lignin precursors,
coniferin and syringin have been found in the cambial sap of a few an-
giosperms belonging to the Magnoliaceae and Oleaceae families (11), the
glucoside of p-coumaryl alcohol has never been detected. Nevertheless,
these three glucosides were prepared in radiolabeled form as candidate
monolignol precursors. Thus, when coniferin and syringin, labeled with
3H at position 2 of the aromatic ring, were administered to Magnolia kobus
DC., each was efficiently incorporated into its lignin during all phases of
lignification (10). On the other hand, the incorporation of p-glucocoumaryl
alcohol was only observed during early stages of cell wall formation (12).
Additional experiments revealed the following: when a growing stem
of lilac (Syringa vulgaris L.) was administered the same 3H-labeled mono-
lignol glucosides, each was efficiently incorporated into the newly formed
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xylem, although at different stages of cell wall formation as revealed by mi-
croautoradiography (Fig. 1). Again, p-coumaryl alcohol was incorporated
only during the earliest stages of cell wall development. Figure 2 shows an
enlarged photograph of a part of this autoradiogram. As can be seen, the
distribution of silver grains indicates that the p-hydroxyphenyl lignin com-
ponents were deposited mainly in the middle lamella regions, and were not
present in the secondary wall. On the other hand, guaiacyl lignin formed
continuously from the early to the later stages, and in both the vessels and
fiber walls. Interestingly, syringyl lignin was deposited mostly in the sec-
ondary wall of fibers, although a small amount was also used for formation
of middle lamella lignin (Figs. 1 and 3).
Similar trends were observed in magnolia (10) and poplar (9).

Biogenesis of Lignin in Woody Gymnosperms. Figure 4 shows the distribu-
tion of silver grains in the newly formed xylem of the gymnosperm, Japanese
black pine (Pinus thunbergii Parl.) administered the three ®H-labeled
monolignol glucosides as before, and UDP-glucuronic acid-[glucuronyl-U-
14C] and and GDP-mannose-[mannose-1-3H]. These nucleotides are consid-
ered to be precursors of pectin and hemicellulose (13).

Finally, when the labeled UDP-glucuronic acid was administered, a
large part of the silver grains was localized mainly on the cell walls formed
during the earliest stage of xylem differentiation and partly on those formed
during the next stage. This can be ascribed to the initial deposition of pec-
tic substances and hemicelluloses derived from UDP-glucuronic acid. On
the other hand, the activity from GDP-mannose was incorporated largely
during secondary wall formation. As previously discussed, the lignin formed
during the early stages of cell wall development in the middle lamella and
cell corner region contains more condensed units than that formed during
later stages in the secondary wall (Terashima, this volume, and ref. 6).
This finding can now be rationalized by the fact that when coniferyl alco-
hol was polymerized in pectin and mannan gel in vitro, the “LCC” fraction
formed in pectin contains more condensed units than that formed in man-
nan (Terashima, this volume, and ref. 14); i.e., the type of polysaccharide
influences product formation.

All three monolignols were incorporated into lignin at different stages
of cell wall formation. Autoradiograms revealed that 62, 38 and 24% of the
silver grains, assigned to p-hydroxyphenyl, guaiacyl and syringyl units re-
spectively, were in the compound middle lamella (Fig. 4). This is in good
agreement with the observation made on black spruce wood that middle
lamella lignin contains a reduced methoxyl content when compared with
secondary wall lignin (15). Syringaldehyde has been reported to be one
of the minor components of the aldehyde mixture obtained by nitroben-
zene oxidation of lignin in various conifers (16). A small syringyl content
has also been detected during the thioacidolysis of pine (Pinus pinaster)
compression wood (17). In a related study, when Japanese black pine (P.
thungergii) wood was subjected to nitrobenzene oxidation, syringaldehyde
was obtained in a considerable amount, and represented about 5 mol%
of the total aldehyde mixture (18). Interestingly, in the cell wall of this
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Figure 4. Distribution of silver grains in microautoradiograms of differen-
tiating xylem of pine administered with precursors of lignin and hemicellu-
lose.

pine, the syringyl moieties are distributed mainly in the inner layer of the
secondary wall, even though its content is very low.

Concluding Remarks

The results obtained by autoradiography and other studies (6,7,10, and
Terashima, this volume), indicated that the structure of the protolignin
macromolecule is heterogeneous with respect to monomer composition, dis-
tribution of interunit linkages (to form condensed substructures), and as-
sociation with carbohydrates. However, protolignin is not a disordered
copolymer of various monolignols. Instead, macromolecular formation oc-
curs in a biochemically regulated manner, and the heterogeneous nature
of protolignin is a natural and inevitable consequence of its unique mech-
anism of biogenesis. Figure 5 summarizes the successive deposition of cell
wall components and their irreversible assembly to form a lignified cell wall
in tree xylem. The causes of protolignin heterogeneity can be explained as
follows.

1. The process of lignification is fundamentally controlled by each indi-
vidual cell.

2. Lignification is preceded always by deposition of cell wall polysaccha-
rides, and monolignol polymerization occurs within the carbohydrate
gel, resulting in the structure of the polylignol. However, the type of
carbohydrate changes with cell wall development stages, i.e., formation
of cell wall layers, as shown in Figure 5. As discussed, the polymer-
ization of monolignols in pectic substances in early stages may be one
of the reasons why the middle lamella and cell corner lignin contains
more condensed substructures than secondary wall lignin.

3. The monolignol utilized varies with type and age of the cell. Indeed,
incorporation of monolignols into protolignin occurs in order of in-
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creasing complexity, namely p-coumaryl, coniferyl and finally sinapyl
alcohols are deposited successively (Fig. 5). Moreover, since the p-
hydroxyphenylpropane unit is able to form interunit linkages at both
C-3 and C-5 of the aromatic rings, the participation of p-coumaryl al-
cohol in early stages is another reason why the middle lamella lignin
is more condensed.

. Polymerization conditions will determine the structure and properties

of protolignin. In this respect, the following factors are considered to
be important (Terashima, this volume, and ref. 14): (a) activity of
peroxidase, (b) generation of hydrogen peroxide, (c) type and nature
of carbohydrate gel in which the polymerization proceeds, (d) pH of
the reaction site, (e) effect of inorganic constituents such as calcium.
These factors are presumably closely coordinated with each other.

Finally, it is to be noted that there is a common feature in biogenesis

between gymnosperm and angiosperm lignins. The differences in proper-

ties

between softwood and hardwood lignin will be better understood by

more comprehensive studies on the biosynthesis of cell wall polymers and
formation of the lignified cell wall.

Literature Cited

1.

2.
3

oo

©

10.
11.
12.

13.
14.
15.
16.
17.
18.

Fergus, B. J.; Procter, A. R.; Scott, J. N.; Goring, D. A. I. Wood Sci.
Technol. 1969, 3, 117.
Fergus, B. J.; Goring, D. A. I. Holzforschung 1970, 24, 118.

. Saka, S.; Goring, D. A. L. In Biosynthesis and Biodegradation of Wood

Components; Higuchi, T., Ed.; Academic: New York, 1985; p. 51.
Hardell, H-L.; Leary, G. J.; Stoll, Ml; Westermark, U. Svensk Papper-
stidn. 1980, 83, 71.

Tomimura, Y.; Terashima, N. Mokuzai Gakkaishi 1979, 25, 427.
Terashima, N.; Fukushima, K. Wood Sci. Technol. 1988, 22, 259.

. Terashima, N.; Fukushima, K.; Takabe, K. Holzforschung 1988, 42,

347.
Shann, J. R.; Blum, U. Phytochemistry 1987, 26, 2977.

. Terashima, N.; Fukushima, K.; Tsuchiya, S.; Takabe, K. J. Wood Sci.

Technol. 1986, 6, 495.

Terashima, N.; Fukushima, K.; Takabe, K. Holzforschung 1986, 40,
Suppl., 101.

Terazawa, M.; Okuyama, H.; Miyake, M. Mokuzai Gakkaishi 1984, 30,
322.

Fukushima, K.; Terashima, N. Proc. 32nd Lignin Sympostum al
Fukuoka, 1987, p. 13.

Dalessandro, G.; Northcote, D. H. Planta 1981, 151, 53.

Terashima, N.; Seguchi, Y. Cell Chem. Technol. 1988, 22, 147.
Whiting, P.; Goring, D. A. I. Wood Sci. Technol. 1982, 16, 261.
Leopold, B.; Malstrom, I. L. Acta Chem. Scand. 1952, 6, 49.
Lapierre, C.; Rolando, C. Holzforschung 1988, 42, 1.

Fukushima, K.; Terashima, N. Proc. 5th Intl. Symp. Wood Pulp.
Chem. 1989.

RECEIVED March 27, 1989

In Plant Cell Wall Polymers; Lewis, N., etal.;
ACS Symposium Series; American Chemical Society: Washington, DC, 1989.



Chapter 12

3¢ Specific Labeling of Lignin in Intact Plants

Norman G. Lewis!, Ramon A. Razal!, Etsuo Yamamoto!, Gordon H.
Bokelman?, and Jan B. Wooten!

'Departments of Wood Science and Biochemistry, Virginia Polytechnic
Institute and State University, Blacksburg, VA 24061
2Philip Morris USA, Research Center, Richmond, VA 23261

Lignin deposition processes in Leucaena leucocephala and
Triticum aestivum L. have been monitored in situ, fol-
lowing administration to the growing plants of various
specifically-labelled C-13 lignin precursors and analysis
of the resulting plant tissue by solid state carbon-13
nuclear magnetic resonance spectroscopy. The results
obtained were compared to those obtained with artifi-
cial dehydrogenatively polymerized (DHP) lignins, long
thought to more or less represent lignin structure. For L.
leucocephala plant tissue, it was found that the dominant
bonding environment of lignin corresponded to 2-O-4'
(so-called B-O-4) linkages. Importantly, bond frequen-
cies were very different when compared to artificial syn-
thetic preparations. Surprisingly, lignified T. aestivum
tissue provided very different results, and no significant
contribution due to $-O-4 bonding was evident. This
underscored the point that lignins vary greatly in struc-
ture depending upon the plant species under investiga-
tion. It was also found that significant bonding occurred
at Csz (so-called Ca) to other constituents, presumed to
be mainly of carbohydrate origin. These results again
showed the limitation of DHP polymers as adequate rep-
resentation of lignin structure in situ.

Lignins and suberins are complex, structural cell wall polymers of terrestial
vascular plants. Their roles include imparting rigidity and strength to cell
walls, as well as providing barriers to diffusion and infection (1,2). All
current evidence suggests that lignins are exclusively metabolic products of
the phenylpropanoid pathway, whereas suberins are composites having both
phenylpropanoid and aliphatic (fatty acid, fatty alcohol derived) domains.
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Of the two polymer classes, lignins are the more abundant and can
often account for as much as 20-30% of dry plant tissue. In gymnosperms,
lignins are thought to be formed from two monolignols, E-p-coumaryl 1
and E-coniferyl 2 alcohols, whereas in angiosperms sinapyl alcohol 3 is also
involved (1). Grasses and cereals also contain covalently-bound hydroxy-
cinnamic acids (e.g., p-coumaric 4, ferulic 5), a portion of which are con-
sidered to be part of the lignin framework (3-5). In the case of suberins,
the exact chemical identity of the precursors undergoing polymerization has
not yet been unambiguously established (2).

Following precursor transportation from the cytoplasm into the cell
wall, the polymerization reactions leading to lignin and suberin are believed
to be catalyzed by peroxidase(s) and HaO2 (1,2). Interestingly, specific
isoperoxidases are thought to be involved (6-12), although this still awaits
rigorous experimental verification (13).

Unfortunately, there still remain massive gaps in our knowledge of the
processes of deposition of lignin and suberization, and their ultimate struc-
tures in plant tissue. For instance, although it is well documented that
lignin formation begins in the cell corners (14), our knowledge of how this
is initiated and regulated is essentially unknown. Further, as regards lignin
structure within plant cell walls, this is poorly understood for two main
reasons: firstly, there is no known method whereby lignins can be isolated
in their native, or intact, state. Consequently, current representations pro-
posed for lignin structure are based upon analyses of isolated derivatives.
This tends to be misleading since these have undergone extensive structural
modification, the severity of which depends upon the method employed for
isolation. Thus, lignins are currently classified according to plant tissue
and isolation method (15). Secondly, there is a growing body of evidence
suggesting that lignin polymers can vary, in terms of monomer composition
and bonding patterns, with respect to morphological region (16). However,
this has been a most difficult point to prove, since individual cell wall layers
are not readily obtainable in amounts sufficient for detailed, reproducible
chemical analyses.

It therefore follows that when isolated lignins (and suberins) are exam-
ined and subsequent structural representations are proposed, critical infor-
mation on native structure has already been lost, e.g., as regards the extent
of polymer modification during removal from the cell wall, and the effect of
“mixing” polymers from the various cell wall layers from which they orig-
inated. For these reasons, all current representations of native lignin (and
suberin) structure should be viewed with caution until such questions are
satisfactorily resolved.

In this chapter, we review our recent progress in establishing the exact
bonding patterns of lignin ¢n situ in intact plants. Presumably, similar
strategies can be employed to study suberin structure.

Lignin Structure in situ in Vascular Plant Cell Walls

Biosynthesis of E-Monolignols and Lignins. Over the past forty years
or so, a fairly detailed knowledge of the metabolic pathways leading to
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the E-monolignols 1-3, from phenylalanine 7 (and in some cases, tyro-
sine 8) has been obtained (1,17,18) (Fig. 1). As can be seen, stereospecific
deamination, hydroxylation and methylation as required then affords the E-
hydroxycinnamic acids 4-6, which can be converted into their monolignols
via the corresponding aldehydes 12-14. These pathways were determined
by short-term radiolabelling experiments (normally < 24h), together with
isolation of the appropriate enzymes involved. However, polymerization
studies have suffered from two major drawbacks: (i) all investigations used
wounded tissue (1,17,18), which can lead to de novo synthesis of an altered
lignin, particularly if the tissue is infected (19), and (ii) newly-synthesized
lignin (formed within 24-48h) is more alkali-labile than that of more mature
tissue (20), suggesting significant differences in structure.

Solid State Carbon-13 Nuclear Magnetic Resonance Spectroscopy of Intact
Plant Tissue. Carbon-13 nuclear magnetic resonance (nmr) spectroscopy
has found considerable application for direct solid-state analysis of plant
tissue (21), and isolated polymers such as cellulose (22,23). In the case of
plant tissue, the carbohydrate resonances tend to mask important lignin
inter-unit linkages, and hence key structural information is lost. Thus,
with respect to lignin structure, C-13 nmr analysis of natural abundance
plant tissue is of limited usefulness. An alternate strategy was therefore re-
quired if we were to observe resonances due to specific inter-unit linkages in
the lignin polymer in its native state. This was achieved by administering
appropriate specifically-labelled C-13 lignin precursors to intact growing
plants over extended durations of time (weeks, months) and then exam-
ining the resulting lignified plant tissue by solid state C-13 nmr (5,24,25).
The plants treated in this way were the hardwood, Leucaena leucocephala
(25) and wheat, Triticum aestivum L. (24). These were grown either hydro-
ponically or on agar from germinated seeds under aseptic conditions, and
on media containing the appropriate precursor and inorganic nutrients. For
methods development, the lignin precursor used was ferulic acid 5, labelled
at the [1-13C], [2-13C] and [3-'3C] positions, respectively, i.e., structures
Sa-c.

At this point, it must be emphasized that, based on previous structural
analysis of isolated lignins (27), appropriate lignin model compounds and
synthetic dehydrogenatively polymerized (DHP) lignin preparations (28-
30), it was concluded that the main bonding environments in native lignin
were the substructures A-E as shown. Thus, these C-13 labelling experi-
ments using plant tissue as described should provide information essential
to verify, one way or the other, the validity of these proposed structural
representations. The results obtained are discussed below:

Incorporation of [1-'3C] Ferulic Acid. [1-}3C] ferulic acid 5a, syn-
thesized as previously described (26), was administered for 21-28 days to
seedlings of L. leucocephala and T. aestivum following germination. The
solid state C-13 spectra so obtained are shown in Figs. 2a and 2b, respec-
tively. Note that these are difference spectra, obtained by subtraction of
natural abundance resonances from that of the C-13 enriched samples, i.e.,
only C-13 enhanced resonances are evident.
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Figure 2. 13C NMR solid state difference spectra of (a) L. leucocephala
and (b) T. aestivum (24) root tissue previously administered [1-'3C] ferulic
acid 5a. Fig. 2c shows the difference spectrum of a DHP polymer, derived
from [1-!3C] coniferyl alcohol 2a (29). CP/MAS spectra were obtained at
50 MHz on a Varian XL-200 Spectrophotometer equipped with a Doty
Scientific MAS Probe. SSB = spinning side band.
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For L. leucocephala tissue, one major signal is observed at 63 ppm, as
well as two overlapping resonances ranging from 170-174 ppm (Fig. 2a).
In agreement with previous results from appropriate radiolabelling studies,
this large resonance at 63 ppm provided unequivocal proof that reduction
to the monolignols, and then incorporation into lignin, had occurred. The
chemical shift at 63 ppm is coincident to those of substructures A, B,
D and E. Note though that while it is possible to distinguish between
these individual possible substructures in solution state spectra (29), se-
vere line-broadening prevents this possibility in the solid state at present.
The smaller signals at 170.3 and 174.1 ppm can be considered due to hy-
droxycinnamic acids or esters, respectively. We are currently establishing
whether these latter resonances are an integral part of the lignified tissue
of L. leucocephala, or some transient species involved in lignification. If
it is the latter, this may explain Higuchi’s observation (20) that newly-
synthesized lignin is more alkali-labile. This question will be resolved in
the near future.

As can be seen from Fig 2b, the solid state C-13 nmr spectrum of T.
aestivum also shows sets of enhanced resonances at 61 ppm and 169.6-174.9
ppm respectively (24). However, their relative intensities are very different
from that observed for L. leucocephala. Indeed, it can immediately be seen
that very little reduction of the administered precursor to hydroxymethyl
analogues (at 61 ppm) has occurred. On the other hand, the dominant
resonances at 169.6 and 174.9 ppm are coincident with bound hydroxycin-
namic acids (e.g. ferulic 5a) and its esters (31). Subsequent analysis of
its 1solated acetal lignin derivative (32) indicated that much of the lignin
contained hydroxycinnamate residues (33).

For comparative purposes, a synthetic dehydrogenative polymer was
prepared from [1-!3C] coniferyl alcohol 2a by the action of horseradish
peroxidase/H,05 (29). Such polymers have long been viewed to closely
resemble native lignin structure (17). The resulting spectrum is shown in
Fig. 2c (24,29). The large resonance at 61 ppm corresponds to guaiacyl
substructures A, B, D and E, whereas the smaller resonance at 71 ppm
is attributed to substructure C. While the DHP polymer showed closest
resemblance to L. leucocephala root tissue, it is not possible to draw any
conclusions regarding relative bond frequencies or type. This is because
virtually all of the hydroxymethyl resonances for the different substructures
overlap in the solid state C-13 spectrum.

Incorporation of [2-13C] Ferulic Acid. Figs. 3a and 3b show the results
obtained when [2-!3C] ferulic acid 5b was administered to L. leucocephala
(25) and T. aestivum L. (24), respectively. In the case of L. leucocephala,
the dominant resonance observed at 82.7 ppm was coincident to that of
2-0-4' bonding (substructure B) (25). We consider this to represent the
first definitive proof that this is the major bonding pattern of that carbon
in lignified woody tissue. The smaller resonances centered at ~ 54 and
127.5 ppm can tentatively be assigned to substructures C-E and A, re-
spectively, based on similar chemical shifts. The small signal at 117.4 ppm
was attributed to those corresponding to hydroxycinnamic acids and es-
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Figure 3. 13C NMR solid state difference spectra of a, L. leucocephala (25) and b,
T. aestivum (24, 25) root tissue previously administered [2-13C] ferulic acid 5b. c
shows the difference spectrum of a DHP polymer, derived from [2-13C] coniferyl
alcohol 2b (29). SSB, spinning side band. (Reproduced with permission from ref.
25. Copyright 1988.)
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ters, although, as stated above, no evidence for their involvement in lignin
formation in this plant has been demonstrated.

For T. aestivum (see Fig. 3b), enhanced resonances were observed at
127.3 (substructure A), 114.6 (hydroxycinnamic acid or esters), 74.1 and
39.7 ppm (24). While the latter two resonances are currently unassigned,
neither is consistent with a 2-0-4’ bonding pattern. This was a most un-
expected result, and more work is required to establish the exact chemical
identity of these bonding environments.

For comparative purposes, the spectrum for the DHP polymer from
[2-!3C] coniferyl alcohol 2b is also included (Fig. 3c) (24,29). As readily
noted, the guaiacyl resonances at 127.6 (substructure A), 83.8 (substruc-
ture B) and 55.5 ppm (substructures C-E) show some similarity to L.
leucocephala tissue. However, even in this case, the DHP polymer is not
an adequate representation since relative intensities are essentially inverted
between both spectra (Fig. 3b and 3c).

Incorporation of [3-'3C] Ferulic Acid 5¢c. Figs. 4a and 4b show the
results obtained following uptake of [3-}3C] ferulic acid 5¢ to L. leuco-
cephala and T. aestivum L., respectively; the spectrum shown in Fig. 4c
corresponds to a synthetic DHP polymer from [2-'3C] coniferyl alcohol 2c.

As regards L. leucocephala (Fig. 4a), large resonances were observed at
74.7 and 83.2 ppm with minor signals at 132 (hydroxycinnamyl alcohol), 146
(hydroxycinnamic acids/esters), 170.1 and 174.3 ppm. The small signals at
170.1 and 174.3 ppm presumably provide evidence that low levels of C2-C3
cleavage have occurred to give substituted benzoic acids, such as vanillic
or syringic acids. However, since most of the lignin in L. leucocephala was
apparently involved in 2-O-4’ linkages (see Fig. 3a and substructure B), the
dominant resonances at 74.7 and 83.2 ppm must be explained on that basis.
Thus, the large signal at 74.7 is attributed to 2-O-4’ substructures (i.e.
substructure B), having free benzylic alcohol (C3) functionalities. Note also
that resonances due to substructure E would also be expected in this region,
but at relatively reduced levels as was evident from Fig. 3a. The resonance
at 83.2 ppm is important since, based on model compounds, it is coincident
with benzyl ether linkages to both carbohydrates (34), or lignin in 2-O-4/
(substructure B) (4) bonding environments. Such bonding environments
have long been proposed. Finally, the relative frequency of substructures
C and D is difficult to assess, since these are essentially concealed by the
large resonance at 83 ppm.

In the case of T. aestivum, four major resonances were evident at 83
and 73 ppm, with minor signals at 132-137.1 and 146.5 ppm (24). These
latter two signals correspond to hydroxycinnamyl alcohol and hydroxycin-
namate functionalities as before. However, the large signals at 83 and 73
ppm cannot be explained on the same basis as for L. leucocephala. This is
because substructure B (2-O-4’ bonding) was found to be only a minor con-
stituent in the lignified tissue. Nevertheless, while current evidence again
points to lignin-carbohydrate bonding as before, the precise nature of the
bonding environments present for C3 in this tissue needs to be unambigu-
ously determined.
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Figure 4. 13C NMR solid state difference spectra of (a) L. leucocephala and
(b) T. aestivum (25) previously administered [3-!3C] ferulic acid 5c¢. Fig.
4c shows the difference spectrum of a DHP polymer, derived from [3-13C]
coniferyl alcohol 2¢ (29).
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Comparison with the synthetic DHP polymer from [3-!3C] coniferyl
alcohol 2¢ was also carried out (24,29). Resonances were observed at 132
(substructure A), 86 (substructures C and D) and 72 (substructures B and
E) ppm, respectively. No precise correlation with either lignified tissue was
possible.

Concluding Remarks

It should now be self-evident that substantial progress has been made in
developing methodology to probe lignin structure in situ. Obviously similar
strategies for suberin also could be developed. The following points can now
be made:

i. Following incorporation of [1-!3C] ferulic acid 5a into the lignin of L.
leucocephala root tissue, substantial conversion of the precursor into
the corresponding monolignols, coniferyl (and sinapyl?) alcohols, had
occurred. These monolignols were then subsequently converted into
lignin as evidenced by the large signal at ~ 63 ppm. While smaller res-
onances corresponding to hydroxycinnamic acids and their esters were
evident, these may represent some transient species involved in lignifi-
cation. An answer to this question needs to be obtained. On the other
hand, the incorporation of [1-13C] ferulic acid 5a into T. aestivum pro-
vided products with very different bonding patterns/environments to
that observed for L.leucocephala. The reasons for these differences need
to be identified. However, it clearly emphasizes that phenylpropanoid
bonding patterns vary markedly between different plant tissues.

ii. Administration of [2-13C] ferulic acid 5b to L. leucocephala revealed
that the prevalent bonding environment in that tissue corresponded to
2-O-4’ (so-called B-O-4) linkages. Interestingly, the T. aestivum tissue
did not give a similar result.

ili. The spectra obtained for L. leucocephala and T. aestivum tissue, pre-
viously administered [3-13C] ferulic acid 5¢, provided convincing evi-
dence for the existence of benzylic linkages to carbohydrate (and per-
haps lignin) polymers.

iv. DHP polymers did not adequately represent lignin structure in situ,
when compared to the results obtained for 7. aestivum and L. leuco-
cephala. This should not be unexpected, since it is generally thought
that lignification in plant tissue is a highly coordinated and tightly
controlled process occurring within a carbohydrate matrix.

v. It is also important to recall that significant variations in lignin struc-
ture have been reported which can vary depending upon the cell wall
layer under investigation. Hence, methodology needs to be developed
to obtain carbon-13 enhanced spectra of lignin in the individual cell
wall layers (i.e., middle lamella, secondary cell walls) of (woody) plant
tissue.
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Chapter 13

Biochemical and Biosynthetic Studies
on Lignification of Gramineae

Monique Gaudillere and Bernard Monties

Laboratoire de Chimie Biologique, INRA, Institut National Agronomique
Paris-Grignon, Centre de Grignon, 78850 Thiverval-Grignon, France

Differences in lignification of forage crops were exam-
ined in terms of genetic, biosynthetic and environmen-
tal factors. This was achieved by comparison of brit-
tle ecotypes of fescue ( Festuca arundinacea), and brown-
midrib (b.m.3)-mutants of maize (Zea mays) with the
corresponding “normal” plants. For each plant type,
Klason, acid-insoluble and acetyl bromide lignin con-
tents, and monomeric compositions, were determined
and compared. While only weak differences in lignifi-
cation were found in the case of fescue, significant dif-
ferences in both lignin content, and its monomeric com-
position, were found for maize between its upper and
lower internodes. These differences were due to genetic
and/or environmental factors. Heterogeneity in lignifi-
cation, brittle organ character, and other biosynthetic
aspects of stem formation in Gramineae are discussed,
in relation to results previously obtained with rice and
wheat.

Forages such as hay and straws of the Gramineae are produced for ruminant
feed on an enormous scale. In France, annual production is 12.8 x 10° T (1)
which approaches that for wood-harvesting operations (23 x 10° T) (2). As
described in preceding chapters, lignins (and related aromatics) appear to
bind physically and/or chemically to the cell wall polysaccharides of forages.
These aromatic substances have a profound effect on animal nutrition (3-
10). Differences between forage digestibility have also been correlated with
environmental and nutritional factors (11), as well as species and genetic
variabilities (12,13). As regards lignin (14) and cell-wall-bound hydroxycin-
namic acids (15) (i.e., p-coumaric, ferulic acids), it is now generally accepted
that any increase in their content results in decreased digestibility. Rumi-
nant digestibility of plant material can be improved by either mild acid (16)
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or, more usually, alkali (17-18) treatment to remove labile phenolics and
lignin-carbohydrate fractions, thus leaving behind a more readily-accessible
polysaccharide feed. Interestingly, differences in digestibility between culti-
vars can be higher than differences resulting from chemical treatment (19),
thus underscoring the importance of biological variability. To date, most
conclusions made regarding digestibility differences of maize, sorghum and
rice, have been explained on the basis of variations in lignin contents. In the
case of maize (Zea mays L.), a family of ten single- or double-mutants was
first observed by Kuc et al. (20,21). Such mutants were distinguished by a
browning of the mid-ribs of the leaves (brown-midrib: b.m-mutant), by a
lower lignin content and higher digestibility. In these mutants, differences
in both lignin monomer composition (following nitrobenzene oxidation) and
in the relative content of cell-wall-ester linked p-coumaric and ferulic acids
were observed. Brown-midrib mutants of sorghum (Sorghum bicolor L.
Moensch) were the second family of mutants studied, and were also char-
acterized by a lower lignin content (22-23). A mutant of rice (Oriza sativa
L.) was also found, and was readily distinguishable by a brittleness of the
culm which appeared only after maturity of the plant. This mutant had a
lower cellulose content, and this difference was assumed to be related to the
brittleness of the culm (24). Significant differences were also found in the
extractability of the lignin fractions and associated phenolic acids (25-26),
suggesting that lignin formation was also affected.

In this work, our main objective was to explore the underlying reasons
for such variations in graminaceous lignins. As before for rice (26), phenolic-
ester and lignin analyses (content and monomer composition) were carried
out, although only lignin data are shown here.

Firstly, we studied possible relationships between lignin variation and
brittleness of plant organs, using two ecotypes of tall fescue grass (Festuca
arundinacea Schreb). Thus, both “normal” fescue and a brittle ecotype
(discovered by Jadas-Hecart (27)), characterized by a brittleness of leaves,
sheath and stem, were compared. Possible environmental effects on the
biochemistry of lignin formation were estimated by comparison of several
parallel crops from two locations.

Secondly, a biosynthetic investigation on lignin variation was under-
taken using maize internodes. Maize internodes were examined in this
study since: (a) fewer plants were required for analysis (greater biomass);
and (b) possible variations between normal and b.m-mutants (21) could be
studied. Lignin contents and monomer composition were compared between
internodes, both being collected at the top and the bottom of the maize
stem. These plant parts were chosen because of differences in the digestibil-
ity of different internodes as documented for Timothy (Phleum pratense)
(28) and, in lignification, for wheat (Triticum aestivum L.) (29-30).

Materials and Methods

Material. Plants were grown under field or greenhouse conditions at
Grignon, and harvested before heading for Fescue (27), and at grain matu-
rity in the case of maize (31). In each case, plants were harvested at the
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same stage of maturity, as shown by the development of inflorescence, and
the relative ratio of leaves and stalk.

Methods. Whole plants were harvested in the case of fescue leaves, whereas
for maize stalks, sheaths and nodes were removed, leaving internodes which
were wholly analyzed. Samples (6 to 10 plants) were freeze dried, finely
ground and exhaustively extracted, in a Soxhlet, with toluene-ethanol
(2/1:v/v), ethanol, then water, leaving an insoluble “parietal residue”
(PR) which was freeze dried before storage and analysis. Lignin deter-
minations used three different methods; Klason lignin (KL) (72% H2504);
acid-insoluble lignin (AIL) (5% H,SO4 prehydrolysis followed by Klason
determination); and acetyl bromide lignin (ABL), using ferulic acid as a ref-
erence material (26). Cell-wall-esters of p-coumaric-(PC) and ferulic-(FA)
acids were hydrolyzed with 2M NaOH and estimated after HPLC (26,32).
Monomeric compositions were obtained following nitrobenzene oxidation
(32), or thioacidolysis, with gas chromatography-mass spectrometry (GC-
MS) determination of thioacidolysis products (33). Lignocellulose (LC),
recovered after 5% H,SO4 pretreatment (34), and saponification residues
(SR), obtained after NaOH hydrolysis of phenolic esters (26), were char-
acterized according to the procedures previously adopted for characteriza-
tion of parietal residue (32,33). Phenolic acids (p-coumaric, caffeic, ferulic
and sinapic) were obtained from FLUKA and used without purification;
5-hydroxyferulic acid was a gift from N. G. Lewis (Virginia Polytechnic
Institute and State University, Blacksburg, VA 24061, USA).

Results and Discussion

Lignification of Fescue. Results shown in all Tables are the mean of three
determinations. Tables I and II show lignin contents and monomer com-
positions for both normal and brittle fescue grass ecotypes. These were
harvested at two locations: Grignon and Lusignan. Data shown were only
for one of two crops grown at Grignon, and one of three at Lusignan. No
visible differences between the same crops from either location were dis-
cernible. In all cases, though, lignin contents were significantly higher at
Grignon than at Lusignan. As plants were harvested at the same stage of
development, differences can be ascribed to environmental effects. Table I
also shows the differences in overall lignin contents of both ecotypes from
the same origin. Interestingly, only acetylbromide lignin (ABL) contents
were significantly different between fescues grown at Grignon, while only
sulfuric acid lignins (KL and AIL) contents were different at Lusignan;
such variations are difficult to explain at present. Furthermore, in each
case, acid-insoluble lignin contents were lower than Klason lignin contents
confirming the importance, in the AIL procedure, of the 5% sulfuric acid
prehydrolysis step required in the case of green plants, which are usually
rich in protein as discussed previously (34).

ABL contents, expressed in ferulic acid equivalents, were of the same
order of magnitude as Klason and acid-insoluble lignin contents. However,
this agreement was fortuitous as the ABL determination provided only
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Table I. Klason, Acid-insoluble, and Acetylbromide Lignin Contents of Nor-
mal and Brittle Fescue Ecotypes Grown at Grignon and Lusignan (standard
deviation less than 10%)

Lignin Content (%)

Grignon Harvest Lusignan Harvest

Type of Normal Brittle Normal Brittle
Lignin (%) (%) % (%)
KL 20.4 19.4 17.2 15.1
AIL 14.0 14.4 11.2 7.7
ABL 18.0 15.5 12.0 13.0

Where KL = Klason lignin
AIL = Acid Insoluble Lignin
ABL = Acetyl Bromide Lignin

Table II. Lignin Monomer Composition, Obtained by Nitrobenzene Oxida-
tion of Lignin from Normal and Brittle Fescue Grown at Lusignan (Same
as in Table I)

Normal Brittle
Mass % PR LC PR LC
\Y% 1.2 0.8 1.3 0.8
S 0.4 0.5 0.4 0.4
V+S 1.6 1.3 1.7 1.2
S/vV 0.3 0.6 0.3 0.5
Where V = Vanillin
S = Syringaldehyde
PR = Parietal residue
LC = Lignocellulose

amounts relative to ferulic acid absorptivity. Differences between ABL
values of normal and brittle fescue must be related to variations in lignin
content, since no significant differences in the total content of p-coumaric
and ferulic esters were found between samples from the same origin (data
not shown).

The monomeric composition of lignin in parietal residues (PR), and the
corresponding lignocellulose (LC) of normal and brittle fescue, harvested
at Lusignan are shown in Table II. As differences between KL and AIL con-
tents had previously only been found between fescues grown at Lusignan
(Table I}, the lignin composition of PR and the corresponding LC fractions
were compared. As can be seen from Table II, no significant differences
between normal and brittle ecotypes were observed. However, significant
differences in monomeric composition of lignin from LC and PR are clearly
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discernible for each ecotype. These differences may be due to acid pre-
treatment, resulting in differences in condensation reactions and loss of
acid-soluble lignin fractions (34). As similar trends were observed for both
ecotypes, the results suggest a great similarity between the reactivity of
the lignins of both plants. Thus, comparisons of lignin of both ecotypes
revealed that differences were mainly related to environmental factors, and
not genetic variability.

Lignification of Maize Internodes. Lignin variability in maize was studied
by comparison of the lignin contents and monomeric composition of its
internodes.

Table IIT shows a weak trend in KL and AIL contents between the
upper and lower internodes of both ecotypes. Lignin contents are slightly
higher in the lower internode, in agreement with previous results (4). This
conclusion was further strengthened by comparison of the ABL (SR) data.
As alkaline hydrolysis, used for the SR preparation, had previously only
solubilized phenolic esters and a fraction of the lignin, this data confirmed
not only a higher lignin content, but also a lower reactivity (delignification)
of the lignin core in the lower internodes of both types. ABL data for
parietal residues (PR) are more difficult to interpret because they include
both lignin and phenolic esters. These bound esters differ for both ecotypes.
In agreement with Kuc et al. (20,21), only ferulic and p-coumaric acids were
found as the two main phenolic esters linked to the cell walls of normal
and mutant maize. In each case, the PC/FE ratio for normal maize was
about twice that of the b.m. mutant (data not shown); these results are in
agreement with previous studies on bm-1, but not bm-3, mutants (20,21).

Table III. Klason (KL), Acid-insoluble (AIL) and Acetylbromide (ABL)
Lignin Contents in Upper and Lower Internodes from Normal and b.m.-
Mutant of Maize. (PR = parietal residue, SR = NaOH saponification
residue, standard deviation less than 10%)

Lignin contents (%)

Normal Mutant
Upper Lower Upper Lower
KL (PR) 17.6 18.5 14 14.5
AIL (PR) 10.7 11.2 6.4 7.5
ABL (PR) 12.5 12.3 9.8 10.3
ABL (SR) 1.8 4.6 1.5 2.3

Tables IV and V show the monomer composition of lignins for both
parietal and saponification residues. In this regard, comparison between
PR and SR values allows the characterization of the lignin core, which is
not solubilized after alkaline treatment (20,21). Instead of using nitroben-
zene oxidation, thioacidolysis was used to characterize the non-condensed
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monomeric units linked by aryl-alkyl ether linkages in the lignin polymers.
Thioacidolysis allows a more specific characterization of lignin (35); in the
case of woods, it provides a good correlation with nitrobenzene oxidation
data (36) and, in the case of gramineae, it allows an unambiguous dis-
crimination between lignin monomeric units and associated phenolic acids.
This is not possible by direct nitrobenzene oxidation of parietal residues
(37). As shown in Figure 1, the two main thioacidolysis products of non-
condensed guaiacyl (G) and syringyl (S) units are clearly separable by gas
chromatography with relative retention times (R;) of R¢ =1.14, 1.15 and
Ry = 1.24, 1.25 with reference to tetracosane as an internal standard. Un-
der these conditions, the R;’s of p-coumaric acid (PC), ferulic acid (FA) and
their addition products with ethanethiol, were RFC = 0.69, RP€4 = (.85,
RFE = 0.77 and RFEA = (.81, respectively. Thus, thioacidolysis products
of phenolic acids and lignin monomeric units can be clearly separated; this
is not the case for nitrobenzene oxidation products where, for example,
vanillin can originate from either lignin monomers or ferulic acid.

Table IV. Monomeric Composition of Lignin in the Parietal Residue (PR)
of the Upper and Lower Internode from Stem or Normal and b.m.-Mutant
of Maize shown by Thioacidolysis (G = gualacyl and S =syringyl-trithio-
ethylethers: Fig. 1). (Yields are expressed as micromoles per gram of ABL
in each sample of PR; standard deviation less than 10% )

Normal Mutant
Upper Lower Upper Lower
G 126 168 184 234
S 109 289 11 69
S+G 234 457 193 303
S/G 0.86 1.71 0.06 0.29

Table V. Monomeric Composition of Lignin in the Saponification Residue
(SR) of the Upper and Lower Internode from Stem of Normal and b.m.-
Mutant of Maize as shown by Thioacidolysis (abbreviations and data as in
Table IV)

Normal Mutant
Upper Lower Upper Lower
G 72 202 73 217
S 56 224 n.c. 30
S+G 122 426 73 248
S/V 0.74 1.10 n.c. 0.14

n.c.: not calculated.
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Figure 1. Partial GC chromatogram showing the peaks of the main
thioacidolysis products, separated as TMS derivatives in function of time
(t), from parietal residue of normal (PN) and mutant (PM) maize and,
from corresponding saponification residue SN and SM. For each type of
monomer: guaiacyl (G) and syringyl (S), two erythro and threo TMS-
glycerol-trithioethylether isomers were observed with similar mass spectra.
The case of X isomers, with similar fragmentation patterns to those of G
and S, has been discussed elsewhere (45).
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Table IV shows that, in both ecotypes, the yields of non-condensed
guaiacyl and syringyl units were higher in the lower internode. Thus,
lignin was apparently less condensed in lower, rather than upper, intern-
odes. From the syringyl to guaiacyl ratio it was also evident that more
syringyl units were deposited in the lower internode. Interestingly, the
mutants had slightly higher guaiacyl contents and much reduced syringyl
contents, in comparison to the normal plant. Using nitrobenzene oxidation,
Kuc et al. had reported exactly the opposite for normal and b.m.3-mutants
of maize (21). Using their nitrobenzene oxidation method for comparison,
the monomeric composition of the lower internodes from mutant and nor-
mal maize were again determined. In agreement with thioacidolysis data,
the mutant showed the same trends as before. Thus, the discrepancy be-
tween these results and data from Kuc et al. (21) cannot be attributed to
differences in the analytical procedures used, and an alternate explanation
is required.

In the case of saponification residues (Table V), these trends were even
more pronounced for the upper internode. Total yields of thioacidolysis
products, (S + G), were slightly higher for the case of PR (Table IV), than
that of SR (Table V). However, the residual lignin from the SR of the lower
internodes was relatively unchanged when compared with PR, with the
difference between SR and PR being nearly negligible in the case of normal
maize but significant in the case of the mutant.

Comparison of qualitative and quantitative data on lignification of the
upper and the lower internodes of maize stems shown in Tables III to V,
indicated only weak quantitative differences in lignin contents. However,
there were significant differences in lignin monomeric composition and re-
activity (delignification) between internodes in the maize stalk.

The lignin contents and monomeric compositions were also compared
between fractions of internodes as follows: Each of the upper and lower
internodes previously studied was divided into three parts of equal length.
Comparison of lignin contents and monomeric compositions of upper and
lower parts of each internode revealed only weak differences (data not
shown).

Conclusions

Results from this study suggest several differences in lignification between
ecotypes of fescue and mutants of maize. While weak differences in to-
tal lignin contents were observed between brittle fescue and normal plant
ecotypes, no significant variations in lignin monomeric composition and re-
activity were evident, even after 5% H;SO4 pretreatment. Environmental
effects on lignification of fescues were minor and mainly changed only lignin
contents; thus, in contrast to rice, the brittle character of fescue was not
due to direct variations in lignin content or monomeric composition. Even
though brittleness of plant organs was not measured and quantitatively re-
lated to lignification parameters, it seems likely that organ brittleness and
lignin content are not related. On the other hand, a relationship between
brittleness and structure of fibers and polysaccharide content has been re-
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peatedly suggested (24,38,39,40). Likely the brittle properties rely upon the
formation of molecular associations and networks, whose properties depend
more on mutual association of components than on their intrinsic chemi-
cal composition. This topic was discussed recently (41) and would require
reevaluation in the case of brittle rice and fescue.

Unlike the cases of rice and fescue, differences in both lignin con-
tent and monomeric composition were found between normal plants and
the b.m.3-type mutant of maize. In agreement with Kuc et al. (20,21),
lignin contents were always lower in these mutants. However, the sy-
ringyl/guaiacyl ratios were significantly lower than those described previ-
ously for the b.m.3-type (21). A similar discrepancy was also noted for the
PC/FE ratios. In both cases, the ratios found for the b.m.3-type were sim-
ilar to values reported for the b.m.1-type by these authors (20,21). These
differences cannot be explained at present, but may be related to the fact
that the b.m. genes, or genetic blocks, were expressed in a different epige-
netic environment in the case of Kuc’s experiments and in the case reported
here. Differences in lignification between the maize internodes may be re-
lated to the biosynthesis and elongation of the stem (4); to our knowledge,
no data have been published concerning the mutants of maize in this re-
spect. In addition to environmental effects on lignin contents, significant
differences were found between internodes in terms of both lignin content
and monomeric composition. Weak differences were also found within in-
ternodes. Such differences may be explained by the biosynthetic model of
growth of gramineae stems in which intercalating meristems subtend the
development of a series of separated internodes. The biosynthetic hete-
rogeneity of lignin in the apical internode of wheat (reported previously
(20,30)) are in agreement with this model; these differences are related not
only to lignin properties, but also to associated cell-wall-phenolics in their
relation to cell wall reticulation (41,42).

It should be evident that an unequivocal estimation of the relative
effects of genetic and environmental factors on gramineae lignification re-
quires more biosynthetic studies in relation to organs, tissues and cell dif-
ferentiation, and less global biochemical analysis. In particular hetero-
geneity of lignin (43) should be emphasized. Anatomical examination of
b.m.-mutant of maize, for example, has already indicated that, possibly,
several kinds of lignins are found within the same plant in different tis-
sues (44). Very recently, during the editing of the manuscript, thioacidol-
ysis of lignin from internodes of b.m.-mutant has shown that additional 5-
hydroxyguaiacyl monomeric units, compound X (Fig. 1) were incorporated
into the lignin of this mutant (45), confirming the possibility of qualita-
tive variations in lignin which may be of great interest for biotechnological
manipulation of lignins.
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Chapter 14

Inhibition of Cell Wall Peroxidases with Ferulic
Salts and Fluorinated Analogues

Anne-Marie Catesson!, An Pang!, Charlette Francesch?, Christian
Rolando?, and Renee Goldberg!

!Biomembranes et Surfaces Cellulaires Vegetales, ENS, 46 rue d’Ulm,
75230 Paris Cedex 05, France
?Laboratoire de PActivation Moléculaire, ENS, 24 rue Lhomond, 75231
Paris Cedex 05, France

The extent of inhibition of the oxidation of peroxidase
substrates by ferulic salts was quite variable, from no
inhibition to total inhibition. Total inhibition occurred
when the substrate (e.g., syringaldazine) was closely re-
lated to ferulic acid. The presence of a fluorine atom in
ferulic acid slightly reduced the inhibitory effect. Oxi-
dation of ferulic compounds was restricted to lignifying
cell walls in situ. Cell wall peroxidases from bark and
xylem were fractionated into their component isozymes.
Two main anionic groups were present in the xylem and
their activity towards ferulic salts and their fluorinated
analogues was determined. Whether the two isozymes
represent enzymes specifically involved in lignin biosyn-
thesis is discussed.

Peroxidases are widely distributed enzymes in the plant kingdom. Despite
their ubiquity and the ever-increasing number of functions ascribed to them,
the precise role and localization of the many isozymes remain uncertain
(1,2). One of the difficulties of peroxidase studies is that the enzymes can
react with a number of synthetic or natural substrates and that even the use
of purified isozymes in assays for substrate specificity does not identify any
definitive roles. A search for specific inhibitors represents another approach
which is still poorly developed despite its potential utility.

The only biological function which has been repeatedly confirmed is
the role of peroxidases in lignin monomer polymerization (1). But even in
this case, the role of the various isozymes is not yet clear, although anionic,
cell wall bound peroxidases generally seem to be involved in lignification
(1,2). In plant cell walls, lignin monomers seem to be present in vivo in
the form of cinnamyl alcohols. In vitro, their acid precursors can also be
oxidized by peroxidases (3). In order to gain further insight into the possible
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role of each isoperoxidase in lignin biosynthesis, we decided to check the
potential inhibitory effects of cinnamyl compounds and their fluorinated
analogues. The exchange of hydrogen for a fluorine atom in the 2 position
of the propane chain (§-carbon) should interact with the site of coupling
of lignin monomers. In this regard, a preliminary survey (4) showed that
fluorinated cinnamyl alcohols and acids had similar effects to unfluorinated
compounds. However, although alcohols are natural lignin precursors, they
are difficult to use as inhibitors since they are water insoluble. Hence, a
detailed study was undertaken on the action of the acids. The present paper
reports comparative results obtained with ferulic and fluoroferulic acids on
cell wall peroxidases.

Materials and Methods

Five- to six-month-old tobacco plants (Nicotiana tabacum var. Samsun)
grown in a glasshouse at 20°C were used for this study. Commercial
synthetic substrates employed both for histochemical and biochemical as-
says were guaiacol, p-phenylenediamine-pyrocatechol (PPD-PC), 3-3' di-
aminobenzidine (DAB), tetramethylbenzidine (TMB) and syringaldazine.
Isopropylamine and monosodium salts of ferulic acid were also used as sub-
strates as well as their “g-fluorinated analogues” substituted with a fluorine
atom on the B-carbon (Fig. 1). Histochemical observations were done on
hand-made transverse sections of fresh tobacco stems. Biochemical assays
were performed separately on bark (inner cortical parenchyma, phloem and
fibres) and xylem fractions. Technical data of incubation, enzyme extrac-
tion, spectrophotometric and electrophoretic assays were given elsewhere

(5-7). Synthesis of fluorinated compounds was performed as previously
described (4).

Results and Discussion

Ozidation of Sells from Ferulic and B-Fluoroferulic Acids. When stem
sections were incubated with ferulic acid, isopropylamine or sodium salts,
the cell walls of the youngest xylem or sclerenchyma elements were stained a
light pink color. No reaction was observed in other cell walls (Table I). The
same result was obtained with fluorinated analogues. The fact that only
peroxidases from lignifying cell walls are able to oxidize ferulic compounds
and syringaldazine must be emphasized. Absorption spectra of the pink
oxidation products of ferulic acid and B-fluoroferulic acid in the presence
of hydrogen peroxide and peroxidases extracted from tobacco cell walls
(“covalently bound” fraction) showed a peak at 520 nm.

Thus ferulic acid, which is not in vivo a natural substrate for peroxi-
dases involved in lignification processes, can be oxidized not only in vitro
but also in situ, i.e., in the normal, biological environment of the enzyme.
Furthermore, the oxidation seems to be limited to the walls of lignifying
cells. This restricted localization has been described only in the case of sy-
ringaldazine, a synthetic substrate closely related to cinnamic compounds
(8,9). It is interesting to note that the presence of a fluorine atom on the
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Table I. Staining Relative Intensity Observed in Tobacco Stem Sections In-
cubated with Different Peroxidase Substrates. Transverse sections
were incubated with Hy0, and a peroxidase substrate. The oxi-
dation of routinely used commercial substrates was checked in the
presence or the absence of ferulic acid salts. Variations of staining
intensity in cell walls (— to ++) were judged by observation with
a light microscope

Bark
Substrate Parenchyma Fibres Phloem Young Xylem
Ferulic Salt - + - +
B-Fluoroferulic Salt - + - 4+
Syringaldazine - ++ - 4+
+Ferulic Salt - - ~ -
+B-Fluoroferulic Salt - —/+ - —/+
TMB + ++ ++ ++
+Ferulic Salt - -/+ - —/+
+3-Fluoroferulic Salt - -/+ -~ -/+
DAB ++ ++ 4+ ++
+Ferulic Salt + + +/++ +
+8-Fluoroferulic Salt + -/+ —/+ +
Guaiacol ++ ++ ++ ++
+Ferulic Salt + + -/+ -/+
+B-Fluoroferulic Salt -/+ + —/+ +
PPD-PC ~/+ ++ /4 ++
+Ferulic Salt —/+ +/++ —/+ +/++
+S-Fluoroferulic Salt -/+ +/++ —/+ +/++

B-carbon does not alter the results. This suggests that the red color may
be due to reactions occuring on the aromatic ring since the fluorine atom
is present on the side chain.

These data agree with the idea that lignifying walls contain specific
isozymes, each possessing different affinities towards given substrates. In
order to check this hypothesis, an analysis of cell wall peroxidase fractions
was undertaken.

Ozidative Activities of Cell Wall Isozymes. Previous electrophoretic stud-
ies (4) have revealed the presence of several isozymes in all enzyme ex-
tracts. We attempted therefore to fractionate them by anion exchange
chromatography. We began our study with the most active enzymes, i.e.,
the lightly-bound (“ionically-bound”) peroxidases from bark tissues and
the strongly bound (“covalently-bound”) enzymes from the xylem. Chro-
matograms obtained with bark ionically bound peroxidases are shown in
Figure 2. Enzyme activities were estimated with isopropylamine salt from
B-fluoroferulic acid, syringaldazine and TMB, respectively. Two main peaks
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Figure 1. Chemical structure of ferulic acid (left) and g-fluoroferulic acid
(right).
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Figure 2. Anion exchange chromatogram of ionically bound phloem per-
oxidases on DEAE-Sepharose. Collected fractions were analyzed for their
oxidase activity towards TMB (1), syringaldazine (2) and isopropylamine
salt from f-fluoroferulic acid (3). Bg: cationic peroxidases; B; and Bj: an-
ionic peroxidases. Column was equilibrated with 0.01 M phosphate buffer
(pH 7.1). Fractions were eluted with a NaCl gradient (0-0.5 M) in the same
buffer (0.01 M phosphate, pH 7.1).
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(B and Bg) of anionic isozymes were separated and their purity checked by
polyacrylamide gel electrophoresis. They probably represented the two an-
ionic groups reported in crude extracts of tobacco tissues (2). Both peaks
oxidized the three tested substrates but reactions were markedly weaker
with the fluorinated salt. Large amounts of cationic peroxidases (Bg) were
present in the extract. They were also able to oxidize the three substrates.
According to Mader (2), basic isozymes would represent cytoplasmic en-
zymes binding to the wall during cell breakage. Ion exchange chromatogra-
phy of xylem extracts allowed the separation of two anionic peaks (X; and
X,) of peroxidase activity when TMB was used as substrate (Fig. 3).

Once the four anionic fractions were isolated (B;, B2, X1, X2), their
activities were investigated using ferulic or #-fluoroferulic isopropylamine
salts as substrates. Rates were plotted as a function of substrate concentra-
tion. The Lineweaver-Burk plots obtained (Fig. 4) were not always strictly
linear as already reported in the case of ferulic acid and scolopetin oxi-
dation (10,11). An estimation was made of the apparent K, using the
linear part of the plots and results were compared with those obtained for
TMB. The values found in this case were in the same order of magnitude,
about 0.5x 1073 to 1 x 103 M. In all extracts, S-fluoroferulic salt inhibited
enzyme activity for concentrations higher than 0.25 x 10~2 M.

Inhibition of Commercial Synthetic Substrates with Selts from Ferulic and
B-Fluoroferulic Acids. Table I summarizes the results obtained on stem
sections incubated in a medium containing one of the usual commercial
substrates and a salt of ferulic or B-fluoroferulic acid. Three types of inter-
actions could be observed:

1. No inhibition, or only a very slight one, could be seen on sections
incubated in a PPD-PC medium. Absorption spectra did not show
much difference when ferulic or B-fluoroferulic acid were added to the
assay mixture.

2. A rather weak inhibition was observed when sections were incubated
in DAB and guaiacol.

3. A strong inhibition occured with TMB and syringaldazine. For in-
stance, syringaldazine oxidation could be completely inhibited with
ferulic acid either in situ (Table I) or in vitro. Inhibition of syringal-
dazine and TMB oxidations was noticeably weaker when S-fluoroferulic
salt was used instead of ferulic salt.

Consequently, at a given concentration an inhibition can develop be-
tween ferulic acid (or their fluorinated analogues) and some of the currently
used synthetic substrates but there is no interaction with others, e.g., PPD-
PC. The same differences in inhibitory ability were previously observed with
B-fluoroconiferyl alcohol (4). These differences might be related to the con-
figuration of substrate molecules. The strongest inhibition was observed
when the three-dimensional structure of the substrate was closely related
to cinnamyl compounds. This suggests that lignifying cell walls contain at
least one distinctive isoperoxidase specifically able to recognize this type
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Figure 3. Anion exchange chromatogram of covalently bound xylem perox-
idases. Collected fractions were analysed for their activity towards TMB.
X, and X;: anionic peroxidases. For elution details, see Figure 2.
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of molecule. Experiments with S-fluoroferulic salts corroborate this inter-
pretation since the fluorinated analogue is less readily oxidized with the
specific isoperoxidase(s).

The activity of isoperoxidases able to oxidize ferulic acid is not re-
stricted to a few similar substrates such as syringaldazine or TMB. A wider
range of substrates are involved (3). Syringaldazine-oxidases from poplar
and sycamore are known to react at least with TMB, PPD-PC and guiacol,
but their affinity towards the last substrate is 100 to 1000 times lower than
for syringaldazine (5,7,9). Similar results were obtained with other materi-
als (12-14). However, other isozymes are not able to react with ferulic acid
or syringaldazine (5,7,12,13).

Several hypotheses could be given to explain our results. The first
one postulates the simultaneous existence of at least two active sites on
isozymes. One of them would exclusively recognize cinnamic compounds
and would be restricted to isozymes involved in lignification processes. At
the present time, we are not aware of any experimental arguments sup-
porting this interpretation. According to a second hypothesis, all isozymes
would be able to oxidize a wide range of substrates but their specificity
towards a given substrate would be modulated by cellular events probably
through conformational changes. This interpretation agrees with the hy-
pothesis of a polyfunctionality of peroxidase protein modulated by metal
ions (14). Phenols were also proposed as inducers of conformational changes
(15). Differences in redox potential between peroxidase isozymes might also

explain their specificity. Interactions between isozymes might also play a
role (16).

Conclusions

It is often stated that the last step of lignin biosynthesis requires the si-
multaneous presence in the cell wall of a specific isoperoxidase and its two
substrates, i.e., hydrogen peroxide and lignin monomers. Xylem and scle-
renchyma cells are programmed to synthesize these substances in the course
of their differentiation. In fact, the presence of H,O7 in the cell wall was
demonstrated only in two instances, during cell wall lignification (5,8) and
during primary cell wall reticulation through phenolic bonds (17). Thus
H,O, production and lignin monomer supply are two limiting factors in cell
wall lignification. But peroxidase availability might not be in itself a limit-
ing factor since the enzyme is present in most cell walls. For instance, if the
hypothesis of peroxidase polyfunctionality was proved to be true, limiting
factors would be the molecules controlling the conformational changes nec-
essary to induce specific recognition of cinnamyl alcohols. Alternatively, cy-
toplasmic compartments, especially the vacuoles, contain peroxidases with
a wide range of affinities. Some of them are even able to oxidize syringal-
dazine (7,9). They could constitute a storage pool of enzyme, allowing
rapid responses to metabolic or environmental changes.
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Chapter 15

Lignification in Young Plant Seedlings Grown
on Earth and Aboard the Space Shuttle

Joe R. Cowles, R. LeMay, G. Jahns, W. H. Scheld, and C. Peterson

Department of Biology, University of Houston, Houston, TX 77204—5513

The space shuttle era has provided an opportunity for
investigators to conduct experiments in a microgravity
environment. Two shuttle flights, STS-3 and STS-51F,
each contained an experiment designed principally to de-
termine whether young plant seedlings exposed to mi-
crogravity had reduced lignin content in comparison to
seedlings grown at one gravity. Three different plant
species, pine, oats, and mung beans, were exposed for
eight days to the microgravity environment of the shut-
tle. The lignin content of in-flight seedlings was less than
the control seedlings in all seven sets of seedlings included
in these two experiments. In five sets of seedlings, the
reduction in lignin content in flight seedlings ranged from
6 to 24% and was statistically significant. In addition,
the activity of two enzymes involved in lignin synthe-
sis, phenylalanine ammonia lyase and peroxidase, were
significantly reduced in pine seedlings. It was therefore
concluded that microgravity, as perceived by young plant
seedlings, results in reduced lignin synthesis.

The stems of most higher plants grow upward in an antigravitational di-
rection, and are supported by the structural polymers synthesized and de-
posited in the cell walls. The principal structural components of plant cell
walls are lignin, cellulose and hemicelluloses. The biosynthesis of at least
one of these polymers, lignin, is believed to be effected by gravity (1-4).
The evidence that gravity is an important factor in lignin synthesis has
accumulated from a number of different experiments over several years (2-
5). Until recently, however, investigators were unable to determine directly
whether gravity was required for lignification because a zero or micro grav-
ity was not available for an extended period of time. This has changed
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with the advent of the space shuttle where scientific experiments can be
exposed to at least the microgravity environment of the space shuttle. We
were provided an opportunity to fly two plant experiments on the shuttle.
The first experiment was on Space Transport System-3 (STS-3), which was
launched on March 21, 1982. The second experiment was part of Spacelab
II, which was flown aboard STS-51F that was launched on July 29, 1985.
Both of these flights were for eight days duration. The principal experi-
mental objective was to establish the effect of microgravity on lignification
in higher plant seedlings, and was part of an overall goal to understand the
effect of gravity on lignification in higher plants.

This paper reports a summary of lignification values and phenylalanine
ammonia lyase (PAL) and peroxidase activity from the STS-3 and STS-51F
experiments. The results show a reduction in both lignification and enzyme
activity in flight seedlings as compared to one gravity control seedlings.

Materials, Procedures and Methods

Flight Hardware. The experiments were contained in minigrowth units
referred to as Plant Growth Units (PGU’s). Basically the PGU’s consisted
of a cavity for growing plants, a light source, a passive temperature control
system and an automated recording system (6) (Fig. 1). The seedlings
were grown in small plant growth chambers (PGC’s) that fitted within the
cavity of the PGU’s (Fig. 2). Each PGU accommodated up to 6 PGC’s.
Two flight-qualified PGU’s were built by Lockheed Missiles and Space Co.
and NASA Ames Research Center, respectively. In the STS-3 experiment,
one PGU was flown and the other was used to grow control seedlings in real
time at NASA Kennedy Space Center (KSC). In the STS-51F experiment
both PGU’s were flown and subsequently used for the post-flight control
experiment at NASA KSC.

Pre-flight Activities. The pre-flight activities at NASA KSC were initiated
10 and 15 days ahead of the scheduled STS-3 and STS-51F launches, re-
spectively. In both experiments mung bean and oat seeds were planted
within 16 hours of scheduled launch. In addition to planted seeds, the ex-
periments included 4-day-old pine (Pinus elliotti Engelm) seedlings in the
STS-3 experiment and 4- and 10-day-old pine seedlings in the STS-51F ex-
periment. In the STS-3 experiment 2 PGC’s were devoted to each plant
species (16 seeds or seedlings each). In the STS-51F experiment 3 PGC’s
were committed to each age group of pine seedlings and 2 and 4 PGC’s
were devoted to oats (Avena sativa L. cv. Garry) and mung beans ( Vi-
gna radiaia), respectively. Pre-launch activities included planting mung
bean and oat seeds, assembling PGC’s, exchanging atmospheric gas in the
sealed PGC’s with a defined gas (21% O, 300 ppm CO; and balance N3),
PGC photography, and loading PGC’s into PGU. The loaded PGU’s were
transported to the launch pad and placed into the shuttle mid-deck.

Flight Activities. The PGU’s were designed to require minimal in-flight
attendance. Shuttle crew time, however, was requested to read and record
PGC temperatures and to check flight equipment 2 to 3 times daily. On the
STS-3 mission, the temperature data were routinely voiced down and used
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Figure 2. A diagrammatic sketch of the PGC.

In Plant Cell Wall Polymers; Lewis, N., etal.;
ACS Symposium Series; American Chemical Society: Washington, DC, 1989.



15. COWLESETAL.  Seedlings Grown on Earth & on Space Shuttle 207

in conducting the control experiment. In addition to reading temperatures
and checking hardware, the STS-51F flight crew also took photographs of
the plant seedlings and sampled atmospheric air in the PGC'’s.

Post-Flight Activities. The STS-3 flight landed at an alternate landing site
near White Sands, New Mexico, where a temporary laboratory was estab-
lished in a motor home. The PGU arrived to the laboratory about 75 min
post-landing, where observations, PGC air sampling and analysis, photog-
raphy, and plant measuring and packaging was conducted. About 4 hr
after landing the seedlings were packed in insulated containers surrounded
by cold packs for return to the PI laboratory for analysis. Upon arrival
(about 13 hr post-landing), seedlings selected for lignin and enzyme anal-
ysis were further processed. The stem sections used for enzyme analysis
were frozen for later analysis. All stems were measured and cut into sec-
tions. The stem sections used for lignin analysis were treated with 1.5 ml
acetone/1% HCI to begin a 24 hr digestion. This phase of processing was
completed about 18 hr post-landing.

The STS-51F flight landed at NASA Dryden, Edwards Air Force
Base, California, where a temporary laboratory had been established. The
amount of experimental tissue was twice that of the STS-3 experiment and
the measuring and sectioning were conducted at the landing site. The two
PGU’s were received at the landing site laboratory 2 hrs after touchdown.
Gas samples were taken from the PGC’s and the plants were observed and
photographed. The seedlings were removed, measured, weighed, sectioned,
and placed in labeled containers. The tissues designated for lignin analysis
were chilled while those to be used for enzyme analysis were frozen on dry
ice. The tissues either chilled or frozen were returned to the PI laboratory

where the lignin samples were immediately treated with 1.5 ml acetone/1%
HCI as before.

Control Ezperiments. The one gravity (1g) control for the STS-3 exper-
iment was conducted during the flight mission. The control PGC’s were
prepared at the same time as those designated for flight. In fact, the control
PGU was transported to the launch pad as a backup experimental pack-
age but was returned to the operations building when the flight PGU was
declared functional. The control PGU was connected to ground support
equipment for power and monitoring.

The 1g control for the STS-51F experiment was conducted post-flight
at NASA KSC Life Support Facilities. The loaded PGU’s were connected to
ground support equipment located in a computer-controlled environmental
room. The temperature of the room was maintained such that the PGU’s
were able to maintain PGC temperature profiles similar to those of flight.
The flight time profile also was simulated in the control experiment.

Lignin Analysis

Lignin quantitation was based upon a modified procedure of Johnson,
Moore, and Zank (7) and van Zyl (8). In the STS-3 experiment eight
seedlings from each PGC (every other seedling) were selected for lignin
analysis. In the STS-51F experiment, five seedlings from each PGC were
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selected for lignin analysis. The pine hypocotyls were cut into six equal
sections and oat stems into two equal sections in both experiments. In the
STS-3 experiment only three 1 cm mung bean stems were analyzed. These
were the sections located just below the needles and cotyledons and just
above the root collar. In the STS-51F experiment, mung beans were first
cut into hypocotyl and epicotyl regions and each region was further divided
into three equal sections. The lower oat stem was cut into two 3 cm sections.
Each stem section constituted a sample. Before digestion each section was
cut into approximate 2 mm subsections. The subsections were extracted in
a series of steps: 1.5 ml absolute acetone/1% HCl for 24 hr at —10°C, 1.5 ml
2N NaOH for 48 hr at room temperature, and 7 ml deionized water for 24 hr
at room temperature. The samples were dehydrated with 0.5 ml acetone
and oven-dried for 1 hr at 70°C. The samples were digested in 0.4 ml 25%
acetyl bromide/glacial acetic acid for 1 hr at 70°C, and diluted with 2.7 ml
glacial acetic acid/NaOH (15:2.7) and 20 pl 7.5 M hydroxylamine-HCl.
After solubilization the samples were quantitated spectrophotometrically
(A2s0) and compared to a wood lignin standard.

Enzyme and Protein Analysis

Six pine seedlings from each PGC were selected for enzyme and protein
analysis in the STS-3 and STS-51F experiments. The pine seedlings were
sectioned as described previously for lignin analysis. All six sections from
each region were pooled for analysis. The samples were frozen at this
point. Later the samples were homogenized 30 to 60 sec at 4°C using a
Polytron homogenizer. The tissues were homogenized in 1.5 ml of buffer
containing 0.1 M Na-borate buffer (pH 8.8) containing 0.1 M KCI and
soluble polyvinylpyrrolidine (PVP) (20% mg/ml). After centrifugation for
10 min at 15,000 rpm the supernatants were transferred to ice-cold test
tubes.

Phenylalanine ammonia lyase (PAL) activity was determined as previ-
ously described (9). The reaction mixture contained 0.25 ml 0.4 M sodium
borate buffer (pH 8.8) containing 0.4 M KCI, 0.1 ml 100 mM phenylala-
nine, 0.1 ml 24Ci/ml (U-1*C)-phenylalanine, 0.1 ml tissue homogenate and
deionized HoO to a volume of 1.0 ml. The mixture was incubated 1 hr at
37°C and the reaction stopped by addition of 0.4 ml 50% trichloroacetic
acid (TCA).

Peroxidase activity was based on the polymerization rate of guaiacol
in the presence of hydrogen peroxide (10). The reaction mixture contained
2.0 ml 13 mM potassium phosphate buffer (pH 7.0) containing 5 mM H2O,,
0.7 ml 15 mM guaiacol, and 0.1 ml of tissue extract. The reaction rates were
monitored continuously in a spectrophotometer. Changes in absorbance
(A470) were recorded at 15 sec intervals for 2 to 3 min.

Protein concentration was determined by use of Coomassie Blue
reagent (11).

Results

The principal experimental objective of the STS-3 and STS-51F flight ex-
periments was to determine whether young plant seedlings grown predom-
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inantly in a microgravity environment would respond by synthesizing less
lignin. The STS-3 experiment was designed to be a preliminary experiment
that would provide useful results in planning the Spacelab II experiment to
be flown on STS-51F. It was important, however, that at least some of the
STS-51F experiment be a repeat of the STS-3 experiment.

This was accomplished in principle in that (1) the same three plant
species were flown on both missions; (2) durations of the missions were
similar (194 hr for STS-3 and 190.5 hr for STS-51F); and (3) the same
regions of oats and pine were analyzed in the two experiments, while more
of the mung bean stem was analyzed in the STS-51F experiment. It is im-
portant, however, to note certain major differences in the two experiments.
Firstly, the lamps remained on continuously in the STS-51F experiment
rather than being on a 14/10 hr day/night cycle as with the STS-3 exper-
iment. Secondly, the temperature in the PGC’s remained just above 26°C
in the STS-51F experiment rather than cycling between 23°C and 26°C
with the day/night cycling of the STS-3 experiment. Finally, there were
twice as many seedlings in the STS-51F experiment.

Pine seedlings that were 4 days old at launch and 12 days old at land-
ing were analyzed for lignin in both flight experiments. In both cases, flight
seedlings contained less lignin than control seedlings (Table I). The average
decrease in lignin in flight seedlings over controls was 4.4% and 5.5% for
the STS-3 and STS-51F experiments, respectively. This small difference in
lignin content between flight and control seedlings was statistically signif-
icant at the 0.5% level in the STS-51F experiment but not in the STS-3
experiment. In both experiments the largest reduction in pine seedling
lignin occurred in the upper hypocotyl region.

Table I. Lignin Content in 12-day-old Pine Seedlings

Flight Number

STS-3 STS-51F
Section Flight Control Difference Flight Control Difference
Number  (pg/stem section) (%) (ug/stem section) (%)
1 157.3 162.1 - 29 208.2 198.7 + 4.8
2 137.8  139.6 - 13 1883 1875 +0.4
3 112.7 117.9 — 4.4 155.5 166.0 ~ 6.3
4 85.2 88.0 - 31 133.8 1464 - 8.6
5 55.8 58.4 - 4.6 1075  123.6 —13.0
6 28.5 37.6 —24.2 62.5 72.7 —14.0
Av: —44 Av: — 55

The STS-51F experiment also included pine seedlings that were 10
days old at launch and 18 days old at landing. The lignin content in flight
seedlings was reduced 13.0% in comparison to controls (Table II). In this
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set of seedlings the reduction in lignin content was significant at the 0.1%
level. The reduction in lignin content in older flight seedlings was more
evenly distributed over the hypocotyl than in the younger pine seedlings.

Table II. Lignin Content in 18-day-old Pine Seedlings Flown on STS-51F

Section Flight Control Difference
Number (ug/stem section) (%)
1 162.7 205.5 -20.8
2 173.3 197.9 -12.4
3 154.9 179.2 -13.6
4 141.5 153.5 -78
5 118.8 128.9 - 78
6 79.4 89.5 -11.3
Av: -13.0

Mung beans were started as seeds in the STS-3 and STS-51F exper-
iments and germinated and grown to an average height of about 12 em
within the 8-day experimental periods. In the STS-3 experiment only three
1 cm sections of mung bean stems were analyzed for lignin. These would
be equivalent to a portion of sections 3, 4 and 6 in the STS-51F experiment
(Table III). Flight mung bean seedlings in the STS-3 experiment contained
16% less lignin than control seedlings. This relatively large and statis-
tically significant difference in lignin content between flight and control
mung beans led to a more extensive analysis of mung beans in the STS-51F
experiment. The results from the latter experiment showed an even greater
reduction (37%) in lignin in flight as compared to control seedlings. The
largest change in lignin content in the microgravity environment was in the
younger stem region.

Table III. Lignin Content in Mung Bean Seedlings
Flight Number

STS-3 STS-51F
Section Flight Control Difference Flight Control Difference
Number  (ug/stem section) (%) (ug/stem section) (%)
1 50.6 59.6 -15.1 1386  186.2 —25.6
2 — -— — 116.1 160.4 —27.6
3 32.6 41.9 —22.2 109.3 167.7 -34.8
4 — — — 131.0 235.4 —44.4
5 — — — 77.3 1626 —52.5
6 17.2 21.0 —18.2 42.5 69.9 —39.2
Av: -16.1 Av: —-37.4

In Plant Cell Wall Polymers; Lewis, N., etal.;
ACS Symposium Series; American Chemical Society: Washington, DC, 1989.



15. COWLESETAL  Seedlings Grown on Earth & on Space Shuttle 211

Six 12-day-old pine seedlings per PGC were utilized to determine pro-
tein content and PAL and peroxidase activity in both the STS-3 and STS-
51F experiments. In both experiments, flight seedlings contained signif-
icantly less PAL activity than control seedlings (Table IV). The average
reduction in PAL activity was 22.2% for the STS-3 experiment and 18.3%
for the STS-51F experiment. The change in PAL activity was more or less
evenly distributed along the pine hypocotyl.

Table IV. PAL Activity in 12-day-old Pine Seedlings

Flight Number

STS-3 STS-51F
Section Flight Control Difference Flight Control Difference
Number  (ug/stem section) (%) (ug/stem section) (%)
1 3.78 5.25 —28.0 3.27 4.67 -30.0
2 5.44 6.30 —13.6 3.62 4.07 -11.1
3 5.88 7.28 —-19.3 4.16 5.73 -27.4
4 6.58 7.51 -12.4 4.45 5.17 -13.9
) 6.15 8.62 —28.7 4.51 5.62 -19.8
6 3.67 5.53 -33.6 3.05 2.95 + 3.4
AV: —22.2 AV: —18.3

Peroxidase activity in flight seedlings was reduced to essentially the
same extent as PAL activity. Again, the average difference in the STS-3
(—19.0%) and STS-51F (—20.2%) experiments were similar (Table V). As
with PAL activity the reduction in peroxidase activity in flight seedlings
was similar along the pine hypocotyl.

Table V. Peroxidase Activity in 12-day-old Pine Seedlings

Flight Number

STS-3 STS-51F
Section Flight Control Difference Flight Control Difference
Number (pg/stem section) (%) (ug/stem section) (%)
1 4796  59.16 —18.9 68.61 107.75 —36.3
2 42.56  57.06 —25.4 60.95 72.12 —15.5
3 4556  53.91 —15.5 55.27 61.29 - 938
4 41.76  50.06 -16.6 47.36 56.85 —16.7
5 4291  52.86 —18.8 49.13 55.26 -11.1
6 56.41  68.96 —18.2 42.68 52.81 —19.2
Av: -19.0 Av: -20.2
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Discussion

Our conclusion is that young higher plant seedlings perceive microgravity
and respond by synthesizing significantly less lignin. Lignin content was
reduced in all seven sets of flight and control seedlings compared in the
two experiments. In five sets of seedlings, two mung beans, two pines and
one oat, the difference in lignin between flight and control experiments
ranged from 6 to 24% and all were statistically significant. The two sets of
seedlings, oats and 4-day-old pines that exhibited smaller and statistically
insignificant differences in lignin were part of the STS-3 experiment where
the total amount of light received was considerably less than in the STS-51F
experiment. Both of these seedling types exhibited a significant difference
in lignin in the STS-51F experiment.

The magnitude of the reduction in lignin content due to microgravity
was especially significant considering that (1) lignification is a developmen-
tal process; (2) the experimental period was relatively short for demon-
strating differences in lignification; (3) the experimental tissue was not
appreciably weight-bearing; and (4) the microgravity environment of the
shuttle was in the 1 x 1073g range, which is not near weightlessness.

The results on PAL and peroxidase activity also support the hypothesis
that young seedlings perceive microgravity and synthesize less lignin. The
activity of both enzymes was reduced about 20% in flight seedlings over
controls in both experiments. These results were very consistent and were
statistically significant. Whether reduced activity of these enzymes was
principally responsible for reduced lignin content remains to be determined.
The experimental procedures and assays were designed to measure total
PAL and peroxidase activity and not just that associated with lignification.
These same procedures and assays, however, have been used to demonstrate
a positive correlation between the activity of these enzymes and lignification
during elongation in young pine seedlings (increased enzyme activity at the
time of increased lignification, unpublished results).

The results between the two flight experiments were positively related
or could be accounted for by known experimental differences. The difference
between lignin content of 12-day-old flight and control pine seedlings was
similar between the two experiments, as were PAL and peroxidase activity.
The significant reduction in lignin content in flight mung beans and oats in
the STS-51F experiment, as compared to the STS-3 experiment, was prob-
ably due to the positive response of these plant species to the additional
amount of light and to the slightly higher temperatures of the STS-51F
experiment. The amount of lignin in both flight and control seedlings was
higher in the STS-51F experiment (Tables I and III). Again, this was prob-
ably a positive response to the increased amount of light in the STS-51F
experiment. The difference in light also helped explain the data shown in
Table IIT where the amount of lignin in the STS-51F experiment was 2 to
4 times that of the STS-3 experiment. Another important difference in the
mung bean data was that the STS-3 values for both the flight and control
seedlings were for 1 cm sections and the STS-51F values were one-sixth of
the stem length, which averaged more than 2 cm.
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It is important that these flight experiments be followed by exposure
of plants to longer experimental periods in microgravity. While results re-
ported here suggest a significant reduction in lignification as a result of
microgravity, other experiments are needed to establish (1) the extent of
reduction over time; (2) how different levels of microgravity effect ligni-
fication; and (3) how reduction in lignification is brought about at the
biochemical and cellular level.
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Chapter 16

Molecular Structure and Dynamics of Intact Plant
Polyesters

Solid-State NMR Studies
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*Monsanto Company, St. Louis, MO 63198

High-resolution !3C NMR studies have been conducted
on intact cuticles from limes, suberized cell walls from
potatoes, and insoluble residues that remain after chemi-
cal depolymerization treatments of these materials. Iden-
tification and quantitation of the major functional moi-
eties in cutin and suberin have been accomplished with
cross-polarization magic-angle spinning as well as direct
polarization methods. Evidence for polyester crosslinks
and details of the interactions among polyester, wax, and
cell-wall components have come from a variety of spin-
relaxation measurements. Structural models for these
protective plant biopolymers have been evaluated in light
of the NMR results.

Cutin is the structural polymer of plant cuticle (Fig. 1, top), functioning
along with surface waxes as a barrier against loss of moisture from aerial
organs (1). Suberin plays a related role for underground organs and perid-
erms (Fig. 1, bottom); it also forms within wound-healing tissues to prevent
fungal penetration (1). Both materials are biopolyesters with many known
fatty-acid constituents, but their insolubility has hampered investigations
of how the monomeric units are linked together in functionally useful ways.
The agricultural importance of cutin and suberin has prompted us to exam-
ine their molecular structure and dynamic properties using modern solid-
state nuclear magnetic resonance (NMR) methods.

During the last 15 years, the cross-polarization magic-angle spinning
(CPMAS) technique (2) has been used with increasing frequency to pro-
vide detailed structural information about solid polymers and biopolymers
(3). For example, the dynamic state of backbone sites in synthetic block
copolyesters, as well as the chemical bonding patterns in plant lignins, have
been elucidated (4-6).

0097-6156/89/0399-0214$06.00/0
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CUTICLE

CELL WALL
SUBERIZED WALL
PLASMA MEMBRANE
CYTOPLASM
VACUOLE

Figure 1. The location of plant polyesters: cutin attached to the epidermal
wall (top); and suberin within the cell wall of a plant periderm (bottom).
Reproduced by permission of the National Research Council of Canada,
from Ref. 1.
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We report herein on high-resolution NMR studies of cuticles from limes
(7) and of suberized cell walls from potatoes. Measurements include identi-
fication and quantitation of magnetically distinct carbon moieties, determi-
nation of site-specific polymer dynamics on both MHz and kHz timescales,
and delineation of the interactions among polyester, wax, and cell-wall com-
ponents.

Materials and Methods

Isolation of the Biopolyesters. Cutin was obtained from the skin of limes
using published methods (8,9). The final solvent extractions were omitted
in studies of cutin-wax interactions. Typically, 20 limes provided 800 mg of
powdered polymer. Suberized cell walls were isolated from wound-healing
potatoes after seven days of growth (10), with a yield of 4.5 g from 22 kg of
potatoes. Chemical depolymerization of both polyesters was accomplished
via transesterification with BF3/CH30H (11).

Preliminary structural characterization was carried out on the soluble
products of treatment with BF3/CH30H (or LiAlH4) (8), in order to verify
the similarity of our samples to materials studied previously (8-11). Gas
chromatography-mass spectrometry (GC-MS) (Finnigan 3300 spectrome-
ter) was used to establish the molecular ion and fragmentation patterns;
solution-state 13C NMR (IBM Instruments WP-200 spectrometer) was em-
ployed for quantitation of CH,;, CH,OH, and CHOH moieties.

Samples for solid-state NMR, (175-300 mg) were ground with a mortar
and pestle and packed into either Al,O3 or boron nitride rotors of cylindrical
design. Independent polyester preparations gave identical spectral results.

NMR Spectra. 3C NMR spectra of the polymers and depolymerization
residues were obtained on two instruments: an IBM Instruments WP-200
(operating at a 13C resonance frequency of 50.33 MHz, equipped with high-
power amplifiers and a Doty Scientific probe for MAS at 5.0 kHz) and a
homebuilt solid-state NMR, spectrometer operating at 31.94 MHz and a
spinning speed of 3.0 kHz.

CPMAS experiments were run at ambient temperature (300 K) and
with a 'H decoupling field of 48-60 kHz (dipolar decoupling). Proton spin-
temperature alternation and quadrature phase cycling were employed to
avoid baseline distortions and other spectral artifacts (12). Recycle de-
lays of 1-3 s were inserted between acquisitions to permit repolarization
of the proton spin reservoir. Variation of the 1H-13C contact time served
to determine the relative number of each carbon type and rotating-frame
relaxation times Tp(H) (2). Two spectral editing sequences were also em-
ployed: (a) CP with delayed decoupling (50-100 us) to allow dephasing and
suppression of signals from rigid protonated carbons (13,14) and (b) CP
followed by delayed decoupling and a 0.6 s longitudinal relaxation period
to additionally suppress signals from mobile CH and CH; carbons (15).

For direct polarization experiments (DPMAS), data were acquired
from the Bloch decay following a single 13C pulse. Alternatively, FT spectra
and spin-lattice relaxation times were measured in a high-resolution probe
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with conventional z-axis spinning (20 Hz). Both measurements employed a
6 kHz decoupling field (scalar decoupling). Recycle delays of 0.2-2.0 s were
used in these experiments.

Quantitation of Carbon Types (2,7). Two measurements were made on a
single cutin sample in the MAS probe: (a) '3C integrated intensities from
CPMAS spectra acquired with 'H-13C contact times of 0.75-12.0 ms and
a recycle delay of > 6 T;(H)’s; (b) !3C integrated intensities in a DPMAS
spectrum acquired with a recycle delay of ~ 5 T1(C)’s. Because the trans-
fer times Tcy were short with respect to the contact time, the decay of
13C signal intensities in CP experiments was governed by T;p(H). A linear
extrapolation of CPMAS intensities to zero contact time provided quanti-
tative estimates of the magnetically distinct rigid carbons (7); DPMAS in-
tensities provided similar estimates for the mobile carbons. Corrections for
double-counting of signal intensity, CP efficiency, and nuclear Overhauser
effects are described elsewhere (7).

Polymer Dynamics. 13C spin-lattice relaxation times (T) were determined
with either an inversion-recovery sequence (16) (for carbons observed by
direct polarization) or with a modified cross-polarization experiment (17).
13C rotating-frame relaxation times (T1p(C)) were derived from measure-
ments of the carbon signal that remained after a T;p(C) hold time of
0.05-12.0 ms following spin locking and cross polarization. Average val-
ues (<T;p(C)>) were derived from the initial decay of carbon signal as a
function of delay time (2,4). <T;p(C)>’s were measured for B;(C) val-
ues ranging from 37 to 60 kHz. As is customary for amorphous polymers,

these relaxation parameters were interpreted in terms of molecular motion
(4, 18).

Results and Discussion

Intact Cutin. Figure 2 shows a typical 13C CPMAS spectrum of lime cutin,
and chemical-shift assignments for this material are summarized in Table .
As expected for a polyester derived from hydroxylated fatty acids, signals
were observed from bulk methylenes (29, 42 ppm), aliphatic carbons bound
to oxygen (64, 72 ppm), and carboxyl groups (168, 173 ppm). Evidence
for w-hydroxy-oxo-palmitic acid constituents came from the observation of
a keto peak (209 ppm). Finally, the presence of p-coumaric or related moi-
eties was suggested by aromatic and olefinic peaks at 105-150 ppm (21,22).
Environmentally similar groupings, probably part of an irregular polymer
or a mixture of materials, gave rise to rather broad 13C lines.

Table IT highlights the 13C NMR relaxation times that reflect molecular
motions and help define the physical properties of the cutin polymer. For
those “solid-like” carbons that cross polarized, considerable motional free-
dom was evidenced for (CH;),, and CH,OCOR groups, on both MHz and
kHz timescales, by the short values of T)(C) and T;p(C), respectively. By
contrast, the CHOCOR moiety was more restricted dynamically as judged
from its long value of T;(C); low-frequency motions in particular were im-
plicated by the strong dependence of T1p(C) on B;. These latter groups
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Table I. t3C Chemical Shifts for Intact Lime Cutin®

Carbon Type® Shiclding (ppm)®
— (CH2)n— 29
(has two shoulders)

20

— Cll,CH 07 42
R

L]
— CH-0C” 64c

R

20
SHi-0-¢C  ,  >CR-01 72¢ d
R
(may be two peaks)
0CH 4
U o= oH 105¢
R~ 0CEs
0CH,
0 ic—cu:cn@-ou, 0 §/c—gﬂ=cx1@nn 115
RO 20 0CH,
0CH;

0% c—cn:gn@-ou, 0x ccr=ce -0 120 - 135
R0 RO

0CH, gbroad, contribution
rom nonprotonated

carbons)¢
0CH,
t ¢ 7
e, X C-CH=CH H 147
' RO \0CH; (nonprotonated)e
[N c—cu:cn@qlu 156
r0 7 (nonprotonated)¢
20
—Cilp-0-¢7_ 168
R (nonprotonated)e
0
Soi-0-¢
R (nonprotonated)e
5¢=0 209
(nonprotonated)e
¢ Assigned from data for model compounds (19-21).
® From !3C CPMAS spectra, obtained as described in Figure 2 and ref-
erenced to external TMS.
¢ Ether or peroxide linkages are also possible (1).
d

May include contributions from residual polysaccharide. After ex-
tended treatment with cellulase, pectinase, and hemicellulase enzymes,
an additional reduction in signal intensity occurs at 105 ppm and, to a
minor extent, at 72 ppm (Zlotnik-Mazori, T.; Stark, R. E., unpublished
results).

Determined from spectral editing experiments.
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Figure 2. 50.33 MHz 13C NMR spectrum of lime cutin, obtained with cross
polarization (contact time 1.5 ms, repetition rate 1.0 s), magic-angle spin-
ning (5.0 kHz), and dipolar decoupling (yYB,/27 = 48 kHz). This spectrum
was the result of 6000 accumulations and was processed with a digital line
broadening of 20 Hz. Chemical-shift assignments are summarized in Table I.
Reproduced from Ref. 7 of the American Chemical Society.
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may well correspond to the postulated crosslinks in the cutin structure
(1,23).

Table II. Spin-Relaxation Times for Intact Lime Cutin

<T1p(C)>(ms)“

Carbon Type 37 kHz 44 kHz 50 kHz T1(C)(ms)

225°
(QH2)H’ DP

420°
(CH32)a, CP 2.4 2.8 3.3 145¢
CH,0OCOR 34 4.0 5.3 122¢
CHOCOR,CHOH 6.7 8.7 12.4 >7000°¢
aromatics, alkenes ~1000°
CH,OCOR ~ 100°¢
CHOCOR ~1700°¢

¢ From a straight-line fit of 3C signal heights vs. T;p(C) hold times
of 0.05-1.00 ms. Values of B{(C) were as noted. Accuracy of the
measurements was 10%.

b From direct-polarization inversion-recovery experiments at 305 and
356 K, respectively. Accuracy of the measurements was 10% (7).

¢ From cross-polarization inversion-recovery experiments at 300 K and
50.33 MHz. Accuracy of the measurements was 15-20% (7).

Also displayed in Table II are spin-lattice relaxation data for “liquid-
like” (CH;), groups that were observable in DPMAS experiments. Both
the dependence on temperature and the particular Ty values suggested
rapid segmental motions within long runs of methylene groups, quite sim-
ilar to the dynamic behavior reported for soft-segment CHy’s in synthetic
polyesters (19).

Finally, CPMAS and DPMAS results were combined to estimate the
numbers of each chemically distinct carbon type, as presented in Table IIL.
Despite some uncertainties (7), this quantitative information served to aug-
ment prior hypotheses regarding cutin structure (1). Our determinations
of methylenes, carbonyls, and aliphatics bonded to oxygen were consistent
with a Cys polyester framework, and aromatic moieties could be present
additionally as sidechains (Figure 3). A substantial degree of crosslinking
was suggested by the large number of rigid secondary-alcohol ester carbons

and the high proportion of immobilized methylene groups (Tables II and
III).

Cutin Depolymerization Residue. Figure 4 compares the 3C CPMAS spec-
tra obtained for intact cutin and for the insoluble residue remaining after
transesterification with BF3/CH3OH. The narrowing of most spectral lines
suggested that the depolymerization-resistant material was a less heteroge-
neous polymer; delayed-coupling experiments confirmed that, among those

In Plant Cell Wall Polymers; Lewis, N., etal.;
ACS Symposium Series; American Chemical Society: Washington, DC, 1989.



221

Intact Plant Polyesters

STARK ET AL.

16.

‘dnoi8 [euotjouny
uoqied Jo ad£y yoeo 10] soyeuwryse aalyejrjuenb pue ‘eyep uolyexelol-uids
‘(1) suorysa8ns 1o11d uo paseq ‘uryno sull] 10J [SpoW Ie[NIB[OUI Y ¢ 2InT1 ]

f_o

HO :f_ov 0 :f_o,
|

:oll_o_lolfoloANIUT_._U.:NIoTwloI:o

{I_ov © + N:_
h w 82
o=

HO)
HO o=
| ﬁ_V o= w
~
(0]
g _ _ _ |

olmlmﬂfovlzul:Nonzolnm:ono.on.:Nzov.:ol.l:N:oT.lzolmfonol
0 0

In Plant Cell Wall Polymers; Lewis, N., etal.;
ACS Symposium Series; American Chemical Society: Washington, DC, 1989.



222 PLANT CELL WALL POLYMERS

T T T T T T ‘ BRI T T ] T T T T l T T

300 200 100 0 PPM

Figure 4. 31.94 MHz !3C NMR data for intact lime cutin (bottom) and
the solid residue of a depolymerization treatment (top). Both spectra were
obtained with a !H-13C contact time of 1.0 ms, repetition rate of 1.0 s, spin-
ning rate of 3.0 kHz, a 'H decoupling field of 60 kHz, and a line broadening
of 20 Hz. (For the chosen contact time, peak intensities within each spec-
trum reflect the approximate numbers of each carbon type.) Only the intact
cutin spectrum retained signal intensity near 30 ppm when decoupling was
delayed before acquisition (13, 14).
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Table III. Composition of Carbon Types in Intact Lime Cutin

Carbon Type Rigid Moieties? Mobile Moieties®
(CHy), © 51 724
CH,0COR 1.9; 5.0° s
CHOCOR, CHOH 8.1 I
aromatics, alkenes? 4.3
CH,OCOR (1)k
CHOCOR 5.5
CO 0.8
¢ From extrapolation to zero contact time of cross-polarization signal
intensities.

® From comparison of integrated intensities for DPMAS and CPMAS
experiments (see Materials and Methods section).

Includes signals that span the chemical shift range of 25-33 ppm.
Reported (incorrectly) as 36 in Ref. 7.

Derived from slopes of a biphasic decay.

Some signal intensity appeared at elevated temperatures.

Sum of extrapolated intensities for peaks at 105, 128, and 156 ppm.
Arbitrarily set to 1.

T e oo

carbons that cross polarize, immobile (CH3), groups were retained pref-
erentially by the BF3/CH30H treatment. The appearance of prominent
resonances between 60 and 105 ppm was attributed to residual polysaccha-
rides and to CHOCOR crosslinks, both of which are likely to resist this
chemical depolymerization treatment.

Cutin-Waz Interactions. In order to obtain a more complete structural
picture of plant cuticle, 13C CPMAS data were also obtained for the poly-
meric assembly prior to removal of waxes (Figure 5). A second (CH3), peak
appeared in the spectrum, and additional signal intensity in the carboxyl
region produced a single broadened peak. Bulk methylene carbons from
cutin and wax components exhibited identical values of Ty p(H), indicating
that they were mixed intimately and shared a common 'H spin reservoir
(2,4). Assessments of the impact of waxes on cutin flexibility are currently
in progress (Garbow, J. R.; Stark, R. E., unpublished results).

Suberized Cell Walls. An analogous set of CPMAS experiments is presented
for suberin in Figure 6. Because this polymer is an integral part of the plant
cell wall, the 13C NMR spectrum had contributions from both polysaccha-
ride and polyester components. Chemical-shift assignments, summarized
in Table IV, demonstrated the feasibility of identifying major polyester
and sugar moieties despite serious spectral overlap. Semiquantitative esti-
mates for the various carbon types indicated that, as compared with cutin,
the suberin polyester had dramatically fewer aliphatic and more aromatic
residues. A similar observation was made previously for the soluble depoly-
merization products of these plant polymers (1,8,11).
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Figure 5. 31.94 MHz 13C NMR data for the lime cutin polyester (bottom)
and a cutin-wax mixture (top). The experimental conditions were as de-
scribed in Figure 4. For contact times that exceeded 3 ms, the cutin-wax
assembly displayed two resolved carboxyl peaks near 170 ppm.
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300 200 100 0 PPM

Figure 6. 31.94 MHz 3C NMR spectra for suberized cell walls from pota-
toes, before (bottom) and after (top) depolymerization treatment. The ex-
perimental parameters were as in Figure 4. Chemical-shift assignments and
relative numbers of carbons for the untreated material are found in Ta-
ble IV. Delayed-decoupling experiments left some (CHg), signal intensity
in the spectrum of intact suberin, but the analogous signals were drastically
attenuated in the NMR spectrum of the depolymerization residue.

In Plant Cell Wall Polymers; Lewis, N., etal.;
ACS Symposium Series; American Chemical Society: Washington, DC, 1989.



226 PLANT CELL WALL POLYMERS

Table IV. Carbon Types in Suberized Cell Walls

Shielding?

Carbon Type® (ppm) Relative Number®
(CHa)n 30 1.8

6 62

2,3,5 72

4 82

1 101

aromatics, alkenes 110-160 3.6

COOR 172 (1)

¢ Assigned from data for model compounds (19-21; 24,25). Cell-wall
resonances are noted in talics.

b From 3C CPMAS spectra, obtained as described in Figure 6 (bottom)
and referenced externally to TMS.

From extrapolation to zero contact time of cross-polarization signal
intensities, omitting consideration of DPMAS spectra. For these es-
timates, (CHa,),, aromatics/alkenes, and COOR were taken as the
chemical-shift regions 20-40, 110-160, and 165-180 ppm, respectively.

Intact suberized tissue yielded fairly sharp signals from the cell-wall
component, but, as with cutin, broad spectral features characterized the
polyester material in Figure 6 (bottom). This situation was altered after
depolymerization with BF3/CH3OH: suberin lines were narrowed (Figure 6,
top), suggesting selective removal of particular polymeric moieties. Again,
the relatively immobile (CH;),,’s of Figure 6 (top) were retained prefer-
entially. No substantial change in aliphatic-to-aromatic carbon ratio was
observed, but the cell-wall signals between 40 and 110 ppm were now a
much smaller proportion of the total signal intensity.

Important structural inferences may be made from the dynamic char-
acteristics of suberin-cell wall assemblies, which are summarized in Table V.
First, the unequal T p(H) values derived from suberin and polysaccharide
carbon signals indicated that the two components formed separate struc-
tural domains (2,4). This could result if, for example, suberin extended
away from its cell-wall attachment site. Secondly, the unequal T;p(C) val-
ues and B, dependences suggested differing degrees of motional freedom for
the polyester and polysaccharide carbon moieties. Bulk methylene carbons
of the former component were similar dynamically (on the kHz timescale)
to corresponding cutin moieties: low-frequency motions were facile in both
cases, particularly in comparison with synthetic poly(butylene terephtha-
late) (4). The polysaccharide component had more restricted motions on
this timescale, and the presence of such low-frequency motions was fur-
ther indicated by the strong dependence of <T;p(C)> values on the field
strength B;(C) for these carbons. Again, these spin-relaxation results were
consistent with a structural model in which the suberin polymer was at-
tached to (rather than embedded in) a relatively rigid cell wall.
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Table V. Spin-Relaxation Parameters for Suberized Cell Walls

<T1p(C)>(ms)?

Carbon Type <Tip(H)>(ms)® 37kHz 44 kHz 50 kHz 60 kHz

(CH»), 5.7 2.7 3.1 3.8 4.4
6 6.8 3.3 6.3 7.8 9.8
2,8,5 6.8 9.9 17.7 21.4 28.0

1 6.7 11.9 - 19.1 25.9
aromatics® 5.3 6.4 6.5 6.2 7.7

¢ From a straight-line fit of 13C signal heights vs. contact times of 1.5-
12.0 ms. Accuracy of the measurements was 10%.

b From a straight-line fit of 13C signal heights vs. Typ(C) hold times
of 0.05-1.00 ms. Values of B;(C) were as noted. Accuracy of the
measurements was 10%.

¢ Resonance at 116 ppm.

Conclusions

Solid-state 13C NMR was employed to characterize intact samples of cutin
and suberin biopolyesters. Although a considerable degree of structural
heterogeneity was observed for both materials, it was possible nonetheless
to resolve and assign many NMR peaks, even when the polyesters were
accompanied by waxes or cell walls. Quantitative estimates for the vari-
ous aliphatic, aromatic, and carbonyl carbon types indicated that cutin was
primarily aliphatic in composition, whereas suberin had more aromatic and
olefinic moieties. Additional analysis should be facilitated by the biosyn-
thetic incorporation of selectively 13C-enriched precursors (26,27).

Key features of molecular structure were also deduced from the dy-
namic characteristics of these plant polymers: (a) long runs of methy-
lene groups in cutin were flexible enough to display NMR spectra un-
der direct-polarization/scalar-decoupling conditions; (b) other methylenes
formed shorter molecular segments (in cutin) or were associated with cell
walls (in suberin) and must be observed with cross-polarization/dipolar-
decoupling NMR methods; (c) many of the moieties described in (b) had
spin-relaxation parameters that suggested considerable motion on MHz and
kHz timescales; (d) esters of secondary alcohols probably constituted rigid
crosslinks and contributed to the integrity of these biopolymers, as indi-
cated by their T1(C) and <T1p(C)> values. Thus, cutin appears to be a
resilient crosslinked netting, whereas suberin is rendered somewhat more
rigid by the cell-wall matrix in which it grows.

For the study of complex cuticular mixtures, measurements of cross-
polarization dynamics proved to be especially informative. The equality
of T1p(H) values in cutin-wax assemblies demonstrated that these cuticu-
lar materials were mixed intimately. By contrast, Tip(H) measurements
showed that the polymeric components of suberized cell walls were present
in distinct domains, suggesting that suberin was attached at a few struc-

tural sites rather than being embedded in the polysaccharide wall.
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Preliminary structural studies of cutin and suberin breakdown involved
examination of !3C NMR spectra for insoluble residues that were resistant
to chemical depolymerization. In cutin samples, flexible CH; moieties in
particular were removed by such treatments, but CHOCOR crosslinks and
polysaccharide impurities were retained preferentially. A concomitant nar-
rowing of NMR spectral lines suggested that the treatments produced more
homogeneous polyester structures in both cases. Our current studies of cu-
ticular breakdown also employ selective depolymerization strategies with
appropriate enzymes (1,28).

These results demonstrated the usefulness of }3C NMR in studies of
molecular structure and dynamics for the polymeric constituents of plant
cuticle. Although these materials are insoluble and sometimes present as
interpenetrating phases, CPMAS and spin relaxation techniques helped
identify important carbon types and provided structural clues to the pro-
tective functions of cutin and suberin in terrestrial plants.
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Chapter 17

Cellulose Biosynthesis

The Terminal Complex Hypothesis and Its Relationship
to Other Contemporary Research Topics

Arland T. Hotchkiss, Jr.

U.S. Department of Agriculture, Agricultural Research Service, Eastern
Regional Research Center, 600 East Mermaid Lane, Philadelphia,
PA 19118

Cellulose biosynthesis is a complex, sensitive, and not
fully characterized process that occurs in organisms rang-
ing from plants to bacteria to animals. Two fundamen-
tal approaches have been used to investigate cellulose
biosynthesis; one structural and the other biochemical.
The terminal complex hypothesis proposes that the cellu-
lose synthesizing enzyme complex can be visualized with
electron microscopy. Terminal complex is the name given
to collections of plasma membrane particles thought to
represent the cellulose synthase. While direct evidence is
still not available to support this hypothesis, the amount
of indirect supporting evidence has grown dramatically
in the past few years. The relationship between terminal
complexes, cellulose physical structure and the biochem-
ical events of cellulose biosynthesis will be discussed.

Cellulose, a polysaccharide consisting of linear 1,4-3-D-anhydroglucopyra-
nose chains laterally associated by hydrogen bonds, is the most abundant
and commercially important plant cell wall polymer (1). Consequently,
cellulose is also one of the most thoroughly investigated plant cell wall
polymers. However, it is enigmatic in the sense that significant elements of
cellulose physical structure and the mechanism of cellulose biosynthesis still
are not well understood. Since these subjects have been reviewed recently
(2-10), this review will update topics covered previously and provide a new
analysis of selected topics of contemporary interest.

Cellulose Assembly

The terminal complex hypothesis proposes that structural manifestations
of the cellulose synthase enzyme complex can be visualized with the freeze
fracture specimen preparation technique for electron microscopy. These

This chapter not subject to U.S. copyright
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structures, consisting of collections of intramembranous particles observed
on the internal fracture faces of the plasma membrane, are frequently asso-
ciated with the ends of cellulose microfibril impressions. Furthermore, since
biochemical evidence has demonstrated that cellulose biosynthesis occurs
at the plasma membrane and terminal complexes are located at the site of
cellulose microfibril assembly, the hypothesis proposes that terminal com-
plexes are the cellulose synthase protein complexes.

Since Roelofsen (11) and Preston (12) first provided the conceptual ba-
sis for the terminal complex hypothesis, these structures have been reported
in a variety of organisms reviewed by Brown (6). The rosette/globule ter-
minal complex consists of a collection of six particles arranged hexagonally
on the protoplasmic face (PF) with a complementary globule on the ex-
oplasmic face (EF) of the plasma membrane. Since the last review (6),
rosette terminal complexes have been observed in the vascular plants Le-
pidium sativum L. (13) and Zinnia elegans (14), as well as in the green algae
Chara globularis var. capillacea (15), Nitella translucens var. azillaris (16),
and Mougeotiasp. (17,18). The linear terminal complex consists of particle
rows (single, triple, or diagonal) and have been reported on the EF, PF, or
both faces of the plasma membrane. Linear terminal complexes consisting
of diagonal rows of PF intramembranous particles have been reported re-
cently in Vaucheria of the Xanthophyceae (19). The remarkable dichotomy
between the taxonomic distribution of the rosette/globule and linear types
of terminal complexes continues to exist (18). Rosette/globule terminal
complexes have been observed throughout the evolutionary spectrum of
organisms from primitive plants such as green algae (Charophyceae) to ad-
vanced vascular plants. However, linear terminal complexes are only found
in certain algal groups; the Chlorophyceae and Ulvophyceae classes in the
green algae, the Xanthophyceae (yellow-green algae) and the Phaeophyceae
(brown algae, Pelvetia, 20).

Direct microscopic evidence demonstrating that terminal complex par-
ticles are cellulose synthesizing enzymes is not currently available and will
await the production of antibodies against cellulose synthase following its
isolation and purification. However, the proposal that terminal complexes
are part of the cellulose synthase complex is increasingly becoming accepted
(2) due to the accumulation of indirect evidence supporting this hypothe-
sis. Some of the most convincing data correlates high densities of terminal
complexes with localized deposition of cellulose microfibrils during certain
stages of plant cellular development. Rosette/globule terminal complex
density values up to 191 per um? were observed under the secondary cell
wall thickenings of xylem tracheary elements of Lepidium sativum (13) and
of Zinnia elegans (14). It has been known for quite some time that in
tip-growing plant cells the density of rosette/globule terminal complexes
increases dramatically at the tip (up to 48 rosettes per um?), where the
most active cellulose microfibril deposition occurs (21,22).

The identification of terminal complexes in the Gram-negative bac-
terium Acetobacter zylinum now appears to be in doubt. Previously, a single
linear row of particles observed on the outer lipopolysaccharide membrane
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PF had been proposed as the terminal complex (23) and associated pores
were reported on the outer membrane EF (24). Due to their proximity to
the site of cellulose ribbon extrusion from the cell surface, these structures
were assumed to be responsible for cellulose synthesis. A model was ad-
vanced in which cellulose synthase was localized on the outer membrane,
which invoked adhesion sites between the outer and plasma membranes as a
mechanism to explain the transfer of uridine-diphosphoryl-glucose (UDPG)
from the cytoplasm to the cellulose synthases (25,26). However, when the
outer and plasma membranes of Acetobacter were isolated separately by
density-gradient centrifugation, the cellulose synthase activity was localized
only in the plasma membrane fraction (27). Therefore, the linear structures
observed on the Acetobacter outer membrane, while they may be associated
in some manner with cellulose biosynthesis, are probably not the cellulose
synthase terminal complexes. Since no ultrastructural evidence for adhe-
sion sites between the outer and plasma membranes has been presented, a
thorough investigation of the mechanism of 3 (1-4) glucan chain transloca-
tion from the cytoplasmic membrane to the outer membrane in Acetobacter
rylinum is now in order.

Terminal Complex Structure and Phylogeny

Information derived from terminal complex structure has been used to
probe phylogenetic relationships between cellulose producing organisms
(6,17,18,26,28-30). As originally proposed (26), four characteristics of cel-
lulose assembly (fixed vs. mobile sites of cellulose biosynthesis, linear vs.
rosette terminal complexes, consolidated vs. unconsolidated terminal com-
plexes, plasma membrane insertion of terminal complexes) were considered
significant with regard to phylogenetic relationships. While most of these
characteristics are still considered significant, their importance in deter-
mining phylogenetic relationships has been reinterpreted. Consequently,
changes were made in the relative positions of organisms possessing terminal
complexes in phylogenetic schemes which also reflect other ultrastructural
and biochemical characteristics (18).

Fized vs. mobile sites of cellulose biosynthesis. The phylogenetic utility of
the fixed vs. mobile site characteristic of cellulose biosynthesis reflects ba-
sic structural differences between prokaryotic and eukaryotic organisms. In
eukaryotic organisms, cellulose is produced from terminal complexes that
move in the plane of the “fluid-mosaic” plasma membrane by the force
generated from microfibril assembly (31), and deposit cellulose so that it
envelops the cell. In contrast, most cellulose-producing prokaryotic organ-
isms (including Acetobacter, Achromobacter, Aerobacter, Agrobacterium,
Alcaligenes, Azotobacter, Pseudomonas and Rhizobium; 32) extrude cellu-
lose as a ribbonlike extracellular product from a single fixed site on the cell
surface. However, a cellulosic extracellular layer was reported in Sarcine
{(33). It would not be possible for the mobile site mechanism of cellulose
biosynthesis to exist in prokaryotes due to the complication of cellulose
extrusion through the peptidyl glycan cell wall and outer membrane.
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Consolidation of rosette/globule terminal complezes. The strongly con-
served nature of terminal complex morphology in certain eukaryotic taxo-
nomic groups led to the reorganization of phylogenetic relationships, which
were based on cellulose biosynthesis, along either a rosette terminal com-
plex pathway or a linear terminal complex pathway (28). The significance
of terminal complex consolidation is most obvious with zygnematalean al-
gae in the rosette pathway. In this case, both solitary terminal complexes
and terminal complex rows are associated with microfibril assembly during
primary wall formation, whereas hexagonal arrays of terminal complexes
are involved in secondary wall microfibril assembly. These examples rep-
resent three levels of terminal complex consolidation. First, the solitary
rosette consists of six intramembranous particles consolidated in a pattern
that contains six-fold rotational symmetry. Second- and third-order con-
solidation is observed in the linear translation of rosette/globule terminal
complexes into rows or hexagonal arrays.

Terminal complex consolidation has also been reported in vascular
plants as loosely aligned files of rosettes associated with secondary wall
formation (13,14,34,35). Similar rosette files were also observed during
primary wall formation in rapidly elongating regions of Avena coleoptiles
(6,36). When coleoptiles were gravistimulated, terminal complex disag-
gregation occurred only on the lower coleoptile hemicylinder as evidenced
by the observation of solitary globule terminal complexes (6,36). It was
proposed that solitary terminal complexes produced microfibrils with less
intermicrofibrillar hydrogen bonding than was present between microfibrils
deposited by consolidated terminal complexes, allowing the lower hemi-
cylinder to bend upward (36).

There appears to be a direct correlation between terminal complex
length (linear consolidation) and the width of the microfibril produced.
The best example of this correlation is in the deposition of secondary wall
microfibrils in Micrasterias by hexagonal arrays of rosettes (37). In this
example, the longest row of rosettes (up to 16 rosettes) located in the
center of the array was associated with the widest microfibrils (up to 28.5
nm), while shorter rows were associated with narrower microfibrils. The
relationship between the number of rosettes in a row and microfibril width
is not proportional, however, since rows of 5 rosettes were associated with
the deposition of 20 nm microfibrils in Spirogyra (38) and solitary rosettes
were associated with 8 nm microfibrils in Mougeotia (17). The loosely
associated files of rosettes involved in secondary wall formation in vascular
plants have less linear order than the rosette rows found in zygnematalean
hexagonal arrays. Correspondingly, the microfibril widths of the former
were narrower than those in the latter. The consequence of the two types
of secondary wall formation is that the zygnematalean secondary cell wall
is more rigid than that typical of vascular plants (30), a characteristic that
may be mutually advantageous for each organism in a functional sense.

Consolidation of linear terminal complezes. The correlation between linear
consolidation of terminal complexes and microfibril width does not appear
to be as consistent for linear terminal complexes, although this correlation
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was previously reported (2,39). Qocystis and Boergesenia had the same
average terminal complex length (510 nm), which was greater than that
observed in Valonia (350 nm) and in Vaucheria (192 nm), while the Oocys-
tis, Valonia and Vaucheria microfibril widths were similar (20 nm) but
10 nm less than that of Boergesenia (19,39,40). The structural develop-
ment of the linear terminal complex has recently been reported during the
regeneration of Boergesenia and Valonia protoplasts following wounding
(41) In both genera terminal complex linear consolidation was reported
to increase during primary wall formation, reaching a maximum length as
secondary wall formation commenced. Slmllar results also were observed
in Boodlea (Siphonocladales) during primary and secondary wall formation
(42). Thus, linear terminal complex consolidation appears to be a manifes-
tation of the stage of cell wall development rather than a significant factor
in the determination of microfibril dimensions.

Plasma membrane insertion of terminal complezes. While the rosette/glob-
ule terminal complexes observed in the Zygnematales (Micrasterias, Clos-
terium, Spirogyra and Mougeotia) were previously thought to be more
transmembrane than those typical of vascular plants (26,37), the former
terminal complexes are now considered to be more closely related to the
latter than to the transmembrane linear terminal complexes characteris-
tic of the Ulvophyceae (18). This statement does not imply disagreement
with the observation that part of the rosette structure may be pulled away
with the globule when the leaflets of the plasma membrane separate during
the freeze fracture process. Rosette substructure appears to be a universal
characteristic of globular terminal complexes, since it has been observed
in vascular plants (30,43) and in the Zygnematales (37). It now appears
that while the entire rosette/globule terminal complex spans the plasma
membrane based on observations of complementary double replicas (37),
neither the rosette nor the globule individually are transmembrane parti-
cles as suggested previously (37).

Herth (29) first reported that the rosette terminal complex was charac-
teristic of those algae (Charophyceae) which represent the evolutionary line
that gave rise to higher land plants. Several other taxonomic characteristics
also are thought to support the proposal that the Charophyceae represents
this phylogenetic line (44). Therefore, the insertion of the rosette/globule
terminal complex in the plasma membrane does not appear to be phyloge-
netically significant, whereas this is the case for the linear terminal complex.
Variation in linear terminal complex plasma membrane insertion exists in
organisms representing distinctly different taxonomic groups. Only EF lin-
ear terminal complexes are observed in Qocystis (Chlorophyceae), while
those in Vaucheria (Xanthophyceae) are observed only on the PF and those
characteristic of Valonia and Boergesenia (Ulvophyceae) are found on both
the EF and PF. The taxonomic groups represented by those organisms pos-
sessing linear terminal complexes are not considered to be closely related in
a phylogenetic sense based on other ultrastructural and biochemical char-
acteristics (44).
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Cellulose Structure

Variation in the physical structure of cellulose has been observed according
to its source and developmental stage (2,5). This variation, which includes
differences in microfibril crystallographic orientation, degree of polymeriza-
tion (DP), transverse crystalline dimensions (crystallite size), patterns of
glucan chain hydrogen bonding and glucan chain polarity, has made the
basic crystalline structure of cellulose difficult to determine. X-ray diffrac-
tion studies have identified several crystalline polymorphs of cellulose (45).
Cellulose isolated from plants and bacteria typically occurs in the form of
cellulose I (native cellulose). The cellulose II polymorph is formed from cel-
lulose I by treatment with alkali (mercerization) or by precipitation from
solution. A reversal in glucan chain polarity from parallel to antiparallel is
thought to result from the conversion from cellulose I to I1. While cellulose I
and II are the most common polymorphs, other forms (cellulose III, IV and
X) have been reported (45).

The cellulosic microfibrils of Acetobacter, and those present in the pri-
mary and secondary walls of vascular plants are twisted and show no pre-
ferred crystallographic orientation relative to the cell surface. However, flat
crystallographically oriented microfibrils are produced by siphonocladalean
algae (Valonia, Boergesenia; Ulvophyceae; 46; Roberts and Hotchkiss, un-
published results), cladophoralean algae (Cladophora, Chaetomorpha; Ul-
vophyceae; 47,48), zygnematalean algae (Mougeotia; Charophyceae; 18)
and xanthophycean algae ( Vaucheria; 19) in which the 6.0A lattice plane
of cellulose is typically parallel to the cell surface (uniplanar orientation, 1).
The flat Spirogyra (Zygnematales) microfibrils appear to have unusual uni-
planar orientation, since either the 3.94 or the 5.4A lattice planes have been
reported to parallel the cell surface (49). Unusual uniplanar orientation also
has been reported in Oedogonium (Chlorophyceae), in which the 5.4A lat-
tice plane was observed to parallel the cell surface (1,50). Differences in
cellulose microfibril crystallographic orientation within the Zygnematales
are thought to result from the presence (Spirogyra) or absence (Mougeo-
tia) of secondary wall formation (18). In this regard, it will be interesting
to see if other zygnematalean algae with secondary wall formation (i.e.,
Micrasterias, Closterium) possess the same unusual uniplanar orientation.

Further cellulosic structural variation is displayed by DP and crystal-
lite size parameters. Acetobacter and vascular plant primary wall celluloses
are low in DP (2,000-6,000), while siphonocladalean and vascular plant
secondary wall celluloses are relatively high in DP (> 10,000) (2). During
cotton fiber development, the cellulose IV polymorph is produced during
primary wall formation, while in secondary walls, cellulose I is observed
(61). The cellulose crystallite size is highest in ulvophycean and certain
chlorophycean algae (114-169A), lowest in vascular plants (49-62A) and in-
termediate in Acetobacter (70-84A) (1). It appears that cellulose crystalline
dimensions are independent of the type of terminal cellulose synthesizing
complex. The idea that cellulose biosynthesis is not exclusively responsible

for determining its crystalline dimensions has been proposed previously by
Marx-Figini (52).
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Raman spectroscopy and !3C CP-MAS NMR techniques have proved
important in the investigation of cellulose crystalline structure (3). Based
on the nonequivalence of alternate 8 (1-4) glucan chain glycosidic linkages
as determined by Raman spectroscopy, it was concluded that the basic
repeating unit was a disaccharide (53). The slight right and left-handed
deviations from a two-fold screw axis were approximated by those observed
in the crystal structures of cellobiose and methyl-f-cellobioside model di-
saccharides. Cellulose computer models have also been generated based
on the glycosidic oxygen bond rotational angles. These computer models
were reported to better approximate the saddle position between the two
major rotational angle energy of conversion minima (thought to be rep-
resentative of native cellulose) than the cellobiose and methyl-3-cellobiose
crystallographic models (54).

Microscopic evidence confirming cellulose I glucan chain polarity was
reported previously with Valonia cellulose (55,56). Recently, parallel chain
polarity also was demonstrated by the asymmetrical arrangement of silver-
labeled reducing ends at only one end of Acetobacter cellulose I fibrils (57).
Two distinct crystalline forms of cellulose I (I, and Ig) were reported by
Atalla and VanderHart (58), based on CP-MAS '3C NMR evidence. Cel-
lulose I, and 14 differed only in their patterns of hydrogen bonding, while
their molecular conformations were otherwise identical (3). All cellulose
microfibrils were thought to be mixtures of I, and Iz forms with the I,
form predominant in cellulose from siphonocladalean algae and Acetobac-
ter, whereas vascular plant cellulose primarily consisted of the I form.
These conclusions were recently modified (59) following observations of the
preferential I, susceptibility to acid hydrolysis and mechanical beating, as
well as solid state 13C NMR methods which enhance the crystalline core
resonances. It was determined that vascular plant cellulose consists almost
exclusively of the Is form, with far less (if any) I, content than reported
earlier. The celluloses of Mougeotia and Chara were recently reported to
be predominantly I (60). This evidence suggests that a correlation exists
between the presence of solitary rosette/globule terminal cellulose synthe-
sizing complexes and the assembly of Ig cellulose (60). Linear terminal
complexes may be associated with the formation of a mixture of both I,
and I crystalline forms.

It now appears that cellulose I is not exclusively the native polymorph
present in all organisms. The results reported originally by Sisson (61),
which provided evidence that cellulose II was the native polymorph present
in Halicystis (Ulvophyceae) cell walls, were recently reinvestigated and con-
firmed (62). Additionally, cellulose II producing mutants of Acetobacter
have been isolated and analyzed with x-ray and low-dose electron diffrac-
tion (63). When cellotetraose is induced to crystallize in solution it forms
a structure which has been used as a model compound approximating the
crystallographic nature of cellulose II based on x-ray diffraction, electron
diffraction and CP-MAS 3C NMR evidence (64). Significantly, in all cases
where Acetobacter cellulose synthase in vitro activity has been reported,
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the product was cellulose II as determined by x-ray and low-dose electron
diffraction (27,65). These observations indicate that cell-free synthesis of
cellulose I is not known and that the spatial arrangement of components re-
sponsible for the biosynthesis of cellulose I may be easily disturbed. There-
fore, the biosynthesis of cellulose II in nature may reflect alterations in the
structures responsible for cellulose assembly in those organisms where it
has been observed.

In Vitro Cellulose Synthase Activity

While partial purification of UDPG:1,4-8-D-glucan glucosyltransferase (cel-
lulose synthase) from Acetobacter has been achieved (2,27,65), it has not
been possible to demonstrate cellulose synthase activity in solubilized vas-
cular plant membrane fractions. Instead, isolated vascular plant membranes
produced B (1-3) glucan (callose) using UDPG as a substrate. Previously
reported low levels of 8 (1-4) glucan in vitro synthesis in vascular plant
solubilized membranes are now thought to represent xyloglucan biosynthe-
sis (2,66). A possible candidate for the Acetobacter cellulose synthase has
been purified as an 83 Kd concanavalin A-binding glycoprotein (65). An
earlier report of in vitro cellulose biosynthesis by Acetobacter digitonin-
solubilized membranes (67) is now considered to be in doubt since the
product formed was reported as cellulose I and a correlation between the in
vitro product formed and the observed electron diffraction pattern was not
demonstrated (27). Cellulose synthase activity was localized on the plasma
membrane of Acetobacter (27), and is known to be regulated by bis- 3—
5')-cyclic diguanylic acid, which is degraded by a membrane-bound Ca?*
sensitive phosphodlesterase (2,68). However, vascular plant cellulose syn-
thase does not appear to be under similar control. According to Delmer (2),
the vascular plant cellulose synthase is a multifunctional 8(1-3):8(1-4) glu-
cosyltransferase under the regulation of an 18 Kd 2,6-dichlorobenzonitrile
(DCB) binding protein and Ca2?*. In order to test this hypothesis, anti-
bodies raised against the DCB binding protein and callose synthase will be
used to examine their affinity for rosette/globule terminal complexes (69).
From the results of this research, it will be possible to determine whether
cellulose synthase and callose synthase are the same enzyme complexes
and if the terminal complex structure is actually associated with cellulose
biosynthesis.

It also should be noted that Northcote (70; see chapter 1, this vol-
ume) has proposed a mechanism to explain the production of callose when
vascular plant cells are damaged (including during membrane isolation for
in vitro cellulose synthase activity). In this model, the cellulose synthase
complex includes a binding protein which controls the orientation of the
growing glucan chain non-reducing end. Under normal conditions, the C-4
hydroxyl at the non-reducing end is oriented so that it is the most favored
site for transfer of the next glucose from UDPG. When cell damage occurs,
the orientation of the binding protein is disrupted so that the C-3 hydroxyl
is the most favored site for acceptance of glucose. However, this model fails
to explain how the transfer of glucose to the glucan chain non-reducing end
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is coordinated so that each successive glucose is rotated 180° relative to
the adjacent one. No experimental evidence is currently available to de-
termine the possible correlation between the Northcote model and electron
microscopic observations of terminal complex structure.

Progress comparable to that made in understanding the 8 (1-4) glucan
polymerization event has not been achieved with the cellulose crystalliza-
tion process, since no evidence demonstrating the in vitro production of
cellulose I has been reported. Haigler’s cell-directed self-assembly model
comes closest to explaining cellulose crystallization in Acetobacter (25,26).
This model proposes that linear rows of outer membrane particle pores
maintain nascent 8 (1-4) glucan chains in 1.5 nm nondissociable fibrils as
they are extruded. Outside of the cell, glucan chains in register (established
by the outer membrane pores) spontaneously self-assemble into 3.5 nm cel-
lulose I microfibrils.

How the self-assembly of 1.5 nm fibrils occurs is the source of cur-
rent debate. Ruben and Bokelman (71; see chapter, this volume) have
observed 1.78 nm submicrofibrils arranged in a left-hand-twisted, triple-
stranded pattern within 3.68 nm microfibrils by platinum-carbon shadow-
ing for electron microscopy. They concluded that this type of construction
was incompatible with the proposal (5,26) that microfibrils were formed
by the lateral fasciation of 1.5-1.8 nm fibrils along crystal lattice planes.
A helicoidal association of submicrofibrils mediated by the hydrogen-bond
forces of xylose-containing hemicellulosic polysaccharides was suggested as
the mechanism of self-assembly in Acetobacter (71). However, the recent
evidence that crystal lattices of Acetobacter cellulose up to 25 nm wide
were imaged by electron microscopy (72), suggests that continuous, unin-
terrupted crystalline domains of cellulose exist, which intrinsically follow
crystal lattice planes. Furthermore, no evidence for the presence of xylose-
containing polysaccharides in Acetobacter pellicles was confirmed (Gretz
and Hotchkiss, unpublished data). Therefore, the self-assembly of 1.5 nm
fibrils into microfibrils probably occurs in a helical fashion, but by a mech-
anism which maintains the symmetry of congruent lattice planes. More
evidence is needed to prove that the self-assembly process is helicoidal.

Alteration of Cellulose Biosynthesis

Attempts to examine the process of cellulose crystallization have frequently
involved culturing Acetobacter in the presence of fluorescent brighteners,
direct dyes, carboxy-methyl-cellulose, or other agents which compete for
interchain hydrogen bond sites, thereby disrupting microfibril formation
(5,26). The sheet-like structure of the altered Acetobacter cellulose is now
better understood following x-ray and electron diffraction analysis (73).
The results of this study indicated that fluorescent brightening agents, such
as Calcofluor, stack transverse to the glucan chain long axis and assume
a helical orientation due to glucan chain twisting. The primary forces in-
volved in the stacking of dyes to the nascent glucan chains were reported
to be hydrophobic interactions. Helically twisted fibrils of cellulose I could
be regenerated from the noncrystalline altered cellulose following water
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washing. However, a reduction in crystallite size relative to that typical
of Acetobacter cellulose was observed. Kai (74) reported that dye-altered
cellulose was not totally amorphous, observing reflections at 6.0A. In con-
trast, the only reflections Haigler and Chanzy (73) observed (3.99A4) with
similar material were attributed to the helical stacking of the dye.

These results suggest that if the events of cell-directed extrusion and
nascent glucan chain self-assembly become uncoupled (as in the case of cel-
lulose regeneration from dye-altered cellulose), the native crystalline cellu-
lose dimensions will not be achieved. The cell-directed self-assembly model
is strengthened by this information, with the corollary that the cellulose
synthase is localized on the plasma membrane as suggested by Bureau and
Brown (27). It appears obvious that, regardless of how the nascent glu-
can chains traverse the peptidyl glycan cell wall and outer membrane, the
critical structural components responsible for cell-directed extrusion are
localized on the outer membrane. Absence of the linear row of outer mem-
brane particles in cellulose II producing mutants (63) suggests that the cell-
directed extrusion mechanism was altered, leading to the crystallization of
cellulose II. Future research examining the self-assembly of extruded 8 (1-4)
glucan chains in the presence of compounds that undergo cholesteric liquid
crystal formation should also yield valuable information that will address
the possibility of a helicoidal mechanism for microfibril construction.

Since the events of glucan chain polymerization and cellulose crystal-
lization are not spatially separated in eukaryotic organisms as they are in
prokaryotic organisms, the observation of cellulose II in the former (62,63)
raises interesting questions concerning the structure of a terminal complex
that could assemble antiparallel cellulose. One possibility is that the PF
component contains the cellulose synthase activity and the EF component
either is missing or lacks the ability to align nascent glucan chains in a
parallel orientation. Alternatively, if cellulose II chain polarity is paral-
lel instead of antiparallel, terminal complex mediated cellulose II assembly
would be much more easily explained based on our present knowledge. A
parallel crystal structure model for cellulose II has been described recently
(75).

It is interesting to consider the effects of non-cellulosic cell wall polysac-
charides on cellulose crystallization in eukaryotic organisms. The addition
of purified pea xyloglucan (76) or mannodextrins (Atalla, personal commu-
nication) to Acetobacter cultures has been reported to prevent or alter cel-
lulose microfibril crystallization. These results suggest that plant cell wall
polysaccharides present during microfibril deposition may alter cellulose
biosynthesis. Based on 'H-NMR evidence (second moment and solid echo
analysis), a model was proposed which suggests that cellulose microfibrils
form a highly ordered complex with an immobile-population of xyloglucan
in the primary cell walls of bean hypocotyls (77). While this model is pre-
liminary, it appears to imply that the intimate association with xyloglucan
may be due to crystallization of cellulose in the presence of xyloglucan at
the plasma membrane. These proposals represent a possible explanation
for the observed variation in cellulose crystallite sizes that would be open
to developmental regulation based on changes in cell wall composition.
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Cell wall components also have been reported to influence the pat-
tern of microfibril deposition. Glucuronoxylan has been affinity-labeled
(xylanase-gold complex) preferentially at the points of helicoidal microfi-
bril orientation shifts between S; and S, lamellae in Tilia platyphyllos wood
(78). It was proposed that the structural attributes of the hemicellulosic
glucuronoxylan (elongated stiff backbone with short, flexible side chains)
were favorable for cholesteric liquid crystal formation. Therefore, through
close association with the cellulose, the glucuronoxylan could induce a heli-
coidal transition between S; and S, microfibril orientations. The turnover
of xyloglucan in dicots and #-glucan (mixed 1-3, 1-4 linkages) in mono-
cots catalyzed by specific cell wall localized glucanohydrolyases in addition
to Ca?t/H* ion exchange by acidic cell wall carbohydrates, are thought
to allow the slippage reorientation of cellulose microfibrils to occur dur-
ing cell elongation (79). Cell wall glycoproteins may also influence the
spatial arrangement of cellulose microfibrils. The distribution of isodity-
rosine cross-links between adjacent hydroxyproline-rich glycoproteins has
been proposed to establish a cell wall matrix mesh which restricts the de-
position of cellulose microfibrils in vascular plants (80).

Molecular Genetics of Cellulose Biosynthesis

Biochemical knowledge of biosynthetic metabolism has often been aided
by genetic studies of mutants defective in key enzymes in various anabolic
pathways. It is hoped that this research approach will also be helpful in
investigations of cellulose biosynthesis. Currently Acefobacter mutants de-
ficient in cellulosic pellicle production (Pel™) have been produced (81,82).
However, the Pel™ mutants produced in one study (82) still made small
quantities of cellulose II in vivo, possessed normal UDPG:1,4-3-D-glucan
glucosyltransferase activity in vitro and had no detectable galactose in
lipopolysaccharides (LPS). These observations were interpreted to mean
that the Pel~ defect was not in the cellulose polymerization event but
that the defect may have been in the preceding step catalyzed by UDPG
pyrophosphorylase (83). However, an additional mutation affecting the
structures responsible for nascent glucan chain translocation through the
peptidyl glucan and outer membrane may also be present since cellulose II
is produced in vive. The alteration in lipopolysaccharide structure may
be a manifestation of the latter type of defect in Pel™ mutants. Further
investigation of these mutants should provide valuable information about
the mechanism of cellulose II formation and glucan chain translocation in
Acetobacter.

Isolation and sequencing of the cellulose synthase gene(s) has not been
accomplished yet; however, DNA from Acetobacter zylinum containing this
gene(s) was cloned into broad host-range plasmid vectors (82). These vec-
tors were mobilized into Pel™ mutants to test for complementation. To date,
this approach has not produced a pellicle-forming transconjugant from a
Pel™ mutant of Acetobacter (82). The direct correlation between cellulose
production and presence of plasmid DNA in Acetobacter has been reported
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(84), suggesting that the cellulose synthase gene(s) was localized on one
or more plasmids. However, some Acetobacter strains lacking plasmids or
cured of plasmids were recently reported to produce cellulose (82). There-
fore, plasmids cannot be regarded as the exclusive site for cellulose synthase
genes.

Conclusions

Much progress has been made in the field of cellulose biosynthesis in the
past few years. The distribution of terminal complexes in plants has been
more fully described. The gap between ultrastructural observations of ter-
minal complexes and biochemical evidence for their function in cellulose
biosynthesis has been narrowed, leading to a growing acceptance of the ter-
minal complex hypothesis in the scientific community. In Acetobacter, the
cellulose synthase has been localized on the plasma membrane and signifi-
cant progress has been made toward its isolation. High resolution evidence
has been presented to describe the process of cell-directed self-assembly of
Acetobacter cellulose ribbons. Future examination of the role of cholesteric
liquid crystallization in cell-directed self-assembly may help to resolve dif-
ferences between this model and the triple-stranded, left-hand-twisted cellu-
lose microfibril model for cellulose crystallization. The diversity of cellulose
physical structure in nature has been further defined. Especially significant
in this regard have been the observations of the correlation of terminal com-
plex type with cellulose I, and I structure and the occurrence of native
cellulose II.

Due to the abundance of literature concerning cellulose structure and
biogenesis, this review was not intended to be comprehensive in nature.
Instead, interpretation, speculation and analysis of recent progress in vari-
ous areas of cellulose biosynthesis research have been offered in an attempt
to stimulate new ideas and discussion. Many of the recent investigations
enumerated can potentially make significant contributions toward a better
understanding of cellulose structure and its biosynthesis in the future. The
author agrees with Delmer (2,85) that there is ample opportunity for new
contributors and novel approaches in this enigmatic field.
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Chapter 18

(1,3)-3-Glucan Synthase
Subunit Identification Studies
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Tools have recently been developed that should enable
identification of the catalytic subunits of the plasma
membrane $-(1,3)-glucan synthase from red beet stor-
age tissue and other plant sources. These include: an ef-
ficient procedure for solubilization and enrichment of this
enzyme using the detergent CHAPS, generation of anti-
bodies, and use of affinity labels such as UDP-pyridoxal.
In addition, it is shown that partially purified prepa-
rations are enriched in several polypeptides including a
54 kD polypeptide that becomes phosphorylated in the
presence of ATP and protein kinase. Preliminary results
of these studies are described.

Cell wall polysaccharides in fungi and higher plants are thought to be
biosynthesized from their appropriate monomeric precursors by membrane-
bound glycosyl transferases (1,2). Glycosyl transferases from a variety of
sources have been characterized in crude form, but have proven difficult to
purify (3-7). This has hindered generation of the genetic and immunolog-
ical probes necessary to study the regulation of polysaccharide formation
during growth and development.

Our laboratory has been focusing on purifying and identifying the
catalytic subunits of the plasma membrane $-(1,3)-glucan synthase from
red beet storage tissue. This source of glucan synthase possesses good
stability (8). Recently an effective procedure for partial purification
consisting of two-step solubilization and gel filtration with phospho-
lipid (functional reconstitution) using the detergent 3-[(3-cholamidopropyl)
dimethylammonio]-1-propanesulfonate (CHAPS) was developed (4). In this
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way, the specific activity of the enzyme could be increased from 50 U/mg
in microsomal membranes to over 1,000 in the functionally reconstituted
form.

Efforts to purify the enzyme beyond the reconstituted form have proven
difficult thus far due to activity losses occurring during resolubilization.
Therefore, we have focused our efforts on identification of subunits us-
ing methods that may be applied to partially pure preparations (3). Ap-
proaches that show promise are: (i) generation of antibodies to partially
pure fractions; (ii) use of affinity labels such as UDP-pyridoxal; and (iii)
studying the possible regulation of activity by phosphorylation and showing
the existence of subunits that are phosphorylated by ATP in the presence of
added or endogenous protein kinases. Qur preliminary results are presented
here.

Materials and Methods

Preparation of Glucan Synthase Fractions. Microsomal and plasma mem-
branes were isolated by differential and density-gradient centrifugation.
CHAPS-solubilized glucan synthase (CSGS) was prepared by the two-step
procedure (4,9). In step 1, contaminating proteins were extracted with
0.3% CHAPS in the presence of divalent cations and in step 2 enzyme
was solubilized with 0.6% CHAPS in the presence of chelators. Recon-
stituted glucan synthase (RCGS) fractions were prepared by passage of
CSGS through a Sephacryl S-400 gel filtration column eluted with 50 mM
Tris-HCl, pH 7.5, containing 0.1% CHAPS, 0.15 mg/ml asolectin, 1 mM
dithioerythritol (DTE) and 5% glycerol. Enzyme was assayed in the pres-
ence of 5 mM MgCl,;, 2 mM CaCly, 5 mM cellobiose or sucrose, 0.01%
digitonin, 1 mM UDPG and 50 mM N-2-hydroxyethylpiperazine-N’-2-eth-
anesulfonic acid (HEPES)-NaOH or Tris-HCI, pH 7.5. The specific activity
of CSGS preparations ranged between 300-500 nmol/min/mg and RCGS
between 900 and 1,500 nmol/min/mg. Details of each of these procedures
with current modifications are described in a recent review (9). Plasma

membranes from celery were isolated by two-phase partitioning essentially
as described (10).

Electrophoresis. Electrophoresis was conducted on 9 to 18% gradient gels
under denaturing conditions as described (11,12). For detection, proteins
were electrotransferred to nitrocellulose paper (13) and stained using col-
loidal gold with a silver overlay (14).

Chemical Modification. Inhibitor screening was conducted by preincubat-
ing CSGS in 50 mM HEPES-NaOH with each inhibitor as follows: N-
ethylmaleimide, 30 min, on ice, pH 8.0; phenylglyoxal, 15 min, 30°C, pH 7.5;
formaldehyde, 90 min, 23°C, pH 7.5, in the presence of 10 mM NaCNBHa.
UDP-pyridoxal was preincubated with CSGS on ice with 5 mM MgCl,,
2 mM CaCl,, 5 mM cellobiose, 0.01% digitonin, and 125 mM HEPES-
NaOH, pH 7.5. After 1 hr, mixtures were brought to 50 uM NaBHj4.
Effector dependence studies with UDP-pyridoxal were conducted as
follows: Red beet plasma membranes (10 pug protein) were preincubated in
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80 pl of 50 mM HEPES/NaOH, pH 7.5, containing 100 mM sucrose, 0.01%
digitonin and effectors at the following concentrations: MgCls, 5 mM;
CaCl,, 2 mM; EGTA and EDTA, 1 mM each; and UDPG, 2.5 mM. This
was followed by addition of UDP-pyridoxal to 5 uM. After 30 min at 0°C,
the reaction was stopped by addition of NaBH4 to 200 uM. Samples were
incubated a further 10 min and triplicate 20 ul aliquots removed for assay.
UDP-Pyridoxal was synthesized essentially as described (15).

Phosphorylation. To study regulation of enzyme activity, fractions were
preincubated with 150 uM ATP, 5 U protein kinase catalytic subunit from
bovine heart, 5 mM MgCl,, 60 mM dithiothreitol, 120 puM ATP, 5-80 ug
protein depending on source and 50 mM Tris-HCI, pH 8. Samples were
held 5 min at 35°C and assayed.

For labeling studies, samples were first concentrated to 8.5 ug of protein
and then phosphorylated in a volume of 100 ul as above with 2 uCi [y—3%P]
ATP. Incubations were for 10 min at 37°C. Electrophoresis was conducted
on 10% polyacrylamide gels as described above.

Results

FElectrophoretic Analysis. Electrophoretic profiles of glucan synthase frac-
tions purified from red beet are shown in Figure 1. To visualize protein
subunits it was necessary to utilize a highly sensitive staining method. For
this system, colloidal gold staining followed by a silver overlay (Figure 1)
gave excellent visualization (14).

Three major polypeptide bands of 72, 68 and 54 kD, all of which cofrac-
tionated with the distribution of enzyme activity on RCGS columns, were
seen upon reconstitution in all preparations examined to date (Figure 1).
Other polypeptides, whose presence and intensity seemed to vary between
preparations, were seen at 45, 42 and 30 and 28 kDa.

The fact that the 72, 68 and 54kD polypeptides are invariably present
in purified fractions raised speculation that these bands represented glucan
synthase subunits. A number of recent findings suggest that the 54 kD
band might be of particular interest. These are: (1) a 54 kD band was
greatly enriched in a reconstituted fraction from another plant source, celery
(Fig. 2); (2) a 54 kD band had weak Ca?* binding activity in the denatured
state; (3) a 54 kD band became phosphorylated by both endogenous and
added kinases (see below); and (4) in mung bean, a 54 kD band reacted
with a monoclonal antibody directed against glucan synthase activity (16).

Antibody Generation and Immunoprecipitation. Obtaining antibodies that
specifically bound to a catalytic or regulatory subunit of glucan synthase
would represent a major step towards understanding the regulation and
function of this enzyme system. As a first effort towards reaching this goal,
polyclonal antibodies were generated against CSGS and RCGS fractions.
RCGS antisera was tested for its ability to immunoprecipitate activity.
RCGS antibodies immunoprecipitated approximately 74% of the activity
relative to preimmune sera (Table I). This confirmed the presence of anti-
bodies directed against the enzyme.

In Plant Cell Wall Polymers; Lewis, N., etal.;
ACS Symposium Series; American Chemical Society: Washington, DC, 1989.



18. WASSERMAN ETAL.  (1,3)-B-Glucan Synthase 251

1 2
'!.-—
i:

97-

66- a

45- P

31- R

L
21- |
15-

Figure 1. Electrophoretic profiles of glucan synthase fractions purified from
red beet. Proteins were transferred to nitrocellulose and stained by colloidal
gold followed by silver overlay. Lane 1, solubilized enzyme (CSGS); Lane 2,
reconstituted glucan synthase (RCGS).
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Table I. Immunoprecipitation of CHAPS-Solubilized Glucan Synthase !

Activity Percent
Sera (nmol/min /ml) Retained
Preimmune 3.5 100.0
Reconstituted 0.9 26.3

! Equal volumes of antigen and sera were combined in 0.85% (w/v) NaCl.
Each mixture was incubated on ice for 7 hr. Protein A agarose was
added followed by an additional 1 hr incubation on ice. Protein A was
pelleted by centrifugation and the supernatants assayed for activity.

Immunoblots showed that antibodies were produced against many of
the bands present in both preparations. The important question remains
whether antibodies for specific bands can be obtained and used to immuno-
precipitate the enzyme. We are pursuing this question further by isolating
specific antibodies by affinity purification (17,18) and by generating anti-
bodies to specific subunits excised from gels. The antibodies will be raised
against both native and deglycosylated forms of these antigens (19, 20).

Affinity Labeling with UDP-pyridozal. Read and Delmer (21) utilized the
substrate analog UDP-pyridoxal to inhibit mung bean glucan synthase.
This affinity label inhibited glucan synthase at micromolar levels and in-
hibition was protected against with UDP-glucose. A 42 kD polypeptide
could be labelled with [3H]UDP-pyridoxal.

Table II shows that UDP-pyridoxal had a similar inhibitory effect on
red beet glucan synthase. It inhibited activity at much lower concentrations
than other covalent modification reagents, such as N-ethylmaleimide (cys-
teine), phenylglyoxal (arginine) and formaldehyde (lysine). UDP-pyridoxal
had an Isq that is 62-fold lower than formaldehyde.

Table II. Chemical Modification of CHAPS Solubilized Glucan Synthase

Inhibitor Isg (uM)
Phenylglyoxal 2,000
n-Ethylmaleimide 1,600
Formaldehyde 250
UDP Pyridoxal 4.5

The chemistry of UDP-pyridoxal binding was consistent with the pat-
tern observed in mung bean. Table III shows that inactivation was Ca?*-
dependent and did not occur when the aldehyde group was reduced. In
addition, inactivation was protected against by UDPG (Table III). Thus,
it appears that UDP-pyridoxal is targeted towards a lysine located at the
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Table III. Inhibition of Plasma Membrane Glucan Synthase by UDP-
pyridoxal

Spec. Act. Activity

Preincubation Conditions (nmol/min/mg) Remaining (%)
No Inhibitors (Control) 119 100
UDP-pyridoxine, Mg?t, Ca?t 115 97
UDP-pyridoxal, Mg?+, Ca2+ 16 14
UDP-pyridoxal, Mg?t, EGTA 70 59
UDP-pyridoxal, EDTA 98 82
UDP-pyridoxal, UDPG, Mg?t, Ca?t 127 107

active site. Experiments to determine which polypeptides in CSGS and
RCGS label with UDP-[2H]-pyridoxal are underway.

Phosphorylation Studies. It is becoming increasingly evident that phospho-
rylation is an important mechanism for the regulation of membrane-bound
plant enzymes (22,23). A recent report offered evidence that glucan syn-
thase I from corn coleoptile was stimulated by phosphorylation (24). Pre-
liminary experiments with beet suggested that the phosphorylation state
may modulate glucan synthase activity; however, the extent to which this
occurs needs to be clarified. In the presence of protein kinase and ATP,
activity was reduced in membranes and solubilized fractions. ATP alone
was slightly inhibitory in microsomes, suggesting the presence of endoge-
nous protein kinase activity which was known previously to be present in
beet membranes (25).

Figure 3 shows an autoradiogram of CSGS and RCGS after phospho-
rylation with [y-32P]-ATP in the presence and absence of protein kinase.
With CSGS subunits of 92, 54 and 38 kD became phosphorylated. The
62 kD band is protein kinase, which is self-phosphorylating. Since phos-
phorylation occurred in the absence of kinase, CSGS appeared to contain
an endogenous kinase activity. This kinase was probably that described
by Bidwai and Takemoto (25). In the RCGS fraction the 54 kD band was
preferentially phosphorylated, paralleling the enrichment seen on the SDS
gel (Fig. 1). Phosphorylation in RCGS fractions without exogenous kinase
was weak. Endogenous kinase activity was completely removed along with
other contaminants during the reconstitution step.

Concluding Remarks

Development of the CHAPS-based solubilization and reconstitution proce-
dure has provided fractions of glucan synthase that are significantly more
purified than the membrane-bound forms. Although homogeneous prepa-
rations of glucan synthase are not yet available, it was of sufficient purity
to probe subunit composition. The current data point suggestively to a
54 kD polypeptide as being a catalytic or regulatory subunit of the en-
zyme complex. It was enriched in RCGS and may be regulated by phos-
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Figure 2. Electrophoretic profiles of glucan synthase fractions purified from
celery. Proteins were transferred to nitrocellulose and stained by colloidal
gold. Symbols: PM, plasma membranes; SOL, CHAPS-solubilized; RC, re-
constituted glucan synthase preparations. Plasma membranes were isolated
by two-phase partitioning. Specific activities of the three membrane prepa-
rations were 398, 1355, and 626 nmol/min/mg, respectively. The low spe-
cific activity of RC relative to SOL may be a reflection of enzyme instability
following the gel filtration step.

PHOSPHORYLATION

Figure 3. Autoradiograph of phosphorylated polypeptides. RCGS and
CSGS were incubated with [y-32P}-ATP in the presence (+) and absence
(=) of protein kinase as described in Materials and Methods.
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phorylation. Caution must be exercised in interpreting these results. On
one-dimensional gels, several polypeptides may migrate close together at
54 kD. Two-dimensional gels must be run to be certain that phosphory-
lation, Ca%t-binding and affinity label-binding sites reside on the same
polypeptide. Other subunits such as the 68 kD polypeptide were present
in RCGS preparations and cannot be ruled out as functional subunits.
Work is continuing on the development of additional probes such as an-
tibodies and photoaffinity labels. Confirming the subunit composition of
the 3-(1,3)-glucan synthase should enable development of genetic probes
and hopefully provide cogent answers to some of the many longstanding
questions surrounding the enzymatic mechanism of callose and cellulose
biosynthesis.
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Chapter 19

Biogenesis of Cellulose Microfibrils and the Role
of Microtubules in Green Algae

Takao Itoh

Wood Research Institute, Kyoto University, Uji, Kyoto 611, Japan

This chapter reviews our knowledge of factors controlling
cellulose deposition in green algae. Firstly, the types of
cellulose synthesizing particle complexes in green algae
are discussed. Secondly, new evidence on the oriention
of microtubules in selected giant marine algae and their
relationship to the orientation of cellulose microfibrils is
presented. Based on this information, a mechanism for
the assembly of cellulose microfibrils in giant marine al-
gae is proposed.

Our current understanding of cellulose microfibril biogenesis and assem-
bly comes from (a) freeze-fracture studies of the plasma membrane of cells
actively producing cellulose microfibrils; (b) observations of microtubules
by immunofluorescence microscopy; (¢) direct imaging of cellulose microfib-
rils (1-5); and (d) #n vitro synthesis of cellulose using bacterial cell mem-
brane preparations (6). This chapter examines recent progress in freeze-
fracture and immunofluorescence studies on the biogenesis of cellulose mi-
crofibrils, as well as addressing the role of microtubules in several green
algae.

For the last decade, much of our knowledge of the structure and func-
tion of cellulose forming enzyme complexes (so-called Terminal Complexes
or TC’s) has been based on results obtained from freeze-fracture studies.
The main discoveries from these studies were (a) the existence of linear
TC’s by Brown and Montezinos (7) in Qocystis apiculata, and (b) the oc-
currence of rosette TC’s by Giddings et al. (8) in Micrasterias denticulata.
As will be discussed later, the occurrence of these two types of cellulose
synthesizing complexes has some evolutionary significance as regards cur-
rent phylogenetic relationships within the plant kingdom. This is because
all land plants, including higher plants, mosses and ferns, have rosettes (9-
11), whereas some algae have linear TC’s and others do not. It has been

0097-6156/89/0399—0257$06.00/0
© 1989 American Chemical Society

In Plant Cell Wall Polymers; Lewis, N., etal.;
ACS Symposium Series; American Chemical Society: Washington, DC, 1989.



258 PLANT CELL WALL POLYMERS

proposed that the TC’s move on the fluid plasma membrane by forces gen-
erated during crystallization of cellulose microfibrils (12,13). In green algae,
the newly synthesized microfibrils first have a random orientation during
the synthesis of the primary wall and then an ordered orientation during
secondary wall formation. It is thus conceivable that the factors controlling
the orientation of TC’s in green algae may also be responsible for the ori-
entation of microfibrils; this could be achieved, for example, by channelling
cytoplasmic microtubules. This view is presented because in higher plants,
and some algal cells, rosette particles are apparently channelled by cytoplas-
mic microtubules which run parallel to one another (14-16). However, as a
counter to this argument, some green algae have linear TC’s which do not
appear to have microfibrillar orientation controlled by microtubules during
secondary wall synthesis (17). This evidence suggests therefore that there
may be different mechanisms controlling microfibrillar orientation between
higher and lower plants.

Structure of TC’s in Green Algae

The green algae include both Chlorophyta and Charophyta. The TC’s of
Chlorophyta have been observed in four orders of Chlorellales, Cladopho-
rales, Siphonocladales, and Zygnematales, and those of Charophyta in one
order of Charales (Table I). Recent investigations show that 17 genera and
23 species out of three orders of Chlorellales, Cladophorales and Siphono-
cladales all have linear TC’s, as shown in Table I. While linear TC’s have
been observed in some freshwater algae such as QOocystis (7,18), Eremo-
sphaera (19), and Glaucocystis (20) species, most are found in marine-type
algae such as Boergesenia (21,22), Boodlea (Fig. 1) (23,24), Dictyosphaeria
(Fig. 2), Ernodesmis (Fig. 3), Microdictyon (19), Siphonocladus (Fig. 4),
Struvea (Fig. 5), Valonia (Fig. 6) (17,24,25), Valoniopsis (Fig. T7), and
Chaetomorpha (Fig. 8) (19,25) species; these eight genera belong to the
Siphonocladales. Although Chlorellales, Cladophorales and Siphonoclade-
les have linear TC’s, there are significant differences in their locations;
that is, Chlorellales have TC’s only on the E-fracture face, while both
Cladophorales and Siphonocladales have TC’s on both E- and P-fracture
faces, thereby making transmembrane particles.

Additionally, the TC structure of Zygnematales is quite different from
those of the other three orders in Chlorophyta. Four genera of the Zygne-
matales, including Closterium (16,26), Micrasterias (8,27,28), Mougeotia
(29), and Spirogyra (19,30) species have been investigated so far. All have
rosettes only on the P-fracture face. The cells can have either random
and/or unidirectional rosette distributions during active synthesis of the
primary wall, and hexagonal arrays during the synthesis of the secondary
wall.

More recently, rosettes have been observed in Chare sp. (31) and
Nitella translucens (32), which belong to another subdivision, Charophyta.
The rosettes in this species occur separately without making any polygonal
arrays as found in Zygnematales. This suggests that Charales are closer
to vascular plants than the other algae, if plant phylogenic classifications
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Figure 3. TC’s of Ernodesmis verticillata on E-fracture face.
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Figure 6. TC’s of Valonia ventricosa on E-fracture face.
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Figure 8. TC’s of Chaetomorpha auricoma on P-fracture face.
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Table I. Current Summary of the Structure and Location of TCs among

Green Algae

TC TC
Subdivision, Order, Species Structure Location Reference
Chlorophyta
Chlorellales
Eremosphaera sp. Linear TC EF only 19
Glaucocystis nostochinearum Linear TC EF only 20
Oocyslis apiculala Linear TC EF only 7
Oocyslis solilaria Linear TC EF only 18
Cladophorales
Chaetomorpha sp. Linear TC EF & PF 19
Chaetomorpha aerea Linear TC EF & PF 24
Chaetomorpha moniligera Linear TC EF & PF 25
Siphonocladales
Boergesenia forbesii Linear TC EF & PF 21,22
Boodlea coacta Linear TC EF & PF 23
Boodlea composita Linear TC EF & PF 24
Dictyosphaeria cavernosa Linear TC EF & PF This chapter
Ernodesmis verticillaia Linear TC EF & PF This chapter
Siphonocladus tropicus Linear TC EF & PF This chapter
Struvea elegans Linear TC EF & PF This chapter
Valonia macrophysa Linear TC EF & PF 17
Valonia veniricosa Linear TC EF & PF 24,25
Valonia veniricosa Linear TC EF & PF This chapter
Zygnematales
Closterium acerosum Rosettes  PF only 26
Closterium sp. Rosettes  PF only 16
Micrasterias cruzmelitensis Rosettes PF only 28
Micrasterias denticulata Rosettes PF only 27,8
Mougeotia sp. Rosettes PF only 29
Spirogyra sp. Rosettes PF only 30,19
Charophyta
Charales
Chara sp. Rosettes  PF only 31
Nitella translucens Rosettes PF only 32

can be made based upon cellulose synthesizing complexes. It could thus
be argued from these data that the evolution of TC’s will follow the lines
envisaged in Fig. 9, which is a modification of a scheme proposed by Herth
(11) for the hypothetical evolutionary lines of putative cellulose synthesizing
complexes. Basically, this stems from the fact that both rosettes and linear
TC’s are composed of common particle subunits similar in size; rosettes
consist of six particles, each having an 8 nm diameter of (8) and linear
TC’s consists of three rows with an average dimension of ca. 8 nm for each
individual particle (25). However, TC’s have only been found in a limited
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number of species among the algae. Consequently, a further survey of TC’s
1s necessary to develop a detailed phylogenic hypothesis.

TC’s normally occur at the end of microfibril imprints on either E- or
P-fracture faces of the plasma membrane. Each imprint does not necessarily
correspond to a single microfibril, but often to bundles of them. During
the deposition of random microfibrils of the primary wall, the imprints run
along the plasma membrane, and often with curved trails. On the other
hand, when ordered microfibrils of the secondary wall are synthesized, the
imprints run straight and parallel to one another. In Qocyslis species,
each paired TC runs in an opposite direction (31). In most giant marine
algae, some TC’s appear to run in one direction, while others run in the
opposite direction during the synthesis of ordered microfibrils. The latter
case is illustrated in Figure 10 which shows the E-fracture face of newly
formed cellulose microfibrils of ordered orientation. The TC numbered “1”
is moving to the right whereas the TC numbered “2” is moving to the
left. Clearly, if the individual TC synthesizes unidirectional glucan chains
of $5-1,4 linkages, the cell wall should have an anti-parallel glucan chain
orientation.

Development of Linear TC’s in Selected Green Algae

The length of linear TC’s is variable and depends on the developmental
phase of cell growth. This was determined following wounding of the mother
cells of B. forbesii, where the aplanospores were regenerated within 1.5 I,
and the primary and the secondary walls were synthesized 2 to 4h and 4 to
5h after wounding, respectively (33). Figure 11 shows the effect of time on
TC length following aplanospore induction in Boergesenia forbesii. As can
be seen, the TC length increases only during formation of the primary wall;
no further increase occurs after deposition of the secondary wall. However,
when we look closer at the freeze-fracture replica of the aplanospores in
B. forbesii just before, or at the time of, synthesis of cellulose microfibrils,
many nascent TC’s can be observed on the P-fracture face of the plasma
membrane (Fig. 12). The smallest TC observed had only 10 particles.
Most nascent TC’s did not show a directional arrangement of particles,
while some had already organized an elongated cluster (double arrows in
Fig. 12). The mean length of the TC’s in this phase was 114 nm. The
nascent TC’s increased in length during the synthesis of the primary wall,
until the ordered microfibrils were assembled. The length of nascent TC’s
contrasted with that of fully elongated TC’s, which had a maximum length
of ca. 1 m (mean length: 665 nm) in 20h cells of B. forbesii (Fig. 13).

Orientation of Cortical Microtubules

The cellulose synthesizing enzyme complexes in green algae can be divided
into rosettes and linear TC’s; the latter increases in size during circumfer-
ential expansion of the cells. The movement of both growing and mature
TC’s in the plasma membrane is controlled by forces generated by crys-
tallization of microfibrils, leaving the highly crystalline microfibrils in their
wake (7,34).

In Plant Cell Wall Polymers; Lewis, N., etal.;
ACS Symposium Series; American Chemical Society: Washington, DC, 1989.



264 PLANT CELL WALL POLYMERS

HIGHER PLANTS
*

MOSSES & FERNS
*

N

CHARALES S1PHONOCLADALES
E'S CLADOPHORALES
.o A
o

IYGNEMATALES
XX¥¥ CHLORELALES
* K K¥
KX ¥
\ ALGAE FucaLes
KK KK esscccce

7

(Rosettes) (Linear TCs)

\

Figure 9. Hypothetical illustration for evolutionary trend of putative cel-
lulose synthesizing enzyme complexes from algae to higher plants. Both
rosettes and linear TC’s originate from their common subunit of 8 nm par-
ticle. Asterisk (*) represents a rosette.

Figure 10. E-fracture face of the plasma membrane during active synthesis
of ordered microfibrils in secondary wall of Valonia macrophysa. Imprints
of microfibrils run parallel to one another. TC’s numbered “1” and “2”
direct opposite ways to one another.
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Figure 11. Time course of TC length in the aplanospores of Boergesenia
forbesiz.
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Figure 12. Four nascent TC’s (arrowheads) are shown on P-fracture face
of the plasma membrane in 2h aplanospore of Boergesenia forbesti after
wounding.

Figure 13. Two fully elongated TC’s (ca. 1 m) are shown on P-fracture face
of the plasma membrane in 20h cell of Boergesenia forbesii.
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Since the mature walls of Valonia and Boergesenia have a crossed
lamellate structure (17,35-37), the direction of TC movement must be con-
trolled in some unknown manner. On the other hand, giant marine al-
gae, which also have linear TC’s, but of apparently random orientation,
only synthesize microfibrils of random orientation on the innermost face of
the plasma membrane during the synthesis of the primary wall. It was,
therefore, timely to examine whether cortical microtubules were respon-
sible for orientation of microfibrils, since recent investigations suggested
that the direction of microfibril deposition in higher plant cells (38-40) and
some algae (Qocystis and Micrasterias (8,16,33)), was controlled by cortical
microtubules. However, in the alga Clostertum, microtubules functioned
only to limit cellulose synthesis to a localized region (41). Additionally,
freeze-fracture studies suggested that newly synthesized microfibrils in the
spherical cells of the giant marine algae Valonia macrophysa were not par-
allel to the underlying microtubules (17). In the light of these contradic-
tory findings, the role of microtubular orientation in cellulose microfibrillar
orientation among green algae was re-examined using immunofluorescence
microscopy. Lloyd et al. (43) first used this technique to observe cortical
microtubules, following the pioneering work on plant cells by Franke (42).
Since then, it has been used many times to show microtubule orientation
over whole cells (44).

The materials used for the immunofluorescent staining were aplano-
spores of B. forbesii and V. veniricosa, where cellulose microfibril orien-
tation could easily be shown by staining with the fluorescent brightening
agents Calcofluor and Tinopal LPW (34). As mentioned in the previous
section, Boergesenia aplanospores synthesized random microfibrils between
2 and 4h after wounding of mother cells and ordered microfibrils after 4h.
The Boergesenia aplanospores in which spheration had just been completed
showed randomly oriented microtubules just under the plasma membrane
(Fig. 14), and the aplanospores in 3h post-wounding did not differ from
those at 1.5h. (Fig. 15). However, after 6h post-wounding, during which
time the normally synthesized ordered microfibrils were deposited, only ran-
domly oriented microtubules were observed under the thickened cell wall
(Fig. 16). At a later phase of cell wall regeneration, immunofluorescent
staining of microtubules by antigen-antibody reactions became more diffi-
cult because of the thickened wall surrounding the aplanospores. Never-
theless, we managed to observe the arrangement of microtubules even after
8, 10, and 20h post-wounding without having to resort to enzymatic cell
wall digestion. In all cases, only random microtubular orientation patterns
(Figs. 17, 18 and 19) were observed.

However, after successive culture of the spherical aplanospores for more
than five days, germination occurred with a typical tip growth to make rhi-
zoids (45); the orientation of microfibrils in a single elongating rhizoid of
10 days post-wounding, for example, has been described recently (13). In
our study, the innermost wall lamellae in the rhizoid showed three different
orientations of microfibrils, i.e., transverse, oblique, and longitudinal to the
growing cell axis. Following immunofluorescent staining of the microtubules
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Figure 14. Immunofiuorescence micrograph of microtubule orientation during cell
regeneration in Boergesenia forbesii 1.5 h after wounding.

Figure 15. Immunofluorescence micrograph of microtubule orientation during cell
regeneration in Boergesenia forbesii 3 h after wounding.
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Figure 16. Immunofluorescence micrograph of microtubule orientation during cell
regeneration in Boergesenia forbesii 6 h after wounding.

Figure 17. Immunofluorescence micrograph of microtubule orientation during cell
regeneration in Boergesenia forbesii 8 h after wounding.
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Figure 18. Immunofluorescence micrograph of microtubule orientation during cell
regeneration in Boergesenia forbesii 10 h after wounding.

Figure 19. Immunofluorescence micrograph of microtubule orientation during cell
regeneration in Boergesenia forbesii 20 h after wounding.
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by the fluorescein isothiocyanate-conjugated antibody, an elongating rhi-
zoid of 8 days post-wounding showed ordered microtubules oriented longi-
tudinally to the growing cell axis, as well as parallel to one another (Fig.
20). It is noteworthy that longitudinal microtubules were also observed in
the root hairs of some higher plants which show tip growth (46-48).

In the case of V. veniricosa, spheration was completed within 2h of
wounding, following which random microfibrils were regenerated between 5
and 12h and ordered microfibrils within 12 to 15h. The time course of mi-
crotubule orientation in the aplanospores of V. ventricosa followed a trend
similar to that observed for B. forbesii; that is, microtubules were always
oriented randomly during the synthesis of both random and ordered mi-
crofibrils. It is worth noting the structural changes of microtubules in the
early phase of cell regeneration; the aplanospores produced from V. ventri-
cosa within 2 and 3h of post-wounding did not show cortical microtubules
but instead perinuclear microtubule arrays (Fig. 21), and the aplanospores
after 4h showed the initiation of wall microtubules (Fig. 22). Figures 23a
and 23b show 3h aplanospores of actively synthesizing primary wall points.
Both figures were taken from the same cell with different focusing. Fig-
ure 23a was focused on the nucleus; note that several microtubules radiate
from the nucleus. Figure 23b was focused on the cortical microtubules,
where some of the perinuclear microtubules appeared as part of the corti-
cal microtubules. This evidence suggests that the nuclei may play a role
as microtubule organizing centers (MTOC) during the regeneration of the
cell wall in these green algae.

Summary: Microtubule-Independent Control of Microfibril Ori-
entation

From our immunofluorescence experiments, we have concluded that (1)
only a random microtubular orientation occurs during regeneration of pri-
mary and secondary walls and (2) the growing rhizoids during tip growth
only showed microtubules oriented longitudinally to the growing cell wall
axis. However, since three different orientations of microfibrils in the inner-
most lamellae of the cell wall were observed, these findings suggest that the
direction of movement of linear TC’s was not controlled by cortical micro-
tubules, at least not in the case of the two giant marine algae, Boergesenia
and Valonia, studied.

LaClaire (49) recently described a highly ordered array of parallel and
longitudinal microtubules in the coenocytic green algae Ernodesmis verti-
ctllata. However, with other filamentous green algae, Boodlea coacta (50)
and Chaetomorpha moniligera (51), aligned microtubules and microfibrils
were not always observed. It was thus suggested that microfibril orienta-
tion in Siphonocladales and probably Cladophorales may be independent
of cytoplasmic microtubule orientation.

Once TC’s are initiated in the plasma membrane, they distribute ran-
domly with each TC running straight ahead. More recent investigations
showed that the density of TC’s was more or less constant (52), indicating
that the number of TC’s did not increase appreciably during primary wall
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Figure 20. Immunofluorescence micrograph of microtubule orientation in
8 day old cells of Boergesenia forbesii. Highly ordered microtubules are
oriented longitudinally to the cell axis (double-headed arrow).

Figure 21. Immunofluorescence micrograph of perinuclear microtubules in
the aplanospore of 3h post-wounding of Valonia ventricosa.
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Figure 22. Immunofluorescence micrograph of cortical microtubules in the
aplanospore of 4h post-wounding of Valonia ventricosa.

Figure 23. Immunofluorescence micrographs in the aplanospore of 3h post-
wounding of Boergesenia forbesii. Figure 23a is focused on the perinuclear
microtubules, while Figure 23b is focused on the cortical microtubules which
are oriented randomly.
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Figure 24. Orientation of microfibrils is shown in 4h aplanospore of Boerge-
senta forbesii, stained with fluorescent brightening agent Tinopal LPW.

Figure 25. Freeze fractured replica. P-fracture face of the plasma membrane
in 15h aplanospore of Valonta veniricosa. The clustered TC’s are shown,
suggesting the build-up of new axis for microfibril orientation.
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synthesis, even though a high density of TC’s was often localized in some
areas of the plasma membrane. Figure 24 shows the orientation of microfib-
rils in aplanospores of B. forbesii 4h after wounding, and stained with the
fluorescent brightening agent Tinopal LPW. In some areas, short striations
of fluorescence merged into a center, suggesting a shift of microfibril ori-
entation, probably by localized membrane flow. TC localization can often
be observed in the transition from primary to secondary wall formation.
Figure 25 is taken from such a phase in the aplanospore of V. veniricosa,
and may correspond to an area in which clusters of TC’s occur and move
in a direction different from the former orientation of microfibrils. Linear
TC’s in giant marine algae may be stable, because (a) the TC’s do not
disappear following treatment with cycloheximide, a protein synthesis in-
hibitor (34), and (b) glutaraldehyde treatment in advance of freeze fracture
did not destroy the TC’s (unpublished data). Thus, linear TC’s in giant
marine algae may be involved in the synthesis of ordered microfibrils with
much longer lifetimes than the rosettes (53).

Recently, more evidence for helicoidal arrangement of cellulose mi-
crofibrils has been reported for a variety of plant cells (54,55). In Nitella,
the helicoidal orientation of cellulose microfibrils was shown to arise by a
mechanism similar to self-assembly of a cholesteric liquid crystal (56). The
control of microfibril orientation was primarily at the interface between the
plasma membrane and the innermost lamellae of the newly formed wall.
The helicoidal wall, characterized by a successive change of cellulose mi-
crofibrils, was supposed to be synthesized in the innermost surface of the
new wall layer. If this is true, then the involvement of microtubules in
higher plant cells is much less probable than previously believed. The self-
assembly of cellulose microfibrils is related to those cells which have such
a pattern of cell wall that show arced orientation of microfibrils in a trans-
verse section (56). Both aplanospores and thallus cells of B. forbesti have
an arced pattern of cellulose microfibrils. However, we showed that the
microfibril orientation in both spherical cells and elongating rhizoids was
independent of the orientation of microtubules. While this evidence does
not contradict the self-assembly mechanism in helicoidal walls of green al-
gae, both hypotheses need additional experimental verification.
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Chapter 20

Triple-Stranded Left-Hand Helical Cellulose
Microfibril in Acetobacter xylinum and in Tobacco
Primary Cell Wall

George C. Ruben!, Gordon H. Bokelman?, and William Krakow?

!Department of Biological Sciences, Dartmouth College, Hanover,
NH 03755
?Philip Morris Research Center, P.O. Box 26583, Richmond, VA 23261
3IBM, T. J. Watson Research Center, Box 218, Yorktown Heights,
NY 10598

Tobacco primary cell wall and normal bacterial Aceto-
bacter zylinum cellulose formation produced a 36.8 + 3A
triple-stranded left-hand helical microfibril in freeze-
dried Pt-C replicas and in negatively stained prepara-
tions for transmission electron microscopy (TEM). A.
rylinum growth in the presence of 0.25 mM Tinopal dis-
rupted cellulose microfibril formation and produced a
17.8 + 2.2A left-hand helical submicrofibril. Models of
the triple-stranded left-hand helical microfibril and the
left-hand helical submicrofibril were directly compared
to TEM images. Computer generated optical diffraction
patterns of the models and the images were complex and
similar. The submicrofibril appears to have the dimen-
sions of a nine (1-4)-A-D-glucan parallel chain crystalline
unit whose long, 23A, and short, 19A, diagonals form ma-
jor and minor left-handed axial surface ridges every 36A.
Synthesis of the left-hand helical submicrofibril appears
to be the driving force for self-assembly of a left-hand
helical microfibril from three submicrofibrils.

The gram negative bacterium Acetobacter zylinum produces a ribbon
of crystalline cellulose I whose neutral sugar content is 96.8% glucose
and 3.2% xylose (1). Growth of A. zylinum in a medium containing
4,4°bis(4-anilino-6-bis (2-hydroxyethyl) amino-1, 3, 5-triazin-2-ylamino) -
2,2° stilbene-disulfonic acid, marketed under common names Calcofluor
White ST or Tinopal LPW, can reversibly disrupt normal ribbon formation
in concentrations greater than 0.1 mM and can increase the rate of cellulose
synthesis up to four times in concentrations 1 mM or greater (2-5). This
compound stoichiometrically binds to glucose residues of newly polymerized
glucan chains and makes cellulose I crystallinity in the wet state, measured
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by X-ray diffraction, undetectable. In the dry state cellulose I crystallinity
is present and, depending on Calcofluor concentration, the crystallite sizes
can be reduced from 65 and 74A to 28A (2,3). Since microfibrils are as-
sumed to crystallize from small filaments to larger ones by lateral fasciation,
this enhanced growth rate and an undetectable wet state crystallinity have
been interpreted as the separation of the primary cellulose I polymeriza-
tion step from a sequential crystallization step (2-5) which is blocked. We
have investigated A. zylinum cellulose production in the absence and pres-
ence of 0.25 mM Tinopal and report on the freeze-dried structure of the
36.8+3A microfibril produced under normal conditions and the 17.8+2.2A4
submicrofibril produced in the presence of Tinopal (1). We have also found
submicrofibrils and microfibrils in tobacco primary cell wall similar to A.
rylinum. We present models of the triple-stranded left-hand helical mi-
crofibril, the left-hand helical submicrofibril and the apparent relationship
of the four sugar chain fiber diffraction unit cell to the submicrofibril (1, 6).
Computer generated single molecule optical diffraction patterns of these
models and of representative TEM micrographs reinforce our impression of
congruency. The patterns suggest that the 17.8A cellulose submicrofibril
generated in the presence of 0.25 mM Tinopal is organized as a fibrillar unit
with nine parallel sugar chains forming a left-handed helical structure (1).
The prevalent assumption that the high rate of cellulose synthesis induced
in A. zylinum by Tinopal or Calcofluor is due to a cellulose polymerization
step uncoupled from a sequential rate-limiting crystallization step is not
consistent with an ordered crystal-like submicrofibril.

Methods and Materials

The A. zylinum (American Type Culture Collection 23769) was grown on
40 mM D-glucose and 0.5 M phosphate (pH 7, 20°C) until it formed a
white, flocculent surface cap on the solution. Samples prepared in this way
were then grown consecutively on 0.25 mM Tinopal for 1 h, on 0.25 mM
Tinopal for 1.5 h, on .025 mM Tinopal for 1 h, and then on 40'mM D-
glucose and 0.5 M phosphate (pH 7, 20°C) for 1 h. Each 1.25 cm pellicle
of cellulose ribbons with cells growing and tethered by their ribbons at its
periphery was rinsed sequentially, first in 5 separate dishes of water, then
in 5 separate dishes of 1:3 ethanol-water. Each pellicle was then placed
on a 1.25 cm Whatman 50 filter paper dise, blotted, and frozen in liquid
propane. Pellicle from A. zylinum grown normally was freeze-dried for 1.5 h
at -78°C, then replicated with 17.34 Pt-C (at -178°C), and backed with
90.2A carbon on a Wiltek Industries modified Balzer’s 301 with cryopump
and rebuilt cold stage (7). The Tinopal-treated sample was freeze-dried
for 2.8 h at -70°C, replicated with 16.4A Pt-C (at -178°C), and backed
with 156A of carbon. The tobacco lower epidermal peels were prepared
from a Coker 319 leaf (No.13 on stalk). These peels were immersed in 1:3
ethanol-water, blotted to remove the excess solution and then frozen on
1.25 cm mica discs by rapid immersion in liquid propane (-190°C). This
sample was freeze-dried for 3 h at -70°C, and then replicated with 15.9A
Pt-C (45° angle) at -178°C in vacuo (6.67uPa) and backed with 139A of
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carbon. All of the samples were digested in 80% sulfuric acid. The replicas
were rinsed in deionized water and then picked up with carbon-coated, 300
mesh grids from underneath and examined on a JEM 100CX instrument
as described previously (8). Indirectly evaporated carbon films of ~ 80A
thickness, suspended on 300-mesh grids, were used to support A. zylinum
cellulose that had been treated with boiling trifluoroacetic acid to remove
hemicellulose. This sample was negatively stained with 2% uranyl acetate
at pH 3.8, as previously described (9).

To contrast-enhance unidirectional 15-18A thick Pt-C-coated cellu-
lose specimens backed with 100-173A thick carbon films, micrographs were
contrast-reversed on Kodak 7302 fine-grain, positive film (8). In addition to
increasing the contrast of 10-20A features, the Pt-C coated surfaces became
white, and the molecular details were modulated on this background in
blacks and shades of grey for easy structural interpretation (10-14). Shoot-
ing a tilt series at 10° intervals at 10°x magnification on a JEM 100CX at
80 kV with a 5 mm focal length and a 40um objective aperture achieved
a 6.6A resolution and a 2625A depth of field in the picture series (8). The
tilt series was generally viewed stereoscopically, and then a single image
representing the 3-D structure was shown. In order to estimate the real
size of a filament underneath its Pt-C coating (unidirectional at a 45° an-
gle), the longitudinal axis of a filament had to be within 10° of the general
shadow-direction on the replica surface, so that both sides of the filament
were Pt-C coated. The filament should be roughly at a 45° angle with the
Pt-C source (checked by stereo-viewing), although filaments which were
Pt-C coated at approximately a $0° angle were only 1A smaller (12). Se-
ries of fiber width measurements, made at image magnifications of 2 to
5 million, and usually numbering fewer than 100, were averaged, and the
Pt-C film thickness, measured on the quartz-crystal monitor, subtracted
from the average width, to give an estimate of the real filament diameter
(11). It was recently found that this width-correction method should be
reduced by 1.5A (12,13). In contrast, the center to center distance between
either ridges or grooves along a Pt-C coated microfibril or submicrofibril
were assumed to be unchanged.

Computer generated optical diffraction patterns of single cellulose mi-
crofibrils and submicrofibrils were obtained from large field micrographs
printed at 10®x magnification. The images were digitized via a television
camera connected to an image frame store and controlled through an IBM
309D main frame computer (15,16). Briefly, an area of the image contain-
ing a single molecule was selected by a circular electronic aperture defined
by a graphics overlay cursor under operator control. When the image was
shipped to the host CPU, the fast fourier transform (FFT) and subsequent
power spectrum were computed from the region defined electronically, with
an edge grading function to eliminate hard edge diffraction. The electron-
ically sampled image region and its power spectrum (optical diffraction
pattern) were then sent to a hard copy slide-making device. The diffrac-
tion pattern was calibrated using Keuffel & Esser (46 1513) 10 x 10 to cm
graph paper with the same setup for digitizing the molecule. The optical
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diffraction patterns were oriented in the same direction as the spacings ap-
peared in the molecule (Figures 5, 6,7 and 10) and were generally scaled
over 5-6 decades of intensity so that individual spot identity and position at
lower intensities could be correctly identified at the higher intensity levels
which enhanced fainter spots. The transparencies were all rephotographed
with a low contrast film developer system and printed at the same mag-
nification with 0-2 grade Ilford multigrade II print paper. The features
of these diffraction patterns were recorded on overlayed tracing paper on
a light table. The distance between centers of spots symmetric with the
diffraction pattern center were measured with a vernier caliper and then
divided by two to give the spot position in reciprocal space. The exact cen-
ter of most elongated spots was estimated. The precision of the diffraction
measurements was not better than 8%. The reciprocal space distance for
the molecule was divided into the reciprocal distance for the 1 mm graph
paper and multiplied by a magnification factor in A/mm to compute optical
diffraction spacings in Angstroms.

Results

Imaging A. zylinum’s cellulose ribbon has previously been accomplished
by adhering cells to a film coated grid, growing the cells on a nutrient
buffer solution, and negative staining them for visibility and for transmis-
sion electron microscopy. Images show that A. zylinum produces a left-
hand twisted ribbon normally, and in the presence of carboxymethylcellu-
lose (CMC) (4,5). When grown in the presence of 0.25 mM Calcofluor, this
morphology is dramatically altered to a broad cellulose band composed of
15A and larger filaments (2-5).

We have approached specimen preparation for TEM imaging differ-
ently. A. zylinum naturally forms a pellicle or gel of cellulose ribbons on the
surface of a solution during growth with the cells tethered at the pellicle’s
periphery by ribbons. Since sequential growth conditions are recorded lin-
early along a ribbon, A. zylinum was grown normally, in 0.25 mM Tinopal,
and normally again, then visualized after freeze-drying and Pt-C replica-
tion. Figure 1 shows a normally grown pellicle of A. zylinum cellulose
ribbons that appear linear and untwisted. The small arrows point out left-
hand twisted microfibrils within the ribbons. When A. zylinum was grown
in the presence of 0.25 mM Tinopal, an altered cellulose was produced as
shown in Figure 2. The same preparation shown at higher magnification in
Figure 3 revealed 33A Pt-C coated submicrofibrils (small arrows). These
individual submicrofibrils averaged 17.842.2A after correction for the Pt-C
coat (1), and frequently twisted together to form larger fibrils.

Submicrofibrils, previously imaged, have been correlated with the four
glucan chain X-ray fiber diffraction unit cell as opposed to the two or eight
chain unit cell by average diameter measurements (1). In the Figure 4
submicrofibril model the side and diagonal dimensions of the unit cell were
estimated. By translating and rotating this parallel nine glucan chain cross
section, the long diagonal of 23A and the short diagonal of 19A generated
a major and minor surface ridge and also generate a submicrofibril with a
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Figure 2. Freeze-dried A. zylinum cellulose grown in the presence of
0.25 mM Tinopal and replicated with 16.4A Pt-C and backed with 1564
of carbon. A tangled mass of 334 Pt-C coated submicrofibrils was formed
instead of normal ribbon cellulose.
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nonuniform diameter whose maximum dimension is 23A. This submicrofib-
ril had a helical pitch of 72A with a major ridge crossing the axis every 364
and a minor ridge crossing half-way between the major ridges. In Figure 5
the submicrofibril model (Fig. 5a) was compared at equivalent magnifica-
tion to a TEM image of the submicrofibril (Fig. 5¢). The Pt-C coated 364
major ridge spacings and some of the minor ridges along the submicrofibril
surface were preserved but the diameter increased by 15.24 to 33A. The
image orientation with the computer generated optical diffraction patterns
in Figures 5-7 were also preserved. The model’s diffraction pattern (Fig. 5b)
was generated from one side of a left-handed helix with prominent spacings
(£8% precision) at 254 and 124, with a vertical spacing at 124 and with
adjacent spots paralleling the 254 and 12A spot positions. The optical
diffraction pattern generated from the TEM image of the submicrofibril
(Fig. 5d) was similar to Fig. 5b with left-handed spacings (£8%) of 264
and 124 or 144 and with two spots below and above the larger spacing of
26A (see horizontal arrows in Fig. 5d and 5b). The major ridges spaced
26A apart traverse the submicrofibril axis at a 45 + 15° angle. This angle
has geometrically determined the major ridge repeat along the fiber axis of
36A (26A /sin 45° = 36.8A). The Pt-C replica resolution in Figure 5d is 9A
was only slightly better than the 12A or 13A previously reported (10, 13).

The microfibril model composed of three submicrofibrils left-hand
twisted together in Figure 6a was compared at the same magnification
to the Pt-C coated microfibril image in Figure 6¢. The major and minor
ridges (thick and thin arrow heads) were visible along the submicrofibrils
in the model and they could also be seen along the central submicrofibril
in the TEM image. The computer generated optical diffraction patterns of
the model shown in Figure 6b and of the Pt-C coated microfibril shown in
Figure 6d were complex but similar. In the diffraction pattern in Figure 6b,
we could assign the vertical spacing in the microfibril model at 23A and
one left-handed spacing at 23A (—45° + 15° angle) to the long diagonal
(see Fig. 4) or maximum diameter of the submicrofibril. The third 234
spacing at —17° & 15° angle was probably related to a foreshortened pro-
Jjection of the major ridge center to center distance along the submicrofibril
wrapped around the microfibril axis. The vertical spacing in Figure 6d of
the TEM image was 27A and there was also a left-handed spacing at 274
at a —45° & 15° angle. This larger value may be due to the slightly greater
separation between the submicrofibrils in the TEM image. A third spacing
at 234 or 214 at a —17° +£15° angle was probably related to a foreshortened
major ridge spacing along the submicrofibril.

The negatively stained microfibril shown in Figure 7a was first treated
to remove hemicellulose before it was negatively stained. The computer
generated optical diffraction pattern was only of the upper microfibril with
the 33A spacing. The diffraction pattern in Figure 7b showed a vertical
spacing at 244, a left-handed spacing of 234 at a —45° + 5° angle to the
horizontal axis, and a spacing at 25A similar to the major ridge spacing in
Figure 6b. The 33A left-handed axial microfibril spacing was geometrically
related to the 23A submicrofibril spacing (23A /sin 45° = 32.54).
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Figure 7. This microfibril was treated with hot trifluoroacetic acid to remove
hemicellulose and was then negatively stained with 2% uranyl acetate in
Figure 7a. The optical diffraction pattern in Figure 7b was only of the upper
microfibril showing the 33A spacing. In Figure 7b the submicrofibrils cross
the TEM microfibril axis at a 45°+5° angle. (7a reproduced with permission
from Ref. 1. © 1987 Elsevier Science Publishers B. V.)
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It was previously pointed out that filaments the size of submicrofibrils
exit the cell wall of A. zylinum through pores (4). Figure 8 shows how a
microfibril self-assembled from three submicrofibrils on the exterior of the
cell (1). Arrows point to submicrofibrils 1 and 2 on the cell surface. At
their junction submicrofibril 2 crosses 1 in a left-handed manner visible in
stereo-micrographs (not shown). Submicrofibril 3 joins and then crosses
the twisted pair of microfibrils in a left-handed manner near the bottom
of the figure. The image of submicrofibril 3 also showed that it was not
rod-like but was left-hand super-twisted. A model of this process in Fig-
ure 9 showed three left-hand helical submicrofibrils labelled SM 1, 2 and
3 emerging from the cell wall at the top of the figure. This model depicts
three associated submicrofibrils being spun together to form a microfibril,
although it was unclear how three submicrofibrils initially came together.
This spinning process may be driven by the left-hand rotation and elon-
gation of the submicrofibrils during cellulose synthesis. The left rotation
of each submicrofibril drives the formation of a left-hand three-stranded
microfibril which also left rotated as it grows longer. If any of the sub-
microfibrils elongated more rapidly than the other pair, it would become
left-hand super-twisted as pointed out in Figure 8 for submicrofibril 3.

In tobacco primary cell wall the cellulose microfibrils observed indi-
vidually or associated with bundles were also triple-stranded and left-hand
helical. These observations are shown in Figure 10. Since cellulose is only
19% of the tobacco cell wall (17), the task of finding and identifying cel-
lulose was complicated. For this reason A. zylinum which produces a pure
ribbon of cellulose was used for studying cellulose structure.

Discussion and Conclusions

Submicrofibril and triple-stranded left-hand helical microfibrils are found
in tobacco primary cell wall and bacterial A. zylinum cellulose. We suspect
from our results and the literature survey outlined in reference (1) that the
triple stranded structures are prominent in the primary plant cell wall. The
highly crystalline cellulose of plant and algae secondary cell wall appears by
X-ray fiber diffraction (18,19) and TEM lattice imaging (20-23) to be largely
crystalline arrays of planar straight chains of (1-4)-8-D-glucan chains.
The submicrofibril in Figure 5c was clearly a left-handed helix with
a major ridge repeat of 26A and minor ridge half spacing at 124 or 14A
evident in the optical diffraction pattern (Fig. 5d). The correspondence
between the model and the Pt-C coated submicrofibril was stronger than
expected since it was known that evaporated metal coatings do not just
adhere where they land at ordinary replication temperatures (24-27). The
specimen temperature used in this work (—178°C) was colder by 110°C than
the temperature used previously (7). The greater metal sticking coefficient
at lower temperatures preserved surface resolution to 9A in Figure 5d.
The microfibril model in Figure 6a strongly resembled the Pt-C coated
microfibril in Figure 6¢c, which also contained a major and minor ridge
along a submicrofibril at the center of the image. The assignment of spots
to molecular features in the complex optical diffraction pattern in Figure 6b
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Figure 8. Since the submicrofibrils exit the cell wall of A. zylinum through
pores (4), the self-assembly of a triple-stranded microfibril has occurred at
the exterior surface of the cell (1). Submicrofibrils 1 and 2 appeared super-
twisted on the cell surface. At their junction submicrofibril 2 crossed 1 in
a left-handed manner which is only visible with stereo-micrographs (not
shown). Submicrofibril 3, which was also left-hand super-twisted, joined
and crossed the double fiber in a left-handed manner. This specimen was
coated with 16.4A of Pt-C. (Reproduced with permission from Ref. 1. ©
Elsevier Science Publishers B. V.)
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Figure 9. This model shows three left-handed helical submicrofibrils (SM)
1, 2 and 3 which emerged from the cell wall at their termini. It was not
clear how the submicrofibrils first associated with other submicrofibrils but
once associated they were spun together. This model assumed that cellulose
synthesis provided the mechanical force that simultaneously extended and
left-hand rotated the submicrofibrils, which in turn drove the secondary
formation of three submicrofibrils into a left-hand helical microfibril (M).
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could not be accomplished yet except at a rudimentary level. The vertical
and left-handed spacing (—45° + 15°) at 23A represented the maximum
width or long diagonal (Fig. 4) of the submicrofibril. The —17° £+ 15° spac-
ing at 23A probably represented a foreshortened major ridge spacing along
a submicrofibril curving around the microfibril axis. The same spacings
also appeared in the optical diffraction pattern (Fig. 7b) of the negatively
stained microfibril in Figure 7a. The optical diffraction pattern of the
freeze-dried Pt-C replicated microfibril (Fig. 6d) was far more complex, re-
solving more spots than its negatively stained counterpart in Figure 7b.
The vertical and left-handed spacings at —45° + 15° in the Pt-C coated
microfibril were 27A, due either to a truly greater space between submi-
crofibrils in Figure 6c or merely to the 8% precision of measurement which
made 274 and 234 of doubtful discriminability. A 21A or 234 spacing was
also located at —17° 4 15°, which could be attributed to the submicrofibril.

We believe that the TEM and model images of the cellulose helix in
conjunction with the computer generated optical diffraction patterns pro-
vide strong evidence for a substructure that includes a left-hand helical
microfibril composed of three submicrofibrils (Fig. 8) and a left-hand heli-
cal submicrofibril. Evidence that the four glucan chain fiber diffraction unit
cell had the same size as the submicrofibril came from the correspondence
between the unit cell’s average diameter of 18.5A and the measured submi-
crofibril diameter of 17.8 & 2.2A (1), the major and minor ridges visible in
TEM (Fig. 5¢) and the maximum diameter of 23A for the submicrofibril as
determined from the microfibril’s optical diffraction pattern. This strong
correlation has supported the hypothesis that the parallel nine glucan chain
unit represents the submicrofibril cross section.

The method we have advanced for generating the submicrofibril from
the nine sugar unit cross section in Figure 4 provides a model for sub-
microfibril synthesis. After each nine glucan chain cross section has been
assembled and moved to make room for the next, the submicrofibril elon-
gates and simultaneously rotates. Microfibril self-assembly in Figure 8 was
based on a cellulose synthesis-powered mechanism which extends and ro-
tates each submicrofibril in the Figure 9 model. One obvious prediction of
the model, besides the formation of a left-hand helical microfibril, was that
the microfibril would also rotate in a left-handed direction as it elongated.
We will return to this point in the last paragraph.

One important consequence of the nine parallel glucan chain unit,
translated and rotated to generate a left-hand helical submicrofibril, was
that all the (1-4)-8-D-glucan chains were not conformationally equivalent
in the Figure 4 submicrofibril model. For instance, the glucan chain at
the center of this model would form a left-handed helix 7 cellobiose units
long with a 724 pitch, but all other glucan chains would require more
cellobiose units to reach the same axial position. Recent theoretical calcu-
lations indicate that a family of left-hand helical (1-4)-3-D-glucan chains
7-9 cellobiose units long with pitches of about 72A to 93A exist near a sim-
ilar conformational energy minimum (28). The nine parallel glucan chain,
twisted crystal model thus cannot be ruled out on either the basis of glucan
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Figure 10. a, Bundled cellulose microfibrils in the lower epidermal cell wall
(facing mesophyll cells) of Coker 319 tobacco leaves. This epidermal peel was
freeze-dried, Pt—C replicated (15.9 A thick) and carbon film backed (133 A thick).
b, A cellulose microfibril is seen connecting two bundles of microfibrils (similar
to a). This Pt—C coated microfibril averages 51 A in width, shows left-handed
surface striations, and splits into three smaller submicrofibrils. ¢, Tobacco primary
cell wall Pt~C coated microfibril averaging 50 A shows left-handed surface
striations. d, Three 16—18-A submicrofibrils in adjacent ridges wrap (see arrows)
in a left-handed fashion around the microfibril axis. Bar, 100 A. (a—d reproduced
with permission from ref. 1. Copyright 1987 Elsevier.)
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Figure 10. e, Optical diffraction pattern of c. Its important features were similar
to those in the A. xylinum microfibril diffraction pattern in Figure 6d: left-handed
spacings at roughly 24 + 3 A, a vertical spacing at 26 A, and right-handed
spacings at 36 A and 28 A The left-handed pattern at 47 A and 48 A, not
previously seen, was probably caused by an artificial bunching of the
submicrofibrils (d) when the microfibril was lifted above the cell wall surface by
peeling the lower epidermal cell layer from the tobacco leaf.

In Plant Cell Wall Polymers; Lewis, N., etal.;
ACS Symposium Series; American Chemical Society: Washington, DC, 1989.



296 PLANT CELL WALL POLYMERS

chain energy considerations or the lack of left-handed glucan chain confor-
mations. Others have also suggested that cellulose glucan chains form a
left-handed helix of 72A (29) and can also be left-handed helical in solu-
tion (30). The nonequivalence of glucan chains in a twisted crystal would
limit its maximum lateral dimensions. Since chains farthest from the axis
center are less twisted, it is not surprising that in larger secondary cell
wall crystalline cellulose all the glucan chains can energetically assume a
flat linear configuration with each cellobiose unit related to the next by a
180° rotation (18-23,31). Our observations suggest that the submicrofibril
structure is a consequence of its small size and of (1-4)-3-D-glucan chains’
natural tendency to assume a left-handed helix (21). Larger cellulose crys-
tals can untwist (1-4)-3-D-glucan chains because of the favorable energetics
of forming planar straight chain crystals (31).

The model in Figure 9 predicts that each microfibril would rotate in
the process of cellulose ribbon formation. If the A. zylinum cell were held
stationary, then the ribbon would be left-hand twisted (2-5); however, if
the ribbon were held stationary, then the cell would rotate (32). The latter
case explains why ribbons appear untwisted in the pellicle of ribbons shown
in Figure 1. Moreover, it has been demonstrated that an A. zylinum cell
ceased rotation when Calcofluor (> 0.1 mM) was added to the solution
(32).

Previous work has shown that the presence of Calcofluor or Tinopal
could dramatically increase A. zylinum cellulose synthesis. This observa-
tion was the basis for the hypothesis that cellulose polymerization can be
uncoupled from a slower sequential crystallization step (2-5). We believe
the hypothesis is not consistent with our observations. At the very least, the
presence of an ordered and crystal-like submicrofibril produced in the pres-
ence of 0.25 mM Tinopal would relegate Tinopal’s or Calcofluor’s effects to
an event occurring after the initial cellulose polymerization-crystallization
step or steps.

The data we present show that A. zylinum cellulose microfibrils are
formed by submicrofibrils being spun together, as shown in Figures 8 and
9, rather than associated through a mechanism of lateral fasciation (1,4, 5).
We have demonstrated that Tinopal disrupts ribbon formation and the mi-
crofibril formation process in Figures 2 and 3. Since the microfibril spinning
process either rotates the ribbon or the cell, its disruption would uncouple
a rate-limiting rotation, elongation process from cellulose synthesis. Thus,
uncoupling of a cell’s or a ribbon’s mechanical rotation with Tinopal or
Calcofluor would result in an increased rate of cellulose synthesis, an in-
terpretation which is consistent both with our findings and with previous
work (1-5,32).
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Chapter 21

Structural Characterization and Visualization
In Situ and After Isolation of Tobacco Pectin

George C. Ruben! and Gordon H. Bokelman?

!Department of Biology, Dartmouth College, Hanover, NH 03755
2Philip Morris USA, Research Center, Richmond, VA 23234

Recently two different disciplines, chemical structural
elucidation and transmission electron microscopy, were
utilized in the study of pectin, with particular empha-
sis on tobacco pectin. The goal was to help bridge
the gap between knowledge of their chemical structures
to understanding the complex physical structures re-
vealed by microscopy. To provide background on chem-
ical structure, a study established that tobacco pectin
was present as a series of related rhamnogalacturonans.
All of these polysaccharides had a backbone consist-
ing of 4-linked «-D-galactopyranosyluronic acid residues
interspersed with 2-linked L-rhamnopyranosyl residues.
However, they varied in content of neutral sugars and
extent of methyl-esterification. The presence of rham-
nose in the backbone of pectin was believed to create
“kinks” which probably disrupted helical stretches of the
4-linked «@-D-galactopyranosyluronic acid residues. In
the present study pectin samples were gelled in deionized
water, air-dried or freeze-dried, platinum-carbon repli-
cated, carbon-backed and then examined by high reso-
lution transmission electron microscopy. The pectin was
found to be present as single chains of 7 £ 3A diame-
ter that showed helical stretches with a 13A left-handed
surface striation.

Pectin is the major component found in the primary cell walls of dicots and
may play a vital role in cell growth. During cell growth, loosening of the
cell wall by acidification is an important process which enables the cell to
elongate by its own turgor pressure. It has been suggested that the primary
action of acidification is the loosening of a calcium pectate gel within the
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cell wall (1). Pectin is also found in the middle lamella of land plant tissues
where it is thought to function as an intercellular binding agent (2).

Pectin constitutes 11-12% of the total solids (3) or 34% of the cell
wall materials (4) in tobacco lamina. By contrast, all of the following com-
ponents are found to a lesser extent within the cell walls of tobacco lam-
ina: protein (21.6%), cellulose (18.7%), hemicellulose (11.4%), and lignin
(4.1%).

Galacturonic acid is the major constituent of all natural pectins.
Pectins also contain varying quantities of neutral sugars, principally arabi-
nose, galactose and rhamnose (5). The carboxyl function of the galactur-
onosyl residues may be present as a methyl ester, acid or salt.

Pectins are best known for their ability to form gels (6), a property
which often involves intermolecular binding mediated by calcium cations
(7). The principal commercial use of pectin is in the preparation of jelly
and jam products (8). Pectins provide firmness in fresh fruits and vegetables
(9-11). Historically, natural tobacco pectins also have been used as binders
to prepare reconstituted sheets from tobacco by-products that are then
incorporated into cigarette filler or cigar wrappers (12-14).

Pectins have been structurally characterized by a combination of chem-
ical and spectroscopic methods. }3C NMR can be used to examine the pu-
rity, degree of esterification, and neutral sugar content of pectins (15). The
monomeric composition of pectins may be determined directly by a combi-
nation of methanolysis (16) and silylation procedures to yield O-silylated
methylglycosides that can be quantitated by GC (15). The linkage pat-
tern of the monomeric sugars may be determined by methylation analysis.
This procedure involves methylation of the starting pectin by the Hakomori
method (17-19), reduction of the carboxylic acid functions (18), hydroly-
sis, reduction of the aldehyde functions and acetylation to yield partially
methylated alditol acetates. The partially methylated alditol acetates then
can be analyzed by GC/MS (20). In a variation of the procedures listed
above, partial acid hydrolysis may be used to generate a series of di- and
oligosaccharide derivatives (15). These derivatives can be identified by their
electron impact mass spectral fragmentation (21). From all of the above
information the chemical structure of the starting pectin then may be de-
duced.

The results from structural studies on pectins isolated from a number
of different plant sources have been reported in several papers and review
articles (10,22-28). Chemical investigations of tobacco pectin (15,29-31)
have demonstrated that its structure is consistent with the basic structural
elements found in pectins from other sources.

In one recent study (15), isolation and purification of tobacco pectin
yielded a series of related rhamnogalacturonans. All of these polysac-
charides were found to have a backbone comsisting of 4-linked a-D-
galactopyranosyluronic acid residues interspersed with 2-linked L-rhamno-
pyranosyl residues in a ratio of ~ 16:1 (see Fig. 1). The presence of rham-
nose in the backbone of pectin is believed to create “kinks” which probably
disrupt helical stretches of the 4-linked a-D-galactopyranosyluronic acid
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residues (10). These tobacco rhamnogalacturonans varied in content of
neutral sugars and extent of methyl-esterification. Their average degree of
polymerization was estimated to be 400.

X-ray fiber diffraction studies have been performed on sodium and
calcium pectate gels (32). From this research a working model for the
helical portions of the pectin chain has emerged, which is important for
comparison to the transmission electron microscopy (TEM) studies. The
fiber diffraction gel models assume antiparallel a-(1 — 4) polygalacturonate
chains which, when viewed down the ¢ axis of the pectic acid unit cell,
average about 6.8 x 7.24 along the a and b directions for a single sugar
chain, respectively. One or two waters of hydration can increase this size
by 3A or 6A (33,34) in deep-etched preparations or an associated calcium
ion can increase its cross-sectional dimensions by about 24 (35).

Few previous attempts have been made to visualize pectin at the molec-
ular level (36). In the present study, a Pt-C replication technique and TEM
were used to characterize the uncutinized surface of lower epidermal cells
(facing mesophyll cells) in both fresh, green and senescing Coker 319 to-
bacco leaves. These surfaces were compared to freeze-dried and air-dried
calcium-free pectin gels. The surface textures and estimated diameters
of single pectin chains in these preparations were compared. With high
magnification imaging we were able to confirm the presence of the poly-
galacturonate chain helix in tobacco and citrus pectins.

Methods and Materials

The tobacco pectin used in this study was obtained from a single grade
of heavy or bodied, field-grown, flue-cured bright tobacco harvested at the
upper midstalk position. Crude tobacco pectin was obtained by extrac-
tion with hot water of the tobacco lamina that previously had been treated
with aqueous ethanol to remove waxes, nicotine, simple sugars and other
low molecular weight components (15). This crude product was purified
by tangential flow ultrafiltration, ion exchange chromatography and gel
permeation chromatography (15). The purified tobacco pectin had a galac-
turonic acid content of ~ 80%, a degree of esterification of ~ 22 and a
degree of polymerization of ~ 400. A separate sample of deesterified pectin
was obtained by saponification (15) of the purified tobacco pectin.

Gels were obtained in the following manner from both the purified,
starting tobacco pectin and the deesterified pectin obtained from it. First
the sample of pectin was solubilized in deionized 100°C water (~ 1% so-
lution). Then the pectin was gelled by ethanol vapor, introduced slowly
(6 hrs) by surrounding the vessel containing aqueous pectin with 100%
ethanol in a closed container at 20°C.

The gel from the purified tobacco pectin was formed on 1.3 cm ash-
less Whatman 50 filter paper discs which were frozen in propane at about
—190°C. These samples were then freeze-dried (90 min) at —70°C, repli-
cated with 16.9A Pt/C at —178°C in a 5 x 10~3 torr. vacuum and backed
with 146A of carbon. Finally, these samples were digested with 80% sul-
furic acid, rinsed with deionized water, picked up from underneath with
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carbon-coated 300 mesh grids (37) and examined by transmission electron
microscopy. Unless specifically noted otherwise, the same general proce-
dures were employed to prepare other samples for TEM examination. A
more detailed discussion of the TEM procedures used, including micrograph
reversals, has been published previously (37).

Citrus pectin (“Polygalacturonic Acid Methyl Ester from Citrus Fruits,
Grade I”) was obtained from the Sigma Chemical Company. It had a
galacturonic acid content of ~ 89% and a degree of esterification of ~ 57.
Separate aqueous solutions of citrus pectin were freeze-dried and air-dried
in deionized water. These samples were replicated with 9.8A Pt/C and
backed with 148A of carbon. The replicas for these samples were picked up
without a carbon support film (38).

The following procedure was used to obtain images of the epidermal
cell surfaces which face the mesophyll cells within the leaf interior. Both
fresh green and senescing greenhouse-grown Coker 319 tobacco leaves were
examined. The lower epidermal layer was peeled from the underside of each
leaf, rinsed twice in a solution of 1: 3/ethanol:water, and frozen on a %-in.
mica disc. The senescing sample was freeze-dried at —80°C for 105 min,
replicated with 26.64 Pt/C and backed with 215A of carbon. The fresh,
green sample was freeze-dried at —70°C for 3 hr, replicated with 15.9A
Pt/C and backed with 139A of carbon.

In a separate experiment a sample of the lower epidermal layer from
a fresh, green Coker 319 tobacco leaf was treated with boiling water for
25 min. This sample was then rinsed, freeze-dried for 3.5 hr at —80°C,
replicated with 15.94 Pt/C and backed with 133A of carbon.

Results and Discussion

Since it was known that pectin can be solubilized with hot water, a simple
experiment was performed to help identify the location of pectin on the
noncutinized surface of tobacco lower epidermal cells. The noncutinized
surface of the lower epidermal cells is the side which faces the mesophyll
cells. Figures 2A and 2B, respectively, show the control and treated samples
for the noncutinized lower epidermal cell surface of a fresh, green Coker 319
tobacco leaf. Treatment consisted of immersing the lower epidermal peel
in boiling water for 25 min. It may be seen in Figure 2A that the surface
pectin coat was continuous, with numerous flat regions. This pectin coat
disappeared following hot water extraction. Figure 2B shows the exterior
surface of the lower epidermis for the boiling-water treated sample from
which most of the pectin had been extracted. Some pectin-like material
remained as smooth globs coating the filamentous primary cell wall cellu-
lose. The contrast between Figures 2A and 2B indicated that a pectin gel
permeates the cell wall.

Figures 3A and 3B show low and high magnification images of the
noncutinized lower epidermal cell surfaces in a senescent Coker 319 to-
bacco leaf. The junctions between four different epidermal cells can be
seen in Figure 3A. Also, multiple layers of pectin were evident on these
lower epidermal cells, but were not present on the epidermal surface of
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Figure 2A. Freeze-dried, Pt/C replicated, untreated noncutinized lower epi-
dermal cell surface of a fresh, green Coker 319 tobacco leaf. (Bar = 1, 0004.)

Figure 2B. Freeze-dried, Pt/C replicated, noncutinized lower epidermal cell
surface of a fresh, green Coker 319 tobacco leaf treated with boiling water
for 25 minutes. (Bar = 5,000A.)
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Figure 3A. Freeze-dried, Pt/C replicated, noncutinized lower epidermal cell
surfaces in senescent Coker 319 tobacco leaf. (Bar = 5,000A.)

Figure 3B. Same as Figure 3A, except higher magnification. (Bar = 500A.)

In Plant Cell Wall Polymers; Lewis, N., etal.;
ACS Symposium Series; American Chemical Society: Washington, DC, 1989.



21. RUBEN & BOKELMAN Structural Characterization & Visualization 307

younger leaves (see Figure 2A). As many as 6 to 7 stacked surface layers
were seen from which filaments protruded. The highly bent filaments with
some linear stretches were even more evident in Figure 3B. The average
filament width was measured at 29.7A (n = 137,S.D. = 4.84). Correction
for the Pt/C film thickness (39) gave a real size of 4.6 + 4.8A.

Figure 4A shows a relatively low magnification micrograph of a gel
prepared from deesterified tobacco pectin. Unlike Figures 2A and 3A, its
surface was smoother and did not show the layering effect seen on the lower
epidermal cell surface.

Figure 4B is a high magnification micrograph of a gel of pectin fila-
ments prepared from purified tobacco pectin. The average filament width
with Pt/C coating was 22.5A. After correcting for the added size due to
the Pt/C coating (39), the pectin filament had a diameter of 7.1 £ 3A
(n = 112,S.D. = 3A). Within the standard deviation of the measurements,
the filament widths were the same for both the gel prepared from purified
tobacco pectin and the tobacco epidermal cell surface. Both of these mea-
surements also agreed very well with the x-ray fiber diffraction diameter,
~ 7A, which we estimated from the modeled gels of Walkinshaw and Arnott
(32). On careful inspection, some of the pectin molecules in Figure 4B
showed a left-handed surface striation occurring every 13A. Walkinshaw
and Arnott demonstrated that (citrus) pectin contained a 13.3A 3-fold he-
lix in the polygalacturonate chain (32), but x-ray fiber diffraction did not
give the helix handedness. We report here for the first time that it is a
left-handed helix.

Since the x-ray fiber diffraction measurements based on citrus pectin
(32) were consistent with the TEM measurements of tobacco pectin, we
prepared a gel from citrus pectin similar to the previous x-ray sample. This
gel was then examined by TEM. Air-dried samples of this gel, shown in
Figure 5, demonstrated long stretches of helix in the molecules lying on the
surface. (In the freeze-dried gels—not shown—only short stretches of helix
were visible.) The average filament width in the air-dried gel was found
to be 14.2A. After correcting for the added size due to the Pt/C coating
(39), the citrus pectin filament diameter was 5.8 + 24 (n = 37,S.D. =
2A). In Figure 5 the citrus pectin molecules showed a left-handed surface
striation occurring every 13A. The surface helix period from both tobacco
and citrus pectin samples was in agreement with the x-ray fiber diffraction
measurements (32).

In conclusion, we have demonstrated that high resolution TEM is a
valuable complement to x-ray fiber diffraction analysis and chemical struc-
tural elucidation. Its application provided information about the organiza-
tion of pectin in cell walls and in calcium-free gels. Using freeze-dried sam-
ples that were Pt/C replicated, we demonstrated tobacco pectin filaments
in a gel to be of the same diameter as the filaments on the noncutinized
lower epidermal surface of senescing Coker 319 tobacco leaves. These fil-
aments were 7.1+ 3A and 4.6 + 4.8A respectively, and roughly the same
diameter, ~ 74, as fiber-diffraction modeled citrus pectin (32). Replicated
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Figure 4A. Freeze-dried, Pt/C replicated gel prepared from deesterified to-
bacco pectin. (Bar = 10,000A.)

Figure 4B. Freeze-dried, Pt/C replicated gel prepared from tobacco pectin.

This high magnification image shows two molecules with ~ 13A left-handed
helical regions. (Bar = 100A.)
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Figure 5. Air-dried, Pt/C replicated gel prepared from citrus pectin. This
image features two pectin filaments with left-handed surface striations hav-
ing ~ 13A spacings (Each bar = 25A.)
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citrus pectin filaments were also found to have similar diameters, 5.8 + 24.
In addition, we demonstrated images, for the first time, of the left-handed
surface spacings of ~ 13A in single pectin molecules, in both freeze-dried
tobacco and air-dried citrus pectin.

We believe that single molecule imaging can contribute to a more thor-
ough understanding of the role of pectin in the cell wall. Qur future efforts
will be focused on pectin gels formed in the presence of calcium. Eventually,
it should be possible to visualize side chains on pectin and determine how
rhamnose residues in the rhamnogalacturonan backbone of tobacco pectin
disrupt the formation of helical regions.
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Chapter 22

Control of Cell Wall Plasticity

Relationship to Pectin Properties
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Along the mung bean hypocotyl, the cell wall plastic-
ity represents the limiting factor of cell growth poten-
tials. Pectin molecules, known to control local cell wall
pH’s and to modulate phenolic cross-linking owing to
the number of free acidic domains, were investigated.
Young, plastic walls were characterized both by a high
level of branched and methylated rhamnogalacturonans
which leads to swollen cell walls and by a low level of lin-
ear galacturonans which induces a low Cation Exchange
Capacity (CEC). In contrast, stiff, mature cell walls are
characterized by a low water content and a high CEC
which favors cross-linking.

The participation of pectins in controlling the extensibility of the primary
cell walls has often been suggested. Most of the data described were ob-
tained with dicots in which pectins account for 30 to 50% in the cell wall
material, whereas monocots are known to be quite devoid of polyuronides.
Correlations between cell wall plasticity and frequency of calcium bridges,
degree of esterification or molecular size have beeen successively proposed.
Recently new views about the manner in which pectins might participate
in the control of cell wall extensibility have been expressed (1-3). On the
one hand, pectins might intervene in cell wall stiffening processes as free
acidic domains act as a template for cross-linking reactions (2). On the
other hand, pectic molecules control local cell wall pH’s and, consequently,
positive or negative feedback systems (3). It is widely accepted that wall
loosening as well as wall stiffening processes are enzymatically mediated.
It may also be assumed that pectin properties will modulate the ability
of cell walls to develop into more or less stretchable structures. We have
therefore investigated the pectic material in fast and slow growing parts of
Mung bean hypocotyls.
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Materials and Methods

Vigna radiata (L. Wilczek) seedlings were raised as previously reported
(4). Seedlings were grown 3 d at 26°C in the dark, and were used when the
hypocotyls measured 45+ 5.0 mm.

Growth Measurements. Equidistant Indian ink marks were made along the
hypocotyl and their displacements measured after 4 h. Displacement ve-
locity was plotted as a function of the initial position of each mark, i.e.,
the distance from cotyledons. Relative elemental rates of elongation were
then calculated as the derivatives of the displacement versus position (5).
Growth measurements of excised segments were recorded with auxanome-
ters using displacement transducers. The growth curves were then calcu-
lated with a microcomputer (TRS 80) as previously reported (6). Extensi-
bility of the successive segments was estimated using two different methods.
On the one hand, the segments (10 mm long) were pulled at a constant rate
of deformation (60 mm min~?!) until a force (40 g) was reached, which re-
quired less than 1 sec. Irreversible deformation represents the immediate
plasticity. On the other hand, the successive segments were subjected to
a constant load (40 g) during 5 min and their length recorded during 10
min (5 min loading followed by 5 min unloading). Long term plasticity was
then estimated by irreversible deformation. Strain values were calculated
for both methods as irreversible deformations per mm.

Cell walls were isolated from 2 parts of the hypocotyl as previously de-
scribed (7). Two pectic fractions, PF; and PF,, were sequentially extracted
by boiling water and hot EDTA pH 6.0. As already reported, the residual
cell walls were free of polygalacturonic acids (8). EDTA treatment did not
significantly degrade the polyuronides since colorimetric estimations per-
formed before and after dialysis gave similar results. The pectic fraction
extracted by boiling water was submitted to ion-exchange chromatography
on DEAE-Sepharose CL6B (Pharmacia) equilibrated with 0.05 M sodium
acetate buffer (pH 4.7). Neutral polysaccharides were not bound and acidic
polysaccharides APF1 were eluted with 1 M buffer (9). Calcium contents
of the pectic fractions were determined by atomic spectrophotometry with
lanthanum as internal standard. Potentiometric measurements and esti-
mations of selectivity coefficients were run according to ref. 8. Calcium
activity was measured using a specific electrode (10). Galacturonic acids
were estimated with m-diphenol (11). For estimation of cell wall water
content, the diffusion film was eliminated from isolated cell walls on filter
paper and the weight of the wet cell walls (MF) was estimated (10). The
wall dry weight (MS) was measured after 1 h at 50°C. The cell wall water
content (t) was obtained from the relation t = (MF—MS)/MS. The relative
error was less than 10%.

A Brucker AM 400 spectrometer operating in the F.t. mode at 400.13
MH?z for 'H and 100.57 MHz for '3C was used for NMR investigations. Sam-
ples were dissolved in D0 at 70°C. (CD3)2SO was the internal reference
(6c 39.5, 6y 2.72). Measurements were performed as described previously
(9).
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Results and Discussion

Growth Gradient Along the Mung Bean Hypocotyl. Accurate estimation of
growth potentials of cells in situ is difficult. Along an axis, indeed, data
obtained by measuring mark displacements actually correspond to the cu-
mulative cell growth at the successive levels crossed during the time of ex-
periments. This difficulty had been overcome by estimating the derivatives
of displacement velocities (5). These data give the instantaneous rate of
elongation at each point on the axis. Along the Mung bean hypocotyl, this
elongation rate decreases regularly from the hook (segment b) to the base
(Fig. 1A). In vitro growth measurement using excised segments does not
indicate the initial state of growth but the elongation of the sample after the
excision. These measurements show the same growth gradient (Fig. 1A).
In order to check whether wall properties were the growth limiting factor
along the hypocotyl, wall plasticity of successive hypocotyl segments was
measured using two different methods. As illustrated in Figure 1B, imme-
diate plasticity as well as long term plasticity obviously decreased along the
Mung bean hypocotyl. These data suggest that along this growing organ
the plastic properties of the cell walls might control the growth potential
of the cells.

Composition of Pectin Fractions Ertracted from Young and Mature Cell
Walls (Table I). Young cell-walls contained more polyuronides soluble in
hot water and less polyuronides soluble in EDTA than mature cell walls.
Calcium ions were mostly bound to water-insoluble pectins. In this frac-
tion the galacturonic acid/Ca%t ratio is identical for young and mature
cell walls which indicates similar affinity for Ca?* ions. Moreover, PF,
polyuronides, in contrast to PF;, were not methylated. The activity of the
calcium ions was estimated in each fraction. The mean distance between
two free changes, b, could then be calculated (8). Extracts from young and
mature cell walls gave close data. PF; b values were higher than b values
of PF, but deesterified PF; was similar to PF5, the average distance be-
tween two free charges then being near 4.4 which corresponds to the value
calculated for polygalacturonic acid. The principal chains of PF; and PF,
molecules are then constituted by linked galacturonic acid molecules, 70% of
which are methylated in PF; extracts. In PF;, the average distance between
two free charges is nearly three times as great as the value obtained after
deesterification. It is possible that PF; extracts contain orderly arranged
molecules with a repeating unit constituted by two successive methylated
molecules followed by an unmethylated one. Succession of extended se-
quences of methylated and unmethylated molecules would provide different
values for yCa. Indeed, according to Kohn (12), occurrence of more than
8 successive unmethylated molecules inside a polygalacturonic chain en-
tails low yCa values similar to those measured with polygalacturonic acid
(i.e., nearly 0.18). However, a succession of short sequences (< 8 units) of
methylated and unmethylated molecules cannot be excluded. Lastly, the
high neutral/acidic sugars ratio noted for PF; might correspond to neutral
sidechains.
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Figure 1. Development of growth potential and cell wall extensibility along
the mung bean hypocotyl. A, elongation rates as um/h~!/mm™!; e .
relative elemental elongation rate; e — — — —e spontaneous elongation of
excised segments. B, cell wall extensibility as ym/mm~1; e ¢ immediate
plasticity; ¢ — — — —e long term plasticity. Data correspond to irreversible

deformations measured as described in Materials and Methods.
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Table I. Composition of Pectic Fractions Extracted with Boiling Water
(PF,) and Hot EDTA (PF,) from Young and Mature Cell Walls

Young Cell Walls Mature Cell Walls

PF,  PF, PF, PF;
Uronic acids (UA) 960 340 540 610
Calcium 50 10 45 200
Neutral/acidic sugars 1.05 0.35 0.90 0.12
UA/Calcium 19.2 3.10 12.0 3.05
DE (%) 70 0-10 70 0-10
vCa
intact pectins 0.57 0.18 0.58 0.15
demethylated pectins 0.22 0.20
b 13.5 44 13.8 3.5

Uronic acids and Ca?* as peq.g™!.

DE, degree of esterification.

vCa = activity coefficient of calcium ions.

b, average distances between two free charges, in Angstroms, is calculated
from the relations: Ln yCa = —0.5— Ln 2€ and £ = 7.15 A/b; Eis a
dimensionless structural parameter, the charge density of the pectins.

We have also tried to investigate intact, unhydrolyzed pectic materials
with NMR spectroscopy. Unfortunately, highly methylated PF; as well as
PF, were unsuitable for high resolution NMR studies due to low solubility.
Na* or Lit salt forms of the samples gave better results. '3C spectra of
the Nat form of PF, and PF; are given in Figure 2. On these spectra the
major residues are (1 — 5) linked a-arabinofuranose, (9,13,14), (1 — 4)
linked 3-galactopyranose (9,15,16), and (1 — 4) linked a-galacturonic acid.
The 'H NMR spectra of these samples were compatible with the 3C assign-
ments and are in accord with literature data (9,17-19). Rhamnose could not
be detected although GC performed after acid hydrolysis (8) revealed the
presence of small amounts, nearly 4%, in all pectic fractions. The intensity
of the Cs signal of arabinofuranose at 68.3-68.5 ppm is consistently weaker,
by about 80%, than that of the methine carbons 1-4. This Cs signal was
absent in the 13C NMR spectrum of PF,. These data suggest either that
arabino-furanose residues occupy terminal positions or that the furanosyl
signals belong to another residue such as f-galacto-furanose. Galacturonic
acid levels were much lower than the values obtained from m-diphenyl esti-
mations. The very weak signals observed for galacturonic acid in the NMR
spectra might be due to multichain aggregation processes which have al-
ready been described for very dilute solutions (17,20-22). Disappearance
of NMR signals of pectins has already been reported for both solid (23)
and liquid-state experiments (17). Ultrasonication did not improve the re-
sults. All these data show that PF; contains highly methylated, highly
branched rhamnogalacturonans. Galactose and arabinose build sidechains
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Figure 2. 100 MHz 13C spectra of pectic fractions. Internal Me,SO, § 39.5—
GA, galacturonic acid; G, galactose; A, arabinose.

In Plant Cell Wall Polymers; Lewis, N., etal.;
ACS Symposium Series; American Chemical Society: Washington, DC, 1989.



318 PLANT CELL WALL POLYMERS

(about 3 times more galactose than arabinose) which contain terminal ara-
binose. In contrast, PF, contains mostly homogalacturonans. The neutral
sugars, from 10% to 30%, detected in this fraction might represent either
contaminations with PF; or some short sidechains.

Physicochemical Properties of Pectins. Solubilized Pectins. Pectins solubi-
lized by boiling water (PF;) and further extracted by EDTA (PF,) from
young and mature cell walls were characterized by potentiometric measure-
ments. Titrations were performed with different counterions: K%, Nat,
Mg?t, Ca?t. In all cases the pH curves diverged for monovalent and diva-
lent ions for neutralization degrees > 0.5 (Fig. 3A,C,D). This divergence
is essentially due to valence differences. No differences could be detected
when PF,’s were neutralized with Ca(OH); or Mg(OH),, whereas titration
curves of PFy’s revealed a higher selectivity for calcium ions (Figs. 3B
and 3D). However, saponification of PF;, which deesterifies the methylated
polymers, induced a slight shift between Mg(OH), and Ca(OH), titration
curves (Fig. 3C). With monovalent counterions, a difference in affinity for
Nat and Kt was noted (Fig. 3A). Curves obtained with pectic fractions
isolated from young and mature cell walls were not significantly different.
Pectins in situ. After boiling water treatment, the residual cell walls
contained only PFs pectins. Cation exchange capacity (CEC) of these
cell walls was estimated for different pH’s. In all cases, young cell walls
exhibited a smaller CEC than the older ones (Fig. 4). Exchanges were
then performed in order to compare the relative cell wall affinities for Ca2*
and Mg?* ions. After hot water extraction, the selectivity coefficients K
of young and mature cell walls were almost identical (Fig. 5C) for all pH
values. The ionization of mature walls was higher than that of young ones
(Fig. 5D). After EDTA treatment, the cell walls no longer behaved as
cation exchangers, which reveals a complete solubilization of pectins.
Crude cell walls which contained both PF; and PF5 fractions were also
investigated. Their CEC values were higher than those measured for hot
water extracted cell walls (Fig. 4) and young cell walls exhibited a smaller
CEC than the older ones. The differences between the CEC’s of crude and
hot water extracted polymers can thus be attributed to the PF; polymers.
Exchange experiments showed that, at constant ionic strength and equal
ionic fractions of Ca?t and Mg?*t, the selectivity coefficients were always
higher for mature cell walls than for young ones. Whatever the value of the
pH in the incubation medium (Fig. 5A), young crude cell walls exhibited a
lower coefficient than young, hot water extracted ones. The PF; fraction,
much more abundant in young cell walls (Table I), had a lower affinity
for Ca%t ions than PF,. These data confirm the results obtained with
pectins in solution. Physicochemical behavior of cell walls results then
from the PF,/PF, ratios, the properties of the pectins embedded in the
polysaccharide network being identical to those of solubilized pectins.
Water contents of intact and extracted cell walls were also estimated
(Table I). The amount of absorbed water was the highest in young, intact
cell walls. After boiling water treatment, the swelling of the cell walls was
lower and quite similar for young and mature cell walls. The high water
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Figure 3. Titration of pectin fractions extracted from young cell walls.
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content of young cell walls results from the high amount of PF,; in these
walls. These data might explain the microscopic aspects of both kinds of
cell walls, the young ones being more swollen than the mature ones (8).

Table II. Water content of intact (CW) and extracted cell walls (RCW)
isolated from young and mature tissues of the hypocotyl as percent of cell
wall dry matter

Young Tissues Mature Tissues
Cw RCW Ccw RCW
850 260 425 260

In conclusion, along the mung bean hypocotyl, the cell growth potential
depends upon the wall extensibility. Young, plastic walls are characterized
by a high level of branched and methylated rhamnogalacturonans which
leads to swollen cell walls and a low level of linear galacturonans which
induces a low CEC. In contrast, stiff, mature cell walls are characterized
by a low water content and a high CEC. The low water content indicates
stronger cohesion of the polysaccharide network. The high CEC is a possible
factor for crosslinking and in turn for wall stiffening processes.
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Chapter 23

Effect of Chemical Structure of Pectins
on Their Interactions with Calcium

M. Rinaudo

University Joseph Fourier of Grenoble, Centre de Recherches
sur les Macromolécules Vegetales, Centre National de la Recherche
Scientifique, B.P. 53X—38041, Grenoble Cedex, France

The interaction of Ca?t with pectins is discussed. The
role of carboxylic acid salt formation and the degree
of polymerization are first considered in terms of elec-
trostatic and/or cooperative specific interactions. Then
the effect of the degree of esterification and that of the
pattern of carboxylic group distribution are discussed;
pectin esterase forms blocks which behave as fully hy-
drolyzed polymers and favor aggregation. Finally, the
role of the calcium addition on the degree of aggregation
was established. All the data show the important role
of molecular structure of the pectins on calcium interac-
tions.

Pectins are polysaccharides found in the primary cell walls of plants and in
the middle lamella. They mainly consist of poly (1 — 4)a-D-galacturonic
acids and their methyl esters. In addition, they also contain neutral sug-
ars inserted into the main chain (L-rhamnose units) and in the side chain
(nearly 10-15% of the neutral sugar by weight). Pectins are considered to
have important structural roles (ion exchange and mechanical properties),
and to be formed mainly of homogalacturonan blocks which play an im-
portant role in the mechanisms of interaction in the cell walls. The degree
of esterification (DE) and the degree of polymerization (DP) of the pec-
tic substances are directly controlled by enzymes and/or pH. This implies
modification of their behavior with age, for example, and also indicates the
necessity for control of conditions of extraction in order to isolate polymers
representative of their native state.

The role of the structural properties of pectins was described recently
(1) where it was shown that interactions of calcium with pectic substances
were directly related to the existence of unbranched and non-esterified
galacturonic blocks. Calcium was able to ionically bind two or more chains
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and to establish a three-dimensional network giving unique mechanical
properties. In this chapter, we describe the behavior of pectins in aque-
ous solutions. Depending upon the experimental conditions employed, the
calcium ions can induce a sol-gel transition.

Materials and Methods

Polygalacturonic acid (Nutritional Biochemicals Corp., USA) was purified
and isolated as the sodium salt (2,3) to give a preparation containing >
95% galacturonic acid. The oligogalacturonates were prepared by partial
hydrolysis (4-6). Commercial apple pectin from Unipectine (France) was
purified and partially deesterified (i) under alkaline conditions to produce
randomly dispersed carboxylic acid functionalities along the chain and (ii)
by an esterase to produce blockwise distribution of the carboxylic groups.
These two series of samples allowed the demonstration of the effect of the
distribution of carboxylic groups, and of the average level of carboxylic acid
on the properties.

These ionic polymers can be considered as polyelectrolytes and their
electrostatic properties can be predicted from the usual theories. In that
respect, a polyelectrolyte is characterized by a structural charge parame-
ter independent of the DPA = vye?/DhkT with v equal to the number of
ionized groups on a polymeric chain with length h, D, the dielectric con-
stant, e, the electronic charge and kT, the Boltzman term. Considering
the structural length of the D-galacturonic unit in *C; conformation (b
= 4.35A (7)), the poly a-D-galacturonate is characterized by a A value
equal to 1.65. This parameter controls the thermodynamic properties as
well as the activity coefficient of counterions or potentiometric titration.
The interaction with calcium was determined from activity measurements
of Ca?* with a specific electrode (3,8); the apparent pKa of the carboxylic
acids was obtained from pH titration during neutralization. Conforma-
tional changes were monitored by circular dichroism (CD) (3,9). Interchain
interactions were estimated by viscosity, gel permeation chromatography
(10), light scattering measurements (11,12), and 3C NMR (2). All the
data were obtained at a constant temperature (25°C +0.1).

Results and Discussion

Role of DP and the Degree of Neutralization. The role of the DP on the
activity of calcium counterions in the presence of oligo- and polygalac-
turonates was first investigated by Kohn (13); the observed behavior was
confirmed by Ravanat (10), who showed that when the DP is larger than
10, the activity coefficient of calcium decreases strongly due to interchain
crosslinking interpreted in terms of the “egg-box” model (14,15). The ge-
ometry of the calcium-carbohydrate complex was more recently discussed
by Dheu-Andries and Perez (16).

From Ravanat’s and Kohn’s data, the transition observed for calcium
activity is in the range of DP 10 to 20, which means that at least 5 to 10
Ca?* cations are necessary to form a cooperative strong interchain bind-
ing. Until now, formation of chain dimers (as predicted in the “egg-box”
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model) was only shown to exist with polymers taking into consideration
the activity coefficient of Ca?* counterions at infinite dilution (8). In fact,
from thermodynamic considerations, it was concluded that polygalactur-
onate behavior up to DP = 5 was in agreement with electrostatic theories
considering a normal single molecule process (3). From CD measurements,
this conclusion avoiding a specific interaction with calcium is confirmed
(Fig. 1; curves (1) and (2)).

From circular dichroism, it appears that for pectins with a degree of
neutralization («’) of over 0.4, a specific interaction with calcium occurs
(9). At the same time, the apparent pKa decreases corresponding to a
specific binding (3). This critical value corresponds to a A value of 0.64,
which means that the Ca?* must be associated with 24% of the carboxyl
groups.

This result is directly proportional to the minimum number of car-
boxylic acid sites required to form a stable junction zone on polymers. The
number of calcium cations bound must also be directly related to the sta-
bility of the junction and its thermoreversibility. Finally, it must be also
pointed out that it is not the pH, but the degree of neutralization, &', which
controls calcium binding.

Effect of the Degree of Esterification and Carbozyl Group Distribution. It is
generally agreed that a transition in the behavior of pectins occurs around
a degree of esterification of 50%. This is in fact the case for randomly
dispersed carboxylic groups along the chain. The corresponding charge
parameter is then the same as for a polygalacturonic acid with o' = 0.5;
this value is in good agreement with our previous discussion.

The effect of the distribution of ionic sites on the aggregation process
has also been elucidated (8,11,12). For these investigations, partial deester-
ification on apple pectins was performed, causing a random distribution of
the carboxylic sites along the chain; on the other hand, action of a pectin
esterase produced a blockwise distribution of the ionic groups. These two
series of samples were tested allowing the comparison of thermodynamic
properties for polymers having the same average charge parameter but dif-
ferent patterns of distribution of the carboxylic groups. It was then found
that the pectin esterase produced blocks of free carboxylic group which
behaved just as a fully hydrolyzed polymer, i.e., each attack produced a
free zone on a chain which was able to be chelated in the presence of Ca?*.
Association of chains was clearly demonstrated by light scattering measure-
ments (12).

Effect of Calcium Content. The application of gel permeation chromatog-
raphy can also be used to answer the questions of interaction of calcium
with sodium polygalacturonate.

Using a dilute aqueous solution of the polymer in the absence of ex-
ternal salt, a molecular weight distribution was obtained, although it was
perturbed by electrostatic exclusion. When CaCl; was added, a salt exclu-
sion corresponding to NaCl was formed, i.e., an exchange process occurred
up to at least 40% of the stoichiometry, where in each case one Ca?* ex-
pelled two Na* (10).
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Qs 1

Figure 1. Normalized ellipticity at 210 nm as a function of the degree of neu-
tralization (') for (1) sodium form of oligogalacturonates and polygalac-
turonate; (2) calcium form of galacturonates (O DP2, A DP4, [1 DP5),
(3) calcium form of the polygalacturonate (¢). (Aey taken as reference is
the ellipticity of acid forms for each product; open = sodium form; filled =
calcium form.)

In Plant Cell Wall Polymers; Lewis, N., etal.;
ACS Symposium Series; American Chemical Society: Washington, DC, 1989.



328

PLANT CELL WALL POLYMERS

T 10% i 40%
II'““‘ s
'I \\ \ '.\\\
~ A} 3 ~-
o Y 4 -
s Sen o ' /l -~ \‘\\“
: = 1 i = MY L R
r 25% i 45%
N L\‘
I/ ™ h
! AN 5
h ] ~ “ -~
v ] S (Y rd -~
\‘ jt \\\~ P P
—~— e SO
] > 1 1 a2 ' 2 i T\“~L
1= -
35% 48%
3
N [y
\\ :r \\\ "\ &
\\ ‘~\\~“ . , ‘“*~~\‘~\
] 1 Il i £ 1 P
—— Increasing M
Figure 2. Refractometric (—) and conductimetric (———) traces for gel per-

meation chromatography of polygalacturonate sodium with progressive ad-
dition of CaCl; expressed in equivalent percentage of Cat added (polymer
concentration 5 g/l; Spherosil porous materials with average pore diameter

of 60004; elution H,0).
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Figure 3. Dependence of the intrinsic viscosity O ([n]), nmr signal @ (I),
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of sodium polygalacturonate.)
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PRECIPITATE

Figure 4. Crosslinking mechanism proposed for pectins in presence of Ca’+
(10). Black dots represent the calcium.
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From Figure 2, it is clear that the apparent average molecular weight
of the polymer increases progressively as soon as 25% Ca?* equivalents are
added and, at the same time, the intrinsic viscosity of the samples increased
(Figure 3). The fraction of carboxylic groups bound with Ca?* agrees with
the value found in the discussion on the role of o'.

From the refractometric trace on the chromatograms, it was possible
to calculate the fraction of gel formed. When gel was formed in the system,
the 13C NMR signals of the different carbon atoms disappear due to the
decrease in their mobility (Fig. 3).

Conclusions

The mechanism of interaction of calcium is directly related to the chem-
ical structure of pectins. It also depends on the polymer concentration,
the distribution of carboxylic groups and the amount of calcium present in
the medium. To conclude, a mechanism of gelation can be given in Fig-
ure 4 which allows us to predict progressive aggregation, gelation or phase
separation depending on experimental conditions.

From the different experimental results obtained, it can be concluded
that the average number of Ca?t ions bound is 1 per 8 carboxylic acid
groups. However, from gel chromatography it is clear that this distribution
is not homogeneous because aggregation is produced progressively; this also
implies a degree of cooperativity in the interaction.

The following questions remain to be answered:

— What is the relationship between the observed behavior and that in
the cell wall?

— What is the distribution of Ca?* along the chains?

~ How much Ca?? is necessary to form a stable junction? This result is
directly proportional to the minimum.
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Chapter 24

Comparative Studies on the Cell Wall Polymers
Obtained from Different Parts of Rice Grains

Naoto Shibuya

National Food Research Institute, Ministry of Agriculture, Forestry, and
Fisheries, Tsukuba, Ibaraki 305, Japan

Cell wall polymers from different parts of rice grain dif-
fered in both composition and detailed structure. Hemi-
cellulosic polysaccharides of the cell wall preparations
obtained from both outer and inner parts of the grain
contained arabinoxylan and xyloglucan. The amount of
B-1,3-,1,4-glucan was negligible in the cell walls of the
outer part of the grain when compared to that in the en-
dosperm cell wall. The degree of lignification also differed
from tissue to tissue. In addition, the arabinoxylan ob-
tained from the outer part of the grain carried side-chains
with more complicated structures than endospermic ara-
binoxylan. Similar differentiation on the molecular level
is also suggested for other cell wall polymers.

In order to understand the process of differentiation and the properties of
the resulting cell walls, it is necessary to identify the changes that occur in
cell wall polymers. Several recent papers suggest that changes in cell surface
carbohydrates in animals and plants may be both a cause and effect of
differentiation (1-3). One possible approach to the study of differentiation
is to compare the composition and chemical structure of cell-wall polymers
during development. Cereal grains, such as rice and wheat, are composed
of several tissues which appear at different stages of differentiation. Thus,
starch endosperm originates from fertilized polar nuclei, while the thin cell
walls are considered to be primary cell walls (4,5). The outer part of the
endosperm is covered with several layers of aleuron cells, which are also
derived from the same fertilized polar nucleus but which differentiate into
a specific tissue during the maturation process. Cell walls of the aleuron
cells are much thicker than those of the endosperm, and are considered to
be secondary walls. The outermost part of the grain is a caryopsis coat
consisting of several compressed cell layers with very thick (> 1 um) walls.
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Germ, or embryo, is derived from the fertilized egg and consists of several
different tissues.

In view of the practical importance of these grains, for example in
dietary fibers, it is useful to study the cell wall polymers of their tissues
during differentiation. In the present work, we used rice grains (brown
rice without husk) as a starting material. They were fractionated into
several distinct histological components, and the composition and detailed
structure of cell wall polymers was compared.

Materials and Methods

Isolation of Cell Walls from Different Parts of Rice Grain. Rice grains
were gradually peeled using a conventional milling instrument (Satake Mo-
tor One-Pass Type Test Mill, Satake Engineering Co., Ltd., Tokyo), and
the fractions rich in specific histological components were collected. The
potassium content of these fractions was used as an index to identify the
fraction enriched in aleuron tissue (6). The caryopsis coat fraction was ob-
tained from the very first milling fraction. Starchy endosperm was obtained
by thoroughly removing the outer part of the grain. The germ fraction was
separated from the bran fraction by sieving with 10-20 mesh sieves. Cell
walls were obtained by the successive extraction of the defatted tissues with
SDS-mercaptoethanol and dimethylsulfoxide (7). An enzymatic method us-
ing a combination of protease and amylase (8) was also used to obtain cell
walls from these tissues, and the analysis of the cell wall preparations so
obtained showed that both methods gave basically the same preparations.
The yield of the cell walls (w/w of defatted tissue) was 0.3% for the en-
dosperm, 12% for the germ, 20% for the aleuron tissue, and 29% for the
caryopsis coat. Scanning electron micrographs of these cell wall prepara-
tions (Fig. 1) showed that both of the cell wall preparations obtained from
the caryopsis coat, and the aleuron tissue, were very thick and appeared
of hard texture. On the other hand, the endosperm cell wall preparation
was very thin and appeared to be of softer texture. The main part of the
cell wall preparation from the germ looked similar to the endosperm cell
wall but was somewhat thicker and harder. These preparations were free
of other cellular particles such as starch or proteins.

Results and Discussion

Comparison of the Overall Composition of Cell Wall Preparations. As can
be seen from Table I, cell wall preparations showed a significant difference
in their polymer composition. The endosperm cell walls resembled primary
walls, since they were virtually free of lignin but rich in pectic substances.
On the other hand, the cell wall preparations obtained from the caryopsis
coat and the aleuron tissue were highly lignified, and their pectic content
was very low. The germ cell wall showed a somewhat intermediate compo-
sition between these two types, probably reflecting the fact that it consists
of several different tissues.

The monosaccharide composition of the hemicelluloses, which were a
major fraction of all of these cell wall preparations, also showed significant
differences, especially in the amounts of glucose and galactose (Table II).
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Figure 1. Scanning electron micrograph of the cell wall preparations ob-
tained from the different parts of rice grain (7). Caryopsis coat (upper left),
aleuron layer (upper right), germ (lower left) and starchy endosperm (lower
right). Bars in the picture indicate 5 um.
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Table I. Composition of the Cell Wall Preparations Obtained from Differ-
ent Histological Fractions

Pectic
Fraction Substances Hemicellulose «a-Cellulose Lignin
Caryopsis coat 7 38 28 27
Aleuron tissue 11 42 31 16
Endosperm 27 49 23 1
Germ 23 47 21 9

While the hemicelluloses obtained from the germ, aleuron, and caryopsis
coat cell walls all showed a similar monosaccharide composition, this was
not the case for the endosperm tissue. Thus, a major difference in the
structure of hemicellulosic polysaccharides exists between the preparations
obtained from the endosperm cell walls and those from the cell walls of the
other parts of the grain, i.e., rice bran. (Rice bran consists of the caryop-
sis coat, aleuron layer and germ.) Comparison of the detailed structural
features of the hemicellulosic polysaccharides of endosperm and bran cell
walls will be discussed in the following sections.

Table II. Monosaccharide Composition of Pectic Polysaccharides and Hemi-
cellulose Obtained from Different Cell Wall Preparations

Neutral Sugar Composition (mol %) Uronic
Acid

Rhamn- Fuc- Ara- Xyl- Gal- Glu- Content

Fraction ose ose binose ose actose cose (wt.%)

Hemicellulose:

Caryopsis coat 1.0 0.4 356 436 7.4 12.0 13.5
Aleuron layer 1.0 04 36.7 435 7.4 11.1 12.8
Germ 1.2 0.5 36.7 38.1 88 14.7 13.8
Endosperm 0.9 0.5 264 41.1 1.9 29.1 12.1

Pectic Polysaccharides:

Caryopsis coat 5.0 1.2 436 26.8 11.9 11.3 31.5
Aleuron layer 3.6 1.1 489 275 11.1 7.7 24.9
Germ 2.3 0.7 46.9 20.56 10.7 19.0 16.4
Endosperm 6.1 0.6 33.0 304 114 18.5 34.5

The sugar composition of the pectic polysaccharides obtained from
these cell wall preparations (Table II) also suggested differences in the struc-
tural features of the different cell wall preparations. Detailed structural
information is only available for the pectic polysaccharides obtained from
the endosperm cell wall: The main fraction of endosperm pectic polysac-
charide was separated into two fractions, a neutral sugar-rich fraction and
a fraction with a very high content of D-galacturonic acid (8). Structural
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analysis of the former fraction indicated a structure similar to the so-called
rhamnogalacturonan-1 structure (9), which consists of a backbone of 1,4-
linked galacturonan chain interrupted by 1,2-linked L-rhamnosyl residues
and side-chains rich in 1,5-linked L-arabinofuranosyl and 1,4-linked D-
galactosyl residues (10). The yield of the pectic polysaccharide of the
endosperm cell wall and the germ cell wall is similar, but the sugar com-
position is very different, as shown in Table II. The uronic acid content is
much higher in the endosperm preparation. On the other hand, the amount
of arabinose and rhamnose is much higher in the germ pectin. Note that
these preparations are crude fractions and further structural studies on the
purified fractions are necessary to reach any definitive conclusions. Never-
theless, these results suggest possible differences in their structural features,
such as a difference in the ratio of the neutral sugar-rich domains and the
galacturonan rich domains, length and structures of side-chains, etc.

Methylation analysis of whole cell wall preparation (7) also suggested
differences in the composition and the structure of the component polysac-
charides. For example, most of the arabinose residues in the endosperm
cell wall were non-reducing. On the other hand, a large part of the arabi-
nose residues in the germ cell wall were located in the inner chain portion
with various types of linkages. Similar results were also obtained in the
case of the aleuron cell wall. The 1,3-linked glucose residues were detected
practically only in the endosperm cell wall preparation. These results sug-
gest a significant difference in the composition and detailed structure of the
component polysaccharides of these preparations.

Structure of the Hemicellulose Polysaccharides from Endosperm and Bran
Cell Wall. As suggested above, there is a major difference in the structure
of hemicellulosic polysaccharides obtained from the endosperm and from
the other parts of the grain. The hemicellulose preparations from both
the endosperm and bran cell walls were further fractionated and subjected
to structural analysis using chemical and enzymatic methods. Figure 2
summarizes the structure of the hemicellulosic polysaccharides obtained
from the endosperm cell wall (11,12). Over two-thirds of the hemicellulose
is composed of arabinoxylans, especially acidic arabinoxylans. They are
highly branched, carrying mostly very short side chains of a single arabi-
nofuranosyl or (4-O-methyl)-glucuronosyl residue. The endosperm hemi-
cellulose also contained two other polysaccharides as minor components,
namely, xyloglucan and (-1,3-,1,4-glucan. Both of these components were
firmly associated with a small amount of arabinoxylan and could not be
isolated from each other by conventional methods. The structure shown
was derived from the analysis of the fragments obtained by the enzymatic
degradation of this complex with the cellulase of T. viride (xyloglucan),
and from the analysis of the insoluble polysaccharides obtained from the
controlled Smith degradation of this fraction (4-1,3-,1,4-glucan).

Figure 3 shows the structure of the hemicellulosic polysaccharides ob-
tained from the bran cell wall preparations. These structures were deduced
from the results of the methylation analysis of purified fractions (13). In
contrast to the endosperm cell wall, no $8-1,3-,1,4-glucan was obtained from

In Plant Cell Wall Polymers; Lewis, N., etal.;
ACS Symposium Series; American Chemical Society: Washington, DC, 1989.



PLANT CELL WALL POLYMERS

338

T "Jol ul paqlidssp
sj[nsa1 oY) wolj paonpap ‘() pue (q) ‘g1 ‘Joi woig () ‘[rem [[22 wisdsopusd
9011 9Y) Wolj paule)qo sapireyddesLjod oiso[n[[ed1uIay Jo 319N g N1y

Yu
I.ﬁ— )9519(1+1)-9219~(£+1)-9219-%(g+ 1)-9219-(£+1)-%219- (£ 1)-9219-(g¢1 Y&G-G+

(2UeNL6-p°L - 1-¢ (£)

fu 2u Ly
I..T-&G-A?:-QUG-C 1)-9219-(pe1)-9219- (= 1)-%19- (941 )-9219- (p¢1)-¢ 08-:;:- >19-(p+1)-9 uG-S
9 9 9
! ! *, H
91£x 91 4x 914x 9 Ax

8 uou<
— )= 1A= (pe—1)-9 1 Ax~(p :-a;x (v

9

_Q
_3

Aa:cu=pmo—>x (2)

So_i
Y _Q €7

|:-a_»x-$1_

Ao:a_»xo:os:u=—ooc_aegc pue

[ ::
0-4 _Q-:.

ue|Axoutqese ()

In Plant Cell Wall Polymers; Lewis, N., etal.;
ACS Symposium Series; American Chemical Society: Washington, DC, 1989.



24. SHIBUYA  Cell Wall Polymers from Different Parts of Rice 339

(1) arabinogalactoglucuronoxylan?)

-Xylp-(1p4)- Kylp-0 )-Xylo-(144)-Xy) -(f}-
2 3
1
1
R QR

R : G]cUAp—('l-» or 4—0—Me—G]cUAp—('I-»

R': periferal sugar inner chain sugar
residue residue
Araf—(l-» -‘2)—Araf—(1—*
14 1
Gal —(1-» »3)-Arag-(1-
1.5 0.5
Xylp-(1-’ -’5)—Araf—(1-»2

1

#2)—Xy]p—(1*5

(2) xy]og]ucana)

4 G?]p W
4

2
Xy1 Xy, Ga]
1P 1
»4)-G1cp—(1 4)- G]c o-(1 4) G]c -(1 )-Glc —(1

~

Figure 3. Structure of hemicellulosic polysaccharides obtained from rice
bran. (a) Deduced from the results of methylation analysis described in

ref. 13.
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the bran cell wall. This result agreed well with the results of the methyla-
tion analysis of whole cell wall preparations in which we could not detect
any significant amounts of 1,3-linked glucose residues. This is one of the
characteristic features of bran hemicelluloses. Again, the acidic arabinoxy-
lan was the main component of this preparation representing over 80% by
weight. However, methylation analysis of this arabinoxylan indicated a
difference in its detailed structure compared to the endospermic arabinoxy-
lan. For example, the bran arabinoxylan contained a significant amount
of doubly-branched xylose residues, but the endosperm arabinoxylan did
not. Also, the bran arabinoxylan seemed to contain somewhat longer, and
more complicated, side-chains than the endosperm arabinoxylan. This was
based upon methylation analysis which showed the presence of appreciable
amounts of inner chain arabinosyl residues together with terminal galacto-
syl and xylosyl residues of the bran preparation. Similar observations were
made for the arabinoxylans isolated from the beeswing bran of wheat (14).
Bran hemicellulose also contained xyloglucan as a minor component. It was
associated with the arabinoxylan and could not be isolated by conventional
methods. The xyloglucan-rich fraction was finally digested with a purified
arabinofuranosidase and an endoxylanase to remove contaminating arabi-
noxylan, and the resulting pure xyloglucan was subjected to methylation
analysis. Unfortunately, the structure of the xyloglucan so obtained (Fig-
ure 3) was not directly comparable with the structure of the endosperm
xyloglucan. This was because the structure in Figure 3 was deduced from
methylation analysis of the whole molecule, whereas the endosperm xy-
loglucan structure was based upon analysis of the fragments liberated by
cellulase digestion.

Detatled Structure of Side Chains of Bran Arabinozylan. In order to es-
tablish the chemical identity of the side-chains in the bran arabinoxylan, it
was subjected to mild acid hydrolysis to liberate oligosaccharides originally
attached to the xylan main chain through the acid-labile arabinofuranosyl
residue (15). A mixture of the oligosaccharides so obtained was reduced and
methylated to give the corresponding methylated oligosaccharide alditols.
An aliquot of this methylated oligosaccharide alditol mixture was directly
analyzed by GC-MS, and the remainder was hydrolyzed, reduced and acety-
lated. The products were analyzed by GC-MS. Chromatograms of the
methylated oligosaccharide alditols showed the presence of di- and trisac-
charides, in addition to monosaccharides which were mainly derived from
the non-reducing end of arabinofuranosyl residues (Figure 4). The struc-
ture of each oligosaccharide was determined by combining the information
obtained from their CI and EI mass spectra, and the linkage information
was obtained from the analysis of their hydrolyzed products. In this way,
the structure of the main peak in the trisaccharide region (peak 9 in Fig-
ure 4) was deduced as follows (Figure 5). From the pseudo-parent ion of this
peak (QM*— MeOH, m/z = 556), it is clear that the original trisaccharide
consists of one hexose and two pentose units. Also, from the fragment with
m/z = 219, 379 and 192, the order of their arrangement must be hexose,
pentose, pentose. Hence, the reducing end pentose must be substituted at
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Figure 4. Total ion chromatogram of the methylated mono/oligosaccharide
obtained by the partial acid hydrolysis of the bran arabinogalactoglu-
curonoxylan.
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347 « 379

Figure 5. Proposed structure of peak 9 in Figure 4 and its fragmentation
pattern. Deuterium at C-1 position was introduced during the reduction
step with sodium borodeuteride.
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the O-3 position, judging from the fragmentation at the reduced alditol
portion (m/z = 45, 46, 89 and 90). To further identify each sugar, and
also the mode of linkage, the information obtained from the hydrolyzed
products was used. Firstly, the only hexose with a non-reducing end in the
mixture of methylated oligosaccharide alditols was galactose; that is, the
first hexose unit must be galactose. In a similar way, the reducing end pen-
tose must be arabinose, because the only reducing end pentose substituted
at O-3 was arabinose. The pentose between these two sugar units should
be xylose, because the only inner chain pentose residues detected were 4-
linked and 2-linked xylose. At this point it is difficult to select any one of
these two possibilities. However, an empirical rule reported by Karkkainen
(16) was used to determine the linkage of this inner-chain xylose residue.
In this case, fragments derived from the so-called bcA fragmentation (m/z
= 379 and 347) was much more extensive than those derived from baA
fragmentation (m/z = 352 and 320), thus suggesting a 1,2- rather than a
1,4-linkage. Thus, the structure of this oligosaccharide is proposed as the
trisaccharide, Gal,1,2Xyl;1,3Ara;.

Based upon these studies, Table III summarizes the partially deduced
structure of the mono-, di-, and trisaccharides, obtained by the partial
degradation of the original arabinoxylan. These structures may not be
completely accurate, because of some uncertainty in the theory used to
speculate the mode of linkage. Consequently, each one needs to be isolated
to unambiguously verify its structure. These results do, however, provide
some indication of the complicated structure of the side-chains of bran
arabinoxylan.

Table III. Possible Structure of Oligosaccharides Obtained by the Partial
Acid Hydrolysis of Rice Bran Arabinogalactoglucuronoxylan

Oligosaccharides™ Proposed Structure**

Pentose (Mainly Ara)

Hexose (Gal)

Pen-Pen (Xyl-1, 3-Ara)

Pen-Pen (Xyl-1, 4-Ara)

Pen-Pen (Xyl-1, 2-Ara)

Hex-Pen (Gal-1, 2-Ara)

Hex-Pen

Hex-Pen

Hex-Pen-Pen (Gal-1, 2-Xyl-1, 2-Ara)
Pen-Hex-Pen (Xyl-1, 3-Gal-1, 5-Ara)

D00~ DO W

* See Figure 4.
** Pen = pentose; Hex = hexose.
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Concluding Remarks

The changes associated with the thickening of the cell walls in rice grain are
summarized as follows: (1) a decrease or shutdown of the synthesis of pectic
substances and f-1,3-,1,4-glucan; (2) initiation of lignin formation; and (3)
synthesis or activation of the glycosyl transferases responsible for the elon-
gation of the side chains of the arabinoxylan. Thus, the results described
in this article give an example of how cell wall polymers change with differ-
entiation of plant tissues, although an understanding of the physiological
meaning of these changes requires further studies.
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Chapter 25

Cell Wall Alterations and Antimicrobial Defense
in Perennial Plants

R. B. Pearce

Oxford Forestry Institute, Departmment of Plant Sciences, University
of Oxford, South Parks Road, Oxford OX1 3RB, England

Cell wall alterations, especially suberization responses,
appear particularly important as disease resistance mech-
anisms in the perennial tissues of plants. Antimicro-
bial defence in such tissues may entail the durable op-
eration of resistance mechanisms during prolonged host-
parasite interactions: wall alterations are well suited to
this requirement. In the bark of many trees, the suber-
ized phellem forms a constitutive barrier to invasion, and
suberization is an early and important part of the wound
and defence responses restoring an intact periderm sur-
face. This is exemplified by the response of Sitka spruce
to attack by Armallaria obscura. Induced suberization
responses also occur in sapwood, conferring enhanced re-
sistance to degradation by decay fungi and contributing
to the formation of barriers which limit the spread of
pathogens in the living tree.

Antimicrobial defence in plants has been studied most extensively in an-
nual, herbaceous species, a category including the majority of important
agricultural crop plants. A range of different disease resistance mecha-
nisms have been described for such plants, including both constitutive and
induced antimicrobial compounds and cell wall alterations (1,2). As the
global emphasis in wood production, for timber, pulp, fuel and chemical
products, shifts from the harvesting of natural or semi-natural forests to
production in increasingly intensively managed plantations, the pathology
of these woody perennials is attaining increasing importance. The adop-
tion of such practices as the creation of highly uniform (physically and
genetically) monoculture stands is likely to increase the potential for the
development of disease epidemics, as commonly occur in agricultural crops
(3,4). In consequence increased attention has been given to disease re-
sistance in woody species. Although our understanding of resistance in
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these woody perennials still lags behind that in annual plants, significant
advances have been made during the past fifteen years. Sufficient studies
have been carried out to indicate that the major defence mechanisms re-
ported from herbaceous species occur also in woody plants. However, in
the more extensively developed secondary tissues of these plants defence
mechanisms may be organized to form clearly defined barriers (5). This
chapter will concentrate on these structural barriers, which appear partic-
ularly important in the containment of pathogens or potential pathogens
within these secondary tissues.

Requirements for Defence in Perennial Plant Tissues

In annual plants the duration of the host-pathogen interaction is gener-
ally relatively brief; in perennial plants, however, these interactions may
continue for greatly extended periods in the long-lived secondary tissues.
Such long-term infections include perennial cankers and wood decaying
pathogens, including many of the important root- and butt-rotting for-
est pathogens such as Armillaria spp. and Helerobasidion annosum. These
perennial pathogens colonize (and frequently kill) a volume of host tissue,
which provides a food base that can sustain the fungus during a prolonged
interaction with the living tissues of the host. In the case of Armillariaspp.
nutrients mobilized from one infected host may be translocated along rhi-
zomorphs, supporting their growth and the infection process where they en-
counter a new potential host (6). In both perennial cankers and pathogenic
wood decays there is an internal interface between the living host and the
pathogen at the lesion margin. The advance of the pathogen at these in-
terfaces is typically very slow.

Defences effective in limiting pathogen advance under these circum-
stances must be capable of maintaining their function for an extended time.
Although this requirement for durability does not preclude the involvement
of chemical defences, structural defence mechanisms are particularly well
suited to the protection of the host under these circumstances. Whilst an-
timicrobial chemicals may be labile or diffusible, structural defences, com-
prising either wall alterations to pre-existing cells or tissues formed de novo
by renewed cell division, are much more stable. Such barriers can protect
the underlying tissues indefinitely against microorganisms lacking a specific
ability to penetrate or circumvent them. Structural defences, particularly
those requiring the production of new tissues by the plant may take some
time to form (5,7-9). Antimicrobial compounds may be important during
the initial stages of the host-parasite interaction, before barrier development
has occurred, or may occur concomitantly with cell wall alterations. In
Sitka spruce (Picea sitchensis) the antifungal stilbenes astringenin and iso-
rhapontigenin accumulate around bark wounds inoculated with potentially
pathogenic fungi. These are released on infection from the corresponding
stilbene glucosides astringin and rhaponticin which are constitutive in the
bark tissues, and provide a rapid response to infection that may inhibit po-
tential pathogens until more durable structural barriers have been formed

(10).
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Structural Defence Mechanisms in Plants

Structures interpretable as having a defensive role may be either normal
features of the plant, or their formation may be induced as a result of
microbial challenge or wounding. In the case of induced structural defences
the responses may comprise either changes in pre-existing cells, or may
result in the formation of specific barrier tissues de novo by renewed or
modified cell division. Occasionally non-cellular structural defences may
operate. The resin flow that accompanies wounding or infection in many
coniferous trees may act as a mechanical barrier, hardening to form an
amorphous varnish impenetrable to fungal invasion (11). More commonly,
however, structural defences are effected by cell wall alterations. These
include lignification (12-14), suberization (14,15), callose deposition (16),
and silicification (17,18).

Such wall alterations may operate in several ways. Probably the most
obvious and widely suggested mechanism is by physical blockage of the
pathogen. For a barrier to prevent the advance of a pathogen, it must be
more resistant to the cell wall-degrading enzymes of the pathogen than un-
modified walls. Such enhanced resistance to degradation has been demon-
strated both for lignified papillae and halos in wheat leaf epidermal cells
(19) and for suberized barriers in oak xylem (15). Alternatively, structural
responses of a plant could establish a permeability barrier, isolating the
pathogen from the living tissues of its host. Such a permeability barrier
could protect healthy cells from fungal toxins or enzymes, it could reduce
the rate of diffusion of host antifungal compounds from the infection court,
perhaps enhancing the efficacy of these chemical defences, or it could reduce
the flow of nutrients or water to the pathogen (20). A test for tissue per-
meability to ions, using ferric chloride and potassium ferricyanide, termed
the F-F test (21), has demonstrated the impermeability of suberized bar-
rier tissues at lesion margins in the bark of various woody species (7, 14),
although initially the suberization of these impervious tissues was not rec-
ognized (7). In addition, the processes leading to the formation of structural
barriers may have a direct effect on the pathogen itself, either as a result
of chemical inhibition by non-polymerized monomers of the wall-modifying
material, or by deposition of this material onto the wall of the pathogen,
with consequent interference with its growth (22).

Lignification responses have been implicated in disease resistance in
perennial plants. In the leaves of oak species a lignified papilla response
appears to be important in the resistance of older leaves to oak mildew,
Microsphaera alphitoides (23). Leaves of a deciduous tree are, however,
ephemeral organs, comparable to those of herbaceous species. As discussed
in this paper, suberization of cell walls (sometimes accompanied by lignifi-
cation also) is perhaps more typical of the barriers found in the secondary
tissues of woody (8,14) and herbaceous (24) plants. Suberin, although still
imperfectly characterized, is predominantly a polyester composed of long
chain (C13—Cgsp) hydroxy- and hydroxyepoxy-fatty acids. Lignin-like aro-
matic domains may also be associated with this polymer (25). It therefore
differs markedly from the aromatic and carbohydrate polymers that com-

In Plant Cell Wall Polymers; Lewis, N., etal.;
ACS Symposium Series; American Chemical Society: Washington, DC, 1989.



25. PEARCE  Cell Wall Alterations & Antimicrobial Defense 349

prise the bulk of the secondary plant tissues. Also, because of its hydropho-
bic properties it is highly effective as a permeability barrier to water. As
water content has been implicated in the environmental exclusion of many
wood-inhabiting fungi from the living secondary xylem (sapwood) of trees
(26-28), this may be particularly significant in the protection of these tis-
sues. While suberin can be degraded by some fungi, including Armillaria
sp. (29) and Rosellinia desmazieresii (30), the rates of breakdown were not
high.

Constitutive Structural Defences

Although many structural features of a plant, such as form and arrangement
of stomata, can be interpreted in terms of defence (31), only the secondary
surface will be considered in detail here. This comprises a periderm, or
series of sequent periderms forming a rhytidome. Periderms are sites of
cambial activity, suberized phellem cells being produced externally by the
phellogen. The thickness of phellem accumulating varies greatly between
species.

Few pathogens are capable of penetrating the intact periderm surface
of woody plants. Most, if not all, of the fungi that infect by this route
(rather than by bypassing the surface barrier, infecting vie wounds and
natural discontinuities in the periderm) do so from established infections on
a neighboring food base, permitting a prolonged attack. Commonly (e.g.,
with Armillaria spp., Rosellinia spp.) penetration is effected by mycelial
aggregations, supported metabolically by mycelial cords or rhizomorphs
(30,32,33). Without this capacity to mount a prolonged attack, in which
both mechanical and enzymic activity may be involved, potential pathogens
appear unable to overcome the periderm barrier. Perhaps because of its
ubiquity, there have been few detailed studies of the role of surface perid-
erms in defence: commonly the protection provided is assumed (e.g., 34),
and is attributed to the resistance of the phellem cells to degradation. Peri-
derm (or rhytidome) surfaces of some tree species persist without erosion
for long periods, surface features remaining visible for several decades at
least (35). The suberized phellem cells comprising an important component
of these tissues are non-living and incapable of any active repair, but are
clearly more durable than other plant tissues.

In certain instances, however, factors other than the cell wall poly-
mers of the phellem may be important in the protection provided by the
secondary surface. Rosellinia desmazieresii inoculated in a food base onto
the underground stems of a resistant Saliz repens hybrid (S. x Friesiana)
exhibited greatly reduced epiphytic growth and cord formation compared
with inoculations onto susceptible S. repens itself. Attempted penetration
was not observed on the resistant hybrid (30). This behaviour suggests
that diffusible chemical inhibitors at the stem surface may be important in
resistance to this pathogen, which has a demonstrated ability to degrade
suberin and penetrate the surface periderm (30).

Although in an unwounded, healthy, plant periderms are normally su-
perficial, interxylary cork has been reported from at least 40 species of di-
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cotyledonous plants (36). These interxylary periderms are associated with
the fission of perennating axes and the dying back of annual organs such
as aerial shoots. In Epilobium angustifolium an interxylary periderm is
formed each year over the surface of the xylem connected with the previous
year’s aerial shoots. The older, redundant, vascular tissue is thus walled off
from the functional tissues of the plant, which are then protected by both
inner and outer suberized barriers. It has been suggested that such internal
periderms may be important in affording protection against the ingress of
microorganisms associated with the dying down of the annual aerial shoots
(87), a function in accordance with the habit of many of the species from
which they have been recorded.

Defence in Bark Tissues

Should the barrier presented by the secondary plant surface be breached,
defence mechanisms may operate in the bark (i.e., secondary cortex and
phloem) of woody plants, limiting pathogen development. These include
chemical defences and structural barriers resulting from cell wall alterations
(5). Both probably act in concert, although in a non-woody plant (carrot)
it has been concluded that the importance of cell wall alterations was sec-
ondary to that of chemical defence (24). Only the cell wall alterations
involved in defence will be considered further here.

Cell Wall Alterations in the Bark of Gymnosperms. Non-specific defence
responses to wounding, insect and fungal attack in the bark of conifers,
leading to a restoration of the periderm surface, have been described. In
essence, necrophylactic (wound) periderms are formed continuous with the
normal structural surface periderm, walling off the lesion and effectively
excluding it from the plant (7). Prior to the development of this periderm
by dedifferentiation and renewed division of cells in the bark surrounding
the lesion, cell wall alterations take place in pre-existing tissues bordering
the lesion. Prominent among these alterations is the formation of an im-
pervious zone immediately overlying the site of periderm restoration. This
was initially described as non-suberized impervious tissue (NIT) (7). In a
more recent study of defence responses following wounding and artificial
inoculation of Picea sifchensis root bark with the weakly pathogenic butt
rot fungus Phaeolus schweinitzii, use of improved histochemical techniques
demonstrated that suberization of cell walls occurred in these tissues (9).
Cell walls in the necrotic tissue of these wounds were browned. Stain-
ing with diazotized o-tolidine and toluidine blue confirmed the polypheno-
lic nature of these brown depositions, which may have resulted from the
polymerization of the stilbenes present in large quantities in spruce bark.
Phenolic residues were deposited on the walls of certain cells internal to
the necrotic tissues by 10 days after wounding. By 36 days these cells had
become thick-walled. The precise nature of substances responsible for this
thickening has not been determined, variable responses being obtained with
histochemical tests for lignin (cf. Table I). Suberin was detectable in cells
immediately underlying the thick walled cells, which corresponded to the
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(“non-") suberized impervious tissue, and in the thin walled phellem cells
formed later by the developing necrophylactic periderm (9). These bark
responses are illustrated diagrammatically in Figure 1.

Table I. Histochemical responses of cell walls associated with the necro-
phylactic periderm response in Picea siichensis challenged with
Armillaria obscura

Wall Stain® Reaction in Tissues
Polymer

Healthy Necro-  Thick Necrotic
Bark phylactic Walled Tissues
Parenchyma Phellem Tissue

Pectic Ruthenium
Materials red + - + +
Cellulose Zinc-chlor-
iodine + - - -
Toluidine
blue + - - -
Callose Resorcinol
blue + - - -
(locally)
Lignin/ Zinc-chlor-
Wall-bound iodine - - + +
phenolics Toluidine
blue - + + +
Phloroglu-
cinol-HCl - + + -
Maule test - - - -
Lignin pink - - - +
Suberin Sudan IV - + - -

¢ Specimen preparation and staining methods as described previously

(15).

Essentially identical processes occur in unwounded spruce bark, chal-
lenged by, and resisting successfully, at least in the short term, the root- and
butt-rot pathogen Armillaria obscura (Secretan) Herink. At rhizomorph
contact and attempted infection sites on the bark of buttress roots of ¢
60-year-old trees of Picea sitchensis (Bong.) Carr., penetration of the sur-
face periderm had occurred. Small (¢ 10 mm. diameter) necrotic regions
resulted, confined to superficial bark tissues only. Mechanical attachment
of these lesions (which had been initiated some time previously so that host
responses to the challenge were essentially complete) was weak, and they
were readily detached from the roots as bark scales. Cleavage occurred
in the plane of a necrophylactic periderm, formed at the margin between
tissue colonized by A. obscura and the healthy bark (Figure 2). Cell wall
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Figure 1. Structural responses of the bark of Picea sitchensis to wound-
ing and inoculation with Phaeolus schweinitzii. IW, inoculated wound; SP,
surface periderm; NT, necrotic tissue; TC, thickened cells; SIT, relic of
suberized impervious tissue; NP, necrophylactic periderm; P, phloem; VC,

vascular cambium.
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alterations, identical to those associated with artificial wounds (9) were
detectable in and around the lesion using a range of histochemical tests
(Table I).

The underlying healthy bark was separated from the fungally colonized
tissues by a necrophylactic periderm, essentially similar to the normal root
surface periderm. This comprised layers of thin walled, suberized phellem
cells and thick walled cells staining positively with the phloroglucinol-
HCI reagent. Qutside the outermost phellem cells there existed a single
layer of irregular suberized cells, corresponding to the cells forming the
suberized impervious tissue prior to phellogen formation. The thickened,
phloroglucinol-positive cells between these and the necrotic tissue were not
suberized. Fungal hyphae were visible in these cells (Figure 3), indicating
that this wall thickening did not itself pose a major impediment to the
growth of the fungus, and were present also in the necrotic tissues, from
which evidence of wall-bound phenolic compounds was also obtained. No
hyphae were seen, however, in the suberized tissues, suggesting that these
were crucial to the effectiveness of this barrier response.

Cell Wall Alterations in the Bark of Woody Angiosperms. Responses to
wounding and infection closely similar to those found in Gymnosperms oc-
cur also in the bark of Angiosperms. These responses have been described in
detail from a number of woody species (8, 14,38, 39) and appear essentially
similar in all. Formation of a suberized impervious tissue in undamaged
tissues beneath the lesion is followed by the restoration of the plant surface
by development of a necrophylactic periderm. Where a rapidly spreading
lesion results from poplar infections by Cytospora chrysosperma, there may
be colonization of the host bark tissues without expression of these defensive
responses. However, when slowly extending perennial cankers are formed
by this pathogen a necrophylactic periderm is produced by the plant, and
advance of the fungus appears to take place only where there are disconti-
nuities in this barrier, e.g., where it is traversed by bundles of phloem fibres

(38).

Responses in Non-woody Perennial Plants. Although pathogens capable of
mounting a prolonged attack from a colonized food base are less usual on
non-woody species, such attacks can sometimes occur. In these instances
periderm restoration responses comparable to those described from woody
plants may operate to restrict pathogen ingress. This may be exemplified by
the response of horseradish, Armoracia rusticana Gaertin, May & Scherb.
to attack by an Armillaria species (probably A. dulbosa (Barla), Kile and
Watling). Although not an important pathogen of this plant, Armillaria
rhizomorphs may attempt to penetrate and colonize its large, fleshy roots.

Sections of infected roots show colonized, necrotic tissues bounded by
suberized phellem cells. Penetration of these necrophylactic periderms was
effected by rhizomorph-like aggregations of hyphae (Figure 4). Cells in the
necrotic zone stained green with toluidine blue and gave a positive response
with the phloroglucinol-HCI reagent, but did not color with the Maule test,
suggesting the presence of cell-wall bound phenolics in these tissues, al-
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Figure 2. Necrophylactic periderm in the bark of Picea sitchensis following
attempted infection by Armillaria obscura. Bark sectioned and stained with
Sudan IV, after extraction with chlorine dioxide to remove aromatic com-
pounds, essentially as previously described (15). NT, necrotic tissue; TC,
thickened cells; SIT, relic of suberized impervious tissue; NP, necrophylactic
periderm. Scale bar = 25 um.

Figure 3. Hyphae (arrowed) of Armillaria obscura in thick walled cells (TC)
overlying the necrophylactic periderm (NP) in Picea sitchensis. Bark sec-
tioned and stained with toluidine blue as previously described (15). Scale
bar = 25 pym.
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though lignin formation itself may not have occurred. Hyphae were present
in these necrotic tissues but none were seen penetrating the suberized cells.
Although the role of chemical defences in this interaction was not exam-
ined (cf. 24), it would appear that the suberized periderm barriers produced
in response to infection posed a more effective defence against Armillaria
than the wall-bound phenolics of the necrotic tissues. The periderms were,
however, repeatedly breached by the aggregated mycelium of the fungus,
resulting in a complex lesion containing many defeated periderm barriers
extending into the root xylem.

Defence in Living Wood

The sapwood of a living tree, comprising the xylem tissues functional in
transport and storage, contains living cells and is capable of active responses
to infection. In contrast the heartwood (in those species that form it) is
non-living and incapable of further metabolic activity. Active defensive re-
sponses are thus impossible in heartwood, although antifungal compounds
or cell wall alterations laid down when the wood was still living may con-
tinue to function. Indeed there are striking similarities between many of
the defences induced in sapwood by fungal attack and the changes occur-
ring during heartwood formation, suggesting that these processes may be
related (5). Both antimicrobial chemical defences (40) and cell wall alter-
ations have been reported from xylem of woody plants. As with defences
in the bark, only cell wall alterations will be discussed. Two types of bar-
rier can be identified—those comprising specialized tissues formed de novo
in response to wounding and infection, and those formed in pre-existing
xylem.

Tissue Barriers Formed de novo. Many woody perennials respond to
wounds resulting in cambial damage, and concomitant fungal infection of
underlying xylem, by the production of a distinctive barrier tissue. This
barrier, which has been termed the compartmentalization wall 4 (41), com-
prises a sheet of traumatic axial parenchyma cells, formed by the cambium
in the vicinity of the wound, and laid down as the first xylem tissue pro-
duced after wounding (15,42). In conifers this parenchyma is commonly
accompanied by resin ducts (43). In most, but not all, species so far exam-
ined the parenchyma cells of the wall 4 barrier zone are suberized, at least
where they overlie fungally colonized wood (5, Pearce, R.B., unpublished
data). Evidence has been obtained from oak (Quercus robur) to suggest
that the suberization response of these tissues, but not necessarily their
formation by the cambium, is fungally elicited (5).

Suberization of these cells renders them resistant to degradation by
wood decaying fungi. Sections through the compartmentalization wall 4
barrier region in Q. robur, incubated for several weeks with the wood decay
pathogen Stereum gausapatum, were extensively degraded by the fungus,
except for the suberized cells which remained essentially intact (15). Suber-
ized xylem cells are clearly able to resist degradation by wood decay fungi
for prolonged periods: the relics of suberized cells and tyloses, formed as a
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normal heartwood component in Q. robur (44), remained in wood otherwise
more or less totally decayed by natural infection with the white-rot fungus
Ganoderma adspersum (Figure 5).

In some species, however, e.g. ash, Frazinus ezcelsior, cells of the trau-
matic axial parenchyma of the compartmentalization wall 4 may show no
evidence of cell wall alterations, yet appear to act normally as a functional
barrier to decay (Pearce, R.B., unpublished data). It is to be presumed that
the spread of decay fungi is arrested either by chemical defences or by en-
vironmental constraints (cf. 26-28) in such species. Clearly, a contribution
may be made by these defences in suberizing species also: phytoalexin-like
antifungal compounds have been detected in association with a suberized
wall 4 barrier in Acer saccharinum (42). More work will be required to elu-
cidate the long-term effectiveness of the various mechanisms maintaining
the function of these barrier walls.

Cell Wall Alterations in Pre-ezisting Xylem. Where xylem colonizing fungi
interface with pre-existing sapwood, responses of the living parenchyma
cells can result in the formation of a reaction zone (45-47). Reaction zones
present a less well defined barrier to infection than the compartmental-
ization wall 4 and have been envisaged as a dynamic response, healthy
sapwood being converted to reaction zone tissue ahead of the advancing
fungus (45,47). Evidence has recently been obtained that this is not a con-
tinuous process, but that reaction zones act as static boundaries to decay,
which advance discontinuously within the tree, periods of rapid fungal ad-
vance eliciting little or no host response being followed by periods of stasis,
accompanied by the formation of clearly defined reaction zones (5, Pearce,
R.B., unpublished data).

The accumulation of phytoalexin-like antifungal compounds commonly
occurs in reaction zone tissues (40,42), and brown deposits, giving staining
responses positive for phenolic compounds, are frequently present in cells
in this region. Vessels may be occluded by these deposits (gummosis) or
by the formation of tyloses, balloon-like outgrowths from the walls of ves-
sel parenchyma cells (5). Cell wall suberization responses commonly occur
in reaction zones (5,48), although they are not always present, even in
species having a demonstrable suberization response in the wall 4 barrier,
e.g. Acer saccharinum (42). Tyloses are usually suberized (44,49, Pearce,
R.B., unpublished data). In those species in which abundant tylosis for-
mation occurred in reaction zones, suberization of xylem parenchyma cells,
including the ray parenchyma, was normally observed. In species in which
vessel occlusion was predominantly by gummosis, suberization responses
were often lacking (Pearce, R.B., unpublished data).

Unlike the compartmentalization wall 4, the suberized tissues in re-
action zones do not form a continuous barrier, potentially impregnable by
pathogens incapable of degrading suberized walls. However, suberized ty-
loses and parenchyma cell walls block the easiest routes of fungal spread
in the xylem—axially along vessels and radially in the rays (50)—and may
thus greatly hinder fungal spread. Undoubtedly these cell wall alterations
normally act in concert with other defences—antifungal compounds and/or
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Figure 4. Penetration of necrophylactic periderms (NP) in the root of Ar-
moracia rusticana by rhizomorph-like aggregations of hyphae (R). Scale bar
= 100 pm.

Figure 5. Heartwood of Quercus robur with advanced decay caused by Gan-
oderma adspersum. Although the wood has been extensively degraded,
suberized tyloses and vessel linings remain recognizable. Wood sectioned
and stained with Sudan IV as previously described (15). Scale bar = 100
pm.
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environmental constraints on pathogen growth (as with the wall 4 barrier
also). Where cell wall alterations are not detectable it is to be presumed
that adequate protection is afforded by these alternative mechanisms.

Concluding Discussion

A common requirement for the successful protection of perennial plants
against many of their pathogens is for defence to be durable. Secondary
tissues may persist for decades or centuries, and pathogens supported by
a substantial food base may be capable of mounting a prolonged assault
on the potential host. Cell wall alterations, comprising either the depo-
sition of new material on pre-existing cell walls, or the formation of new
tissues with atypical or specialized cell walls, have been implicated as de-
fence mechanisms in a wide range of circumstances in perennial plants. A
role in antimicrobial defence can be ascribed to the suberized phellem form-
ing the surface of the secondary tissues of such plants. Internal periderms
which may have a defensive function occur in some species also. Wound-
ing or infection of cortical and phloem (bark) tissues normally results in
a sequence of cell wall alterations, commencing with changes to walls of
pre-existing cells, and culminating with the restoration of the intact plant
surface by means of the formation of a necrophylactic periderm. Wounds
to the cambium and xylem result in the production of a traumatic barrier
tissue, often with suberized walls, which prevents damage to the vital cam-
bium and the youngest, metabolically most important, secondary tissues
by pathogens becoming established in the exposed xylem. Suberization re-
sponses also often occur in the reaction zone margins of infection and decay
in living wood.

As defence mechanisms in plants commonly act in concert, it would be
wrong to ascribe a primary role to these various wall alterations without
additional investigation: in virtually all cases evidence for the concomitant
operation of chemical defences is also available. However, cell wall alter-
ations are particularly well suited to long term defence, providing stable and
durable barriers that are not dependant on the continuing metabolic activ-
ity of living cells to maintain them, and which are not subject to chemical
instability or leaching.

In the cell wall alterations discussed suberization has played a promi-
nent role. This is probably not coincidental. Both carbohydrate poly-
mers and lignin are abundant in the secondary tissues of perennial plants,
especially woody species. Pathogens adapted to inhabit this highly lig-
nified environment are likely to possess effective enzyme systems for the
metabolism of this phenolic polymer, which is therefore unlikely to present
a serious impediment to these fungi. This is in marked contrast to the
pathogens of primary plant tissues (leaves, etc.) in which lignin is not
abundantly present, against which cell wall lignification may present an ef-
fective defence (51). Indeed, fungal colonization of cells with walls altered
by lignification (or at least deposition of wall-bound phenolics) was seen in
most of the interactions discussed here. The predominantly aliphatic poly-
mer suberin is not a primary constituent of these secondary tissues and is
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thus likely (as has been demonstrated) to present more of an impediment
to such pathogens. Also, if as has been suggested (26-28), the maintenance
of an appropriate moisture content in functional sapwood is important in
limiting fungal colonization, suberin may provide the necessary permeabil-
ity barrier to maintain this and minimize the extent of disruption to xylem
transport resulting from wounding or microbial infection.
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Chapter 26

Infection-Induced Lignification in Wheat

J. P. Ride, M. S. Barber, and R. E. Bertram

School of Biological Sciences, University of Birmingham, P.O. Box 363,
Birmingham B15 2TT, England

Lignification occurs rapidly in wheat leaves in response
to challenge by filamentous fungi. The response con-
fers on the plant cell walls a high degree of resistance
to degradation by plant-pathogenic fungi and may thus
be important in disease resistance. Physical or chemical
stresses which induce defence mechanisms in other plants
do not generally elicit lignification in wheat; the response
appears to be specific to filamentous fungi. Chitin, a key
component of the cell walls of many fungi, has been iden-
tified as one elicitor of the response. The insolubility of
this polymer suggests that soluble fragments are released
by plant enzymes and then diffuse to the cells that re-
spond. Chitin oligosaccharides (DP > 3) that elicit lig-
nification have been identified and a model is proposed
for the release, degradation and binding of these signal
molecules in infected plants.

Cell wall alterations are now recognized as a common response of higher
plants to attempted invasion by fungi. Many of the cell wall modifications
may have a role to play in disease resistance. This is particularly true of
lignification, which in relation to disease resistance has in the past been
thought of as mainly a wound response, sealing off infected areas but not
acting as a main line defence. However, the frequent rapidity of induced
lignification, together with the high resistance it confers to microbial degra-
dation, is leading to its acceptance as an important defensive response—one
which may act alone or in concert with other mechanisms, such as phy-
toalexin production, to provide substantial resistance to fungal penetration
(1-3).
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Lignification as a Defence Mechanism in Wounded Wheat Leaves

The inoculation of wounds on wheat leaves with non-pathogenic fungi
(i.e., pathogens of other plant species), such as Botrytis cinerea or My-
cosphaerella pinodes, results in limitation of fungal growth to the wounds,
despite heavy growth within the wounded tissue itself (4). This limitation
is associated with cell wall alterations at the wound margins, giving a com-
plete ring of tissue resistant to cell wall degrading enzymes being produced
within 18 to 24 h after inoculation (4). Wounding alone does not induce
such a response.

Histochemistry (4,5), autoradiography following precursor feeding (6),
lignin thioglycolate extraction (5), ionization difference spectra following
alkali extraction (4) and nitrobenzene oxidation products (4) all indicate
the presence of lignin at the infected wound margins. Changes in the differ-
ence spectra, in the ratio of nitrobenzene oxidation products and in some
histochemical reactions also indicate that the induced polymer is different
from the polymer found in healthy leaves (4); in particular, the ratio of
syringyl to guaiacyl moieties is increased.

The chemical and physical evidence for the presence of lignin in
the material deposited at wound margins is supported by biochemi-
cal studies on the enzymes involved in phenylpropanoid metabolism.
Thus, the extractable activities of phenylalanine ammonia-lyase, tyrosine
ammonia-lyase, cinnamate-4-hydroxylase, caffeic acid O-methyltransferase,
5-hydroxyferulic acid O-methyltransferase, hydroxycinnamate:CoA ligase
(4-coumarate ligase) and peroxidase all increase substantially following in-
oculation of wounds with Botrytis cinerea (7-9). Autoradiography following
administration of labelled phenylalanine, cinnamate or sinapate indicates
that the rapid induction of lignin deposition by fungi results in lignification
not only of the cell walls but of all the cell contents, particularly in the cells
undergoing the most prominent reaction at the very edge of the wound
(6). Presumably the normal control mechanisms that prevent polymerisa-
tion of the monomers before they are exported to the wall are in some way
defective in these rapidly degenerating cells.

The importance of lignification as a general resistance mechanism
against fungi is supported by the rapidity of the response to non-pathogenic
fungi (4), the slower rate of lignification in response to pathogenic Septoria
(4), Fusarium, and Penicillium (10) species and the pronounced resistance
to cell wall degrading enzymes that the response confers on the host tissue.
Also, treatments which induce the response, such as non-pathogenic fungi
or the fungal polysaccharide chitin, provide significant protection against
subsequent inoculation with pathogens. Conversely, treatments such as cy-
cloheximide or UV light which inhibit the response have been shown to
make plants highly susceptible to many fungi—although it is plainly possi-
ble that many other unknown mechanisms may be also inhibited by these
treatments (10).
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Lignification as a Defence Mechanism in Unwounded Wheat
Leaves

Small quantities of lignin are deposited in unwounded wheat leaves when
challenged by fungi. Attempted invasion of the epidermal cells of many
plants, but particularly members of the Gramineae, results in the rapid
formation of minute wall-like deposits called papillae, often accompanied
by a modification to the adjacent epidermal wall called a halo (11). We
have shown that in wheat these structures contain small, but probably sig-
nificant, amounts of lignin (12) and that this confers on the structures a
substantial degree of resistance to fungal degradation in vitro. Pathogens
of wheat are no more capable of degrading the structures than fungi non-
pathogenic on wheat (13). The success of pathogens is apparently depen-
dent upon a slower response by the host.

Some pathogens, such as the stem rust pathogen Puccinia graminis
f.sp. tritici, do not attempt to enter leaves via epidermal cells but instead
use the natural openings provided by stomata. The reaction of resistant
wheat varieties usually involves a “hypersensitive” response, where the in-
vaded mesophyll cells undergo a rapid deterioration. Here again lignifica-
tion has a potential significance (14). Fluorescence microscopy, histochem-
istry, and autoradiography all indicated that lignification occurred during
the necrosis of the cells undergoing the hypersensitive response in near-
isogenic wheat lines carrying the Sr5 or Sr6 (at 19°C) alleles for resistance
to P. graminis f.sp. tritici. Lignification was not observed in the suscepti-
ble interactions between the fungus and the parent cultivar Marquis (Sr5,
Sr6), or the Sr6 line when tested at 26°C (14).

Specificity of Induction of Lignification in Wounded Wheat Leaves

Lignification is one of many defensive responses that plants employ to
counter potentially pathogenic fungi. Phytoalexin accumulation has re-
ceived much attention and it is evident that this response is not restricted
to occasions of fungal attack, but can usually be activated by a whole
range of other stressful abiotic treatments, e.g., UV light, heavy metal salts,
antimetabolites, oxidizing and reducing agents, physical damage, etc. (15).
Phytoalexin production could therefore be viewed as a response to general-
ized damage to the plant, rather than a specific response to fungal invasion.
By contrast, the induction of lignification in wheat appears to be highly spe-
cific to filamentous fungi (16). Thus, a range of abiotic treatments reported
to induce phytoalexin accumulation in various plants failed to induce ligni-
fication in primary wheat leaves. Filamentous fungi were, however, usually
potent inducers with yeasts and bacteria being less active (16).

Elicitors of Lignification

The high specificity of induced lignification in wheat for filamentous fungi
leads immediately to speculation as to the nature of the signals involved in
the general recognition of fungi by wheat. Microbial molecules that trigger
plant defence responses are usually termed “elicitors” (17).
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In order to study elicitors of lignification in wheat leaves, a quantitative
assay for induced lignification has recently been developed (5). The method
involves locating lignin by staining leaves with p-nitrobenzene diazonium
tetrafluoroborate after removal of soluble and wall-esterified phenolics by
pre-extraction in ethanol and alkali. The local intensity of lignin is then
determined by scanning the leaves with a gel-scanning densitometer. The
method gives results which correlate well with those based on extraction
with thioglycolic acid, but has the advantage that additional information
on the location of the induced lignin is obtained.

Using this assay, a range of fungal and plant products has been screened
for lignification-eliciting activity, including a number that were known elic-
itors of defence reactions in other plants (5). The majority of treatments
were inactive. The major elicitors identified were chitin, chitosan, a com-
mercial “cellulase” and “pectinase” of fungal origin, and a partial hy-
drolysate of the cell wall glucan of the fungus Phytophthora megasperma
f.sp. glycinea containing oligo-B-glucosides with a degree of polymerisation
(DP) of 10-13. The “cellulase” was the most active and its activity was
retained after heat-inactivation.

Chitin as an Elicitor of Lignification

Although chitin, a 8(1-4)-linked polymer of N-acetyl-D-glucosamine, was
not the most active elicitor discovered, its widespread occurrence in fungi
as a core component of the cell wall and its predominance at hyphal tips
encouraged us to examine its elicitor activity in more detail. Although
chitosan was also elicitor-active, its activity was thought to depend on the
acetylated regions of the polysaccharide since fully deacetylated chitosan
had negligible activity (5). Chitin is highly insoluble in water and in the
inoculation procedure used it was unlikely to come into direct contact with
the cells that lignify. It was therefore postulated that plant enzymes, pre-
sumably chitinases, release soluble fragments that are the signals that pass
from pathogen to host.

To investigate this possibility, chitin oligosaccharides were first pre-
pared by acid hydrolysis of chitin and separation of the products by HPLC
(18). For comparison, the deacetylated counterparts were also prepared by
lon-exchange chromatography of acid hydrolysates of chitosan. Tests on the
prepared oligomers indicated that a minimum degree of polymerisation of
4 was necessary for elicitor activity, and that the presence of acetyl groups
was essential since the deacetylated tetramer was inactive (18). Wheat leaf
tissue has now been shown to contain several chitinases, all of which are
endo in action and are capable of releasing the elicitor-active tetramer, and
higher oligomers, from chitin (Ride & Barber, unpublished data).

The amount of chitin tetramer required to elicit the response, when
administered as a single dose, was relatively high. One explanation for
this phenomenon was that chitin oligomers are unstable in wheat leaf tis-
sue, and that administration as a single dose did not properly mimic the
low, but continual, levels that would be released from the polymer. This
was supported by the observation that the tetramer, when administered
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to wheat leaves at a dose which just failed to elicit a response, was re-
duced in concentration by approximately 70% within 8 hours. The loss was
believed to be due not only to the action of the chitinases, which would gen-
erate only dimer, but possibly also to N-acetyl-3-D-hexosaminidases, one
of which has now been purified from leaves (Barber & Ride, unpublished
data). The role of these enzymes in chitin-elicited lignification is currently
being investigated.

Wheat Germ Agglutinin: a Possible Receptor for Chitin Oligo-
mers?

The identification of chitin oligomers as signals involved in the recogni-
tion of fungi by wheat leads to speculation on the nature of the presumed
receptor for these molecules in plant cells. One candidate for the role is
the lectin wheat germ agglutinin (WGA). This protein, isolated originally
from wheat germ, carries binding sites that are highly specific for N-acetyl-
D-glucosamine (GlcNAc), and particularly #(1-4) linked oligosaccharides of
GleNAc (19). Increasing the oligomer size results in increased binding affin-
ity, at least up to the tetramer (19). Each binding site apparently has three
subsites with different affinities for GlcNAc (19). Apart from sialyl lactose,
where the N-acetylneuraminic acid residue mimics GlcNAc and binds to
subsite 1, only chitin oligomers and other GlcNAc-containing molecules are
known to bind to the lectin (20). It is thus possible that this lectin, whose
natural function in wheat is currently unknown, is a receptor for elicitor-
active chitin oligomers derived from fungal cell walls. If this is the case, it
might be expected that the chitin trimer would be a good elicitor, rather
than the weak one revealed in our tests (18), and that sialyl lactose would
also elicit a response, which is not the case (Bertram & Ride, unpublished
data). These apparent anomalies may be due to rapid degradation of the
oligosaccharides in wheat leaves when administered as a single dose; this
possibility is currently being assessed.

Despite its abundance in seeds, the lectin is present in much smaller
quantities in seedlings and older plants (21), and reports indicate that only
traces may occur in the leaves (22). Nevertheless, using specific antiserum
raised against purified wheat germ agglutinin, we have now demonstrated
the presence of a WGA-like chitin-binding protein in primary wheat leaves
(Bertram & Ride, unpublished data). We are currently evaluating the pos-
sibility that this molecule is the receptor for elicitor-active chitin oligosac-
charides.

A Model for the Recognition of Fungi by Wheat

These results allow us to propose a hypothesis for the processes involved
in the general recognition of filamentous fungi by wheat (Fig. 1). The
model does not attempt to provide an explanation for the highly specific
interactions between certain wheat cultivars and races of fungal pathogens,
but deals with the much more general case of wheat resistance to non-
pathogenic fungi, i.e., non-host resistance and resistance to saprophytes.
The hypothesis proposes that this basic incompatibility between fungi
and wheat is governed by the recognition by the plant of soluble oligosac-
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Figure 1. A proposed model for the general recognition of filamentous fungi
by wheat resulting in lignification of the plant cells. Hydrolytic enzymes
present constitutively in the apoplast of the plant, such as endo-chitinase
and B(1-3) glucanase, release oligosaccharides of N-acetylglucosamine (Gle-
NAc) or glucose (Glc) from the chitin and glucan components of the fungal
cell wall. Oligomers of sufficient size, such as the chitin tetramer, are the
active signals that pass to the plant cells; the detailed structures of the
putative glucose oligosaccharide signals are as yet unknown. Lectins, such
as wheat germ agglutinin (WGA) and other unknown lectins (REC), may
be the cell surface receptors for these oligosaccharides. The active oligomers
are rapidly degraded both by the endo enzymes that liberated them and by
glycosidases. Elicitation of defence responses thus depends on a continued
but low level of oligosaccharides being liberated from the hyphal tip.
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charide signals, which are released from the cell walls of the fungus by
plant enzymes or perhaps are present on soluble glycoproteins. In the case
of chitin oligosaccharides, these would be released from the hyphal tips
by host chitinases. It is interesting in this context that wheat seed chiti-
nase has been shown to release higher oligomers from freshly-synthesized
“nascent” chitin, which is likely to be found at growing hyphal tips, than
from colloidal or regenerated chitin (23).

The known instability of chitin oligomers in wheat leaves, pre-
sumed to be due primarily to the action of chitinases and N-acetyl-3-D-
hexosaminidases, suggests that the key oligosaccharide signals are rapidly
turned over in vive and that elicitation of the response probably depends
on the presence of continued low levels of the active higher oligomers over
a period of time. An obvious question that arises from such a proposed
mechanism is why does wheat possess such a relatively insensitive system
of recognition. The mechanism would be far more sensitive if there were no
destruction of the elicitor-active oligomers; the oligomers would presumably
be active at much lower doses and the plant might respond to attempted
infection at an earlier stage. A possible answer to this question lies in the
fact that lignification is an irreversible, energy-requiring process that fre-
quently involves a certain amount of cell death; restriction of the response
to genuine challenges by potential pathogens is therefore beneficial to the
plant. Thus wheat only responds to the continued release of oligomers with
a relatively high DP, such as that brought about by the presence of growing
hyphal tips, and not to the passing presence of other stimuli, such as insect
chitin.

Since not all fungi contain chitin, and even those that do have other
wall components, it must be supposed that other general signals exist. The
high elicitor activity of a partially hydrolysed glucan of fungal origin (5),
together with the common occurrence of 3(1-3) and #(1-6) linked glucans
in fungal cell walls, leads us to propose that the action of glucanases lib-
erates glucose oligosaccharides from fungal walls and that these are also
elicitors of the lignification response. In this context it is interesting that
B(1-3) glucanase activity has been detected in many plants (24). Lectins
are proposed as the primary receptors for the oligosaccharide signals. The
location of the WG A-like protein in wheat leaves has not yet been deter-
mined, but by analogy with other signal-receptor systems it seems likely
that the receptor will be at the cell surface, presumably associated with
the plasmalemma. Since analysis of the published amino-acid sequences
of WGA isolectins 1 and 2 (25,26) does not immediately reveal any long
hydrophobic, membrane-spanning regions, then if this protein is a surface
receptor it must presumably be linked in vivo to a plasma membrane com-
ponent.

Lectins have a high degree of specificity for the sugars they bind, and
hence the proposal that more than one type of oligosaccharide signal is
involved in elicitation necessarily dictates that more than one receptor is
present at the cell surface. Since the different signals ultimately result in
the same response, it is presumed that the signal transduction pathways
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involved in the intracellular transmission of the different signals and their
coupling to the response must meet at some point. Perhaps a common sec-
ond messenger is activated by the interaction of the different signals with
their corresponding receptors? An alternative hypothesis would be that
the lectins are extracellular and act as transporters rather than membrane-
bound receptors. The different elicitor-lectin complexes might then be rec-
ognized by a single receptor.

Induced lignification is blocked by treatments which inhibit protein
synthesis (10), and it seems likely therefore that the increases in activi-
ties observed for enzymes involved in lignin biosynthesis (7,8) depend on
enhanced translation, and probably enhanced transcription of the appro-
priate genes, as has been shown for the phytoalexin response of some plants
(27). However, the molecular biology of the response in wheat awaits in-
vestigation.
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Chapter 27

Lignin Biosynthesis in Stem Rust Infected Wheat
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Highly resistant wheat varieties exhibit a typical hyper-
sensitive response when infected with an avirulent race
of the stem rust fungus. Host cells which are penetrated
by a fungal haustorium undergo rapid necrotization, thus
depriving the biotrophic parasite of its nutritional basis.
This rapid cell death is correlated with the deposition of
lignin or lignin-like material in the host cell walls and pro-
toplasts. Inhibition of lignin biosynthesis delays necro-
tization of penetrated host cells and partially breaks re-
sistance of wheat to stem rust. In resistant plants, an
increase in the activities of the general phenylpropanoid
pathway and of the specific branch pathway of lignin
biosynthesis can be detected at the time of the hyper-
sensitive cell death, contrasting to decreased activities
in susceptible near-isogenic plants. The participation of
both an elicitor and a suppressor in the signal exchange
between host and parasite has been suggested. An elici-
tor of lignification could be isolated from fungal cell walls.
An endogenous suppressor of the resistance reaction was
found in wheat cell walls.

Lignin, the second most abundant organic compound on earth, is extremely
resistant to microbial degradation (1,2) and thus constitutes one of the
most effective mechanical barriers against pathogenic invasion (3,4). Con-
sequently, the lignin content of higher plants has long been recognized as
an important factor in the resistance against the attack by a myriad of
potential pathogens.

In addition to its role as a preformed resistance factor, Hijwegen (5)
has also proposed active induction of lignification as a defense mechanism
of cucumber against Cladosporium. Subsequently, in a number of host-
pathogen interactions, induced lignification has been proposed as the active
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mechanism for resistance. Some of the most intensely studied interactions
are those of resistance of tobacco against tobacco mosaic virus (6-9), potato
against Phytophthora (10-12) or non-pathogens (13), cucumber (14,15) and
melons (16-18) against Cladosporium and Colletotrichum species.

In the family of the Gramineae, which includes some of man’s most
important crops, active lignification seems to be of special importance for
induced resistance mechanisms (19,20). This may be correlated with the
nearly complete absence of phytoalexins in this family (21). In spite of an
intensive search for such infection-induced fungitoxic substances, no phy-
toalexins have been found in wheat to date (22). Nevertheless, induced
lignification has been shown to play an important role in disease resistance
of wheat against a variety of fungal pathogens (4):

The formation of a ring of lignified cells at wound margins prevents
the spread of necrotrophic fungi (23-25). Lignified papillae produced in
epidermal cells just below fungal appressoria prevent the ingression of fun-
gal penetration pegs directly penetrating epidermal cells (26-29). Cellular
lignification of penetrated epidermal and mesophyll cells and concomitant
cell death arrest further growth of biotrophic parasites (22,30,31).

Modes of Action of Lignification as a Resistance Mechanism

Several modes of action of lignification as a resistance mechanism have
been proposed by Ride (32). Lignification enhances the resistance of plant
cell walls against mechanical and enzymatic attack and may thus impede
fungal invasion of host cells. Incrustation of cell walls with lignin may
slow down diffusion and thus immobilize fungal toxins or decrease the flow
of nutrients to the parasite. The phenolic precursors as well as the free
radicals formed during the process of lignification may be fungitoxic and
act as phytoalexins. Furthermore, lignification may spread to hyphal walls
and thus impede further fungal growth.

One or several of these mechanisms may be involved in resistance re-
sponses when lignification takes place in the plant cell walls. In the case of
biotrophic parasites which rely on functional mature haustoria within liv-
ing host cells for their development (33-36), lignification of the whole cell
contents leading to rapid host cell death may in itself be a decisive factor
in the expression of resistance.

Evidence for the Participation of Lignification in Resistance Re-
actions

Different approaches have been used to produce evidence for the participa-
tion of lignification in resistance reactions. We will confine the discussion to
those techniques applied in investigations on resistance reactions of wheat,
one of the best studied host plants to date (4).

The most convenient way of determining lignin is provided by a range of
histochemical staining reactions (37): A positive outcome of the phloroglu-
cinol/HCI or the chlorine/sulfite test, supposed to be the most specific
stains for lignin (38,39), point to the participation of lignin in the investi-
gated resistance phenomena (23-25,28-31).
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Yellow autofluorescence of lignin in UV-light (40,41) has also been used
as a criterion (28,30,31). However, in view of the countless autofluorescent
substances in plants (40,42), even the recording of a typical emission spec-
trum for lignin (31) cannot be regarded as a specific proof for the presence
of lignin.

The decreased enzymatic digestibility of plant cell walls upon incrus-
tation with lignin (1,2,32) has also been used as an, albeit quite unspecific,
demonstration of lignification (23,24,28-30).

The biochemical determination of newly synthesized lignin is difficult
because of large amounts of preformed lignin in tracheary and supporting
elements of healthy tissues. Nevertheless, it has been achieved in the case
of non-host resistance reactions against wound infections by necrotrophic
parasites (23).

When radioactive lignin precursors are applied to resistant host plants
infected with an avirulent pathogen, the autoradiographic localization of
radioactivity in resistant reacting host cells may help to corroborate the
participation of lignification in the resistance response. Thorough extrac-
tion of non-polymerized precursor with organic solvents and the removal
of esterified phenolics by alkaline hydrolysis are important steps in these
experiments (25,28,30,31).

A different approach to investigate active lignification during resis-
tance reactions is provided by the determination of enzyme activities in-
volved in lignin biosynthesis. Resistant plants are expected to be more
strongly activated during or immediately preceding the resistance reaction
compared to susceptible plants. Thus, phenylalanine ammonia-lyase (PAL)
(43-45), cinnamic acid 4-hydroxylase (46), O-methyltransferases (44), and
4-coumarate:CoA ligase (46) have been investigated in a number of stud-
ies. As these enzymes are part of the general phenylpropanoid pathway,
and thus not just involved in lignin biosynthesis, their activation is only
proof of overall participation of phenolic substances in the resistance reac-
tions (47-49). In order to prove a specific induction of lignification, one or
several enzymes of the specific branch pathway of lignin biosynthesis must
be investigated. Although peroxidases catalyze the last enzymic step of
this pathway (50), increased peroxidase activities cannot be regarded as a
specific criterion for lignification, as these enzymes play a range of different
roles in plant metabolism (51).

Lignification in the Wheat-Stem Rust System

We will now consider the evidence that has accumulated to show the par-
ticipation of lignification in the hypersensitive resistance of wheat to the
wheat stem rust fungus, Puccinia graminis f. sp. tritici.

Beardmore et al. (30) and Tiburzy (31) showed that epidermal (31)
and mesophyll (30,31) cells of resistant wheat plants, penetrated by haus-
toria of an avirulent race of the fungus, can be stained with phlorogluci-
nol/HCI (31) and chlorine/sulfite (30,31). These cells show yellow autofluo-
rescence under UV-light (30,31), the emission spectrum is identical to that
of lignified tracheary elements (31).
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The application of radioactive phenolic precursors—quinic acid and
shikimic acid (52), phenylalanine (30,53), tyrosine (53), and cinnamic acid
(30,31,53)—to infected wheat leaves led to a solvent- and alkali-resistant
incorporation of radioactivity into hypersensitively reacting host cells sug-
gesting lignin formation had occurred.

In a recent study (54), we showed increased activities of two enzymes
of the general phenylpropancid pathway, PAL and 4-coumarate:CoA lig-
ase, as well as one enzyme of the specific pathway of lignin biosynthesis,
cinnamyl-alcohol dehydrogenase (CAD), in resistant plants at the time of
the hypersensitive host cell death. On the other hand, decreased activities
were observed at the same time with susceptible host plants (54). Fur-
thermore, we showed that the well known increase in peroxidase activities,
which is strong in resistant and only weak in susceptible plants (55-58),
is at least partly due to the increased activity of the lignin biosynthetic
pathway (54,59).

When highly resistant wheat varieties are inoculated with an avirulent
race of the stem rust fungus, fungal growth is arrested by the hypersensi-
tive death of the first penetrated host cells (30,31.) Even in very densely
inoculated leaves, the reaction of less than one percent of the host cells is
sufficient to stop further development of the parasite. This small percentage
may be the reason, why no increased content of biochemically determined
lignin was measured in infected hypersensitive wheat leaves (60,61).

However, when an elicitor (see below), isolated from the stem rust
fungus (62), is injected into the intercellular spaces of wheat leaves almost
every cell in the infiltrated area exhibits a hypersensitive-like reaction (62-
65). In the elicitor treated leaves, lignin content as determined by the
thioglycolic acid procedure clearly increased (66).

Lignification as a Causal Factor in Resistance

The above described studies strongly suggest a correlation between ligni-
fication and resistance. However, they do not allow any conclusion con-
cerning a causal relationship between the two phenomena. The question
remains as to whether lignification is indeed responsible for impaired fungal
development. We have already briefly mentioned a possible chain of events
during the incompatible interaction between highly resistant wheat leaves
and avirulent strains of the stem rust fungus. Lignification of the whole
cell contents may be regarded as an active mechanism for the penetrated
host cell to commit “suicide” (30,31). This hypersensitive cell death in
turn is thought to be responsible for the arrest of fungal growth, possibly
by depriving the obligate parasite of its nutritional basis (67,68.)

The first step thus postulates lignification as the mechanism of active
cell death. Cell death, a genetically programmed event associated with
active processes (69,70), is closely correlated with lignification in a range of
different developmental programs: firstly, senescence is often accompanied
by increased lignification (71,72); secondly, lignification is one of the most
prominent reactions during wound healing (73-79); and thirdly, lignification
of dying cells invariably occurs during xylem differentiation (80). A direct
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cause-effect relationship of lignification and cell death has been described
recently (81).

The second step of the proposed chain of events, resistance as a direct
consequence of cell death, is still controversial (82-86). In the wheat-stem
rust system, evidence favouring the idea of hypersensitive cell death as
the cause of resistance (30,31,87-90) contrasts to results suggesting cell
collapse as being a mere consequence of a yet unknown preceding resistance
mechanism (90-97).

Recently, Kogel et al. (98) showed that the injection of galactose-
binding lectins or the enzyme galactose oxidase into resistant wheat leaves
prevented the hypersensitive cell death of penetrated host cells and con-
comitantly led to increased fungal growth, suggesting a causal relationship
between hypersensitive cell death and resistance.

Tiburzy (22,31) obtained similar results by application of the PAL in-
hibitor aminooxyacetic acid (AOA). However, AOA does not specifically
inhibit PAL (99), and PAL is not only involved in lignin biosynthesis
(100). Thus, AOA and the related inhibitor aminooxyphenyl propionic acid
(AOPP) (101,102) inhibit the biosynthesis of lignin (103,104), anthocyanins
(105), other flavonoids (106), and conjugates of cinnamic acids (107) via
PAL, as well as ethylene (108-110) via a pyridoxal phosphate dependent en-
zyme (110,111). In view of the possible function of phenolic compounds as
phytoalexins (21,112,113) and the well documented role of ethylene in some
resistance reactions (114-116), the above cited experiments with AOA (22,
31) do not provide any conclusive evidence for a causal role of lignification
in resistance.

Our recent observation (Moerschbacher & Noll, unpublished) that a
different PAL inhibitor, (1-amino-2-phenylethyl) phosphonic acid (APEP),
is equally active in preventing hypersensitive cell death and partially low-
ering resistance of wheat to stem rust strongly suggest that the effects of
both inhibitors is via their inhibitory action against PAL.

Besides these well known PAL inhibitors, highly specific suicide in-
hibitors of CAD are now available (117,118). These inhibitors combine two
important features: they act as substrate analogues and are able to specif-
ically complex zinc ions. The combination of these properties guarantees
the high specificity of these substances. Besides CAD, only cinnamoyl:CoA
reductase is inhibited, both enzymes are only involved in lignin biosynthesis
(119). The mechanism of inhibition is thought to be a pseudo-irreversible
inactivation of the suicide type (120). Such inhibitors are ideally suited for
in-vivo assays, as they are highly specific and generally slowly metabolized
(121).

The application of two of these inhibitors, N(O-hydroxyphenyl) sulfi-
namoyl-tertiobutyl acetate and N(O-aminophenyl) sulfinamoyl-tertiobutyl
acetate, to highly resistant wheat leaves infected with an avirulent strain of
stem rust resulted in decreased lignification and decreased necrosis of pen-
etrated host cells and concomitantly led to increased fungal development,
occasionally even allowing some sporulation to occur (60).

The described inhibition of hypersensitive cell death by the CAD in-
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hibitors strongly suggests a causal relationship between lignification and
cell death. It can further be concluded from the increase of fungal growth
upon CAD inhibition that the synthesis of the monomeric lignin precur-
sors is causally related to resistance of wheat to stem rust. However, it
remains speculative whether the polymerization of these monomers to the
three-dimensional network of lignin itself is a prerequisite for resistance.
Furthermore, the proposed causal relationship between cell death and re-
sistance cannot be concluded from these experiments; both phenomena may
be independent results of the lignification process.

Elicitation of Lignification

The term elicitor, initially defined as a fungal metabolite capable of in-
ducing phytoalexin production when applied to host plants (122, 123), has
since been applied to parasite-derived molecules which induce any facet of
resistance in appropriate host plants, including lignification (124).

The work of Ride and his coworkers (24,125,126) showed that products
of filamentous fungi are able to elicit lignification at wound margins in wheat
leaves. Chitin and some of its soluble derivatives have been shown to be
elicitors of lignification in wheat (125), chitosan being more active than
chitin (62,126). Most other S-glucans including laminarin did not exhibit
elicitor activity (62, 126). A crude extract of Phytophthora megasperma
f. sp. glycinea cell walls, capable of inducing glyceollin accumulation in
soybeans, also elicited lignification in wheat (126), but purified elicitor from
the same source (62) and the synthetic hepta-3-glucoside elicitor (126) were
ineffective.

We have previously reported the purification of an elicitor active frac-
tion from cell walls of germinated stem rust uredospores which induces lig-
nification when injected into the intercellular spaces of wheat leaves (62,63).
Besides lignification, this elicitor induces other symptoms typical of the hy-
persensitive reaction, such as membrane degradation detected as increased
activities of lipoxygenase (64) and phospholipase (65). The high molecular
weight water-soluble elicitor has been characterized as a heat stable gly-
coprotein with the carbohydrate moiety bearing the active part(s) of the
molecule(s) (62). Recent work identified a glycoprotein with about equal
amounts of galactose and mannose and almost no glucose as the most active
component (127).

Initially, a gene specific effect of this elicitor concerning the Srd-gene
for resistance of wheat to stem rust was reported (63). However, this was
not confirmed in later work (66): Elicitors prepared from two races of the
stem rust fungus differing in their spectrum of genes for avirulence were
equally active, and near-isogenic wheat lines containing different genes for
resistance reacted similar to both elicitors. The observed differences in
reactivity to elicitors between different wheat cultivars turned out to be
unrelated to any known resistance genes.

Similar results had been reported previously for an elicitor isolated
from intercellular washing fluids of leaf rust infected wheat leaves which
induced browning and chlorosis (128,129). The reactivity of wheat cultivars
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to this elicitor was dependent on a gene on chromosome 5A which contains
no known genes for seedling resistance to leaf or stem rust (129). It was
shown that the same holds true for the stem rust elicitor (60, Sutherland
& Moerschbacher, unpublished).

When injected into primary leaves of different cereals, the stem rust
elicitor causes symptoms which closely resemble the respective resistance
reactions of these species against the attack by stem rust of wheat, i.e.,
lignification in barley and rye, brown spots in oat, and no visible symptoms
in maize (66).

The biochemical similarities of leaf and stem rust elicitors, the missing
gene specificity of both elicitors, the fact that an equally active elicitor was
isolated from germ tube cell walls of oat crown rust (60), together with
the described reactions of different non-hosts to the stem rust elicitor led
us to speculate that the isolated elicitors may play a role in the induction
of general mechanisms of non-host resistance (130). Although they may
be involved in the elicitation of race-cultivar specific resistance as well,
race-cultivar specificity in the wheat-stem rust system clearly cannot be
explained on the basis of the specificity of the isolated elicitors. One possible
explanation would be the occurrence of race-cultivar specific suppressors of
the resistance reaction (124,131,132).

Polygalacturonic acid has been shown to be a potent suppressor of the
elicitor induced lignification response in wheat leaves (60). Moreover, pectic
fragments were obtained from isolated wheat cell walls by pectolytic diges-
tion (36,60) or HF-solvolysis (Moerschbacher, Ryan, Komalavilas, Mort,
unpublished) which suppressed the activation of lignin biosynthesis when
injected simultaneously with elicitor. Active components were tentatively
classified as fragments of homogalacturonan and rhamnogalacturonan I.
An in depth chemical characterization as well as an evaluation of possible
race-cultivar specificity of these “endogenous suppressors” or their in vive
production during compatible and incompatible wheat-stem rust interac-
tions is under way.

The injection of small amounts of pectolytic enzymes concomitantly
with elicitors suppressed the induction of lignin biosynthetic enzyme ac-
tivities as well (60). The investigation of pectic enzymes of the stem rust
fungus (133) and the elucidation of their substrate specificities, combined
with a detailed analysis of their natural substrates, the pectic components
of primary wheat cell walls, are targets for future research. The highly
developed race-cultivar specificity in the wheat-stem rust system may be
based on the differential liberation of active suppressors during the pene-
tration of the host cell wall by the haustorial neck of the fungus (Figure 1).
Although speculative, a model can be drawn in which suppressors which
potentially exist in the walls of all wheat varieties are set free only in com-
patible interactions. The failure of producing active suppressors during
incompatible interactions would then lead to the elicitation of lignification
as the mechanism of hypersensitive cell death and resistance of wheat to
stem rust.
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Figure 1. Hypothetical scheme of events leading to race-cultivar specific
resistance or susceptibility in the rust system. If the substrate specificity
of the fungal cell wall degrading enzymes (e.g., pectinases) is suitable for
degradation of a specific host cell wall component (e.g., partly esterified
pectin), endogenous suppressors will be produced which prevent the elicitor

induced lignification response, thus leading to susceptibility.
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Chapter 28

Virulence-Inducing Phenolic Compounds Detected
by Agrobacterium tumefaciens

Paul A. Spencer and G. H. N. Towers

Department of Botany, University of British Columbia, Vancouver,
British Columbia V6T 2B1, Canada

Construction of vir::lacZ fusion reporter genes and sub-
sequent analysis of their expression in strains of Agrobac-
terium tumefaciens has permitted the discovery of a class
of phytochemicals that this pathogen detects and which
induce virulence. Preliminary screening of a variety of
commercially available phenolics revealed that some were
active as vir inducers. Two acetophenones were 1solated
from transformed tobacco root cultures. The results of
a recent study by us indicate that there exists a range
of virulence-inducing plant phenolics which are not lim-
ited to acetophenones but include chalcones as well as
cinnamic acid derivatives. Among the latter are acids,
alcohols and esters known to be associated with plant
cell walls or implicated in lignin biosynthesis, a discov-
ery which suggests that this wide host range pathogen
likely responds to chemicals common to all suscepti-
ble hosts. We are currently studying signal compounds
and natural inhibitors in relation to the host range of
Agrobacterium strains. Activity was detected in extracts
from a grapevine tissue culture, grapevine bark, and
flavan-containing fractions obtained from grapes. In ad-
dition, as yet unidentified compounds inhibitory to vir-
induction have been discovered.

It is now known that the initial interaction between plants and bacteria
of the Rhizobiaceae is a chemical detection by the microbe of a suscepti-
ble host, i.e., the host produces compounds which act as signals for the
microbial pathogen or symbiont. The microbe responds to these signals
by expression of genes necessary in subsequent stages of the interaction.
For a few of the Rhizobiaceae some signal compounds involved have been
identified (1-7).
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The signal compounds of plant- Agrobacterium tumefaciens interactions
have received much attention. This gram negative soil bacterium, which
causes crown gall disease of a wide variety of dicotyledonous plants (8), is
responsible for a neoplastic growth of the plant tissue by passing T-DNA,
a part of its tumor inducing plasmid (pTi), into the host plant genome
(9-14). This T-DNA includes genes which encode enzymes of auxin (15,16)
and cytokinin (17,18) biosynthesis, which are expressed in the transformed
plant cell (19,20). The microbe is a useful vector for genetic engineering in
plants because certain of the normal T-DNA genes may be replaced with
new genes of interest. Plant cells infected with the bacterium containing
the modified Ti-plasmid are used to generate transgenic plants.

Detection of susceptible host cells and early stages of tumorogenesis
are mainly controlled by a set of pTi genes known as the virulence (vir)
genes (21,22). These genes are expressed upon cocultivation of the bacteria
with host plant cells (23,24) . Because of their role in the early stages of
tumorogenesis, and therefore their central importance in transformation of
plant genomes, research has been directed to understanding the mechanism
involved in vir gene expression and identifying the vir gene products. Two
of the vir genes (A and G) are regulatory in nature (25,26). virA is also a
host range determinant and is thought to be the environmental sensor of
the plant-derived inducer molecules (27). At least one more virlocus (virC)
is connected with host range (28-30), and another (the virD operon) is now
known to encode an endonuclease which recognizes and cleaves the left and
right border sequences of T-DNA (31). The virB region encodes polypep-
tides similar to those involved in bacterial conjugation (32). Recently it
was determined that virE encodes a single stranded DNA-binding protein
(33). Activation of vir gene expression is known to result in the production
of multiple single-stranded T-DNA molecules within the bacterium (34).

Bolton et al. (35) found that a mixture of simple, low molecular weight
phenolic compounds could be used to induce expression of most of the vir
genes. Stachel et al. (7) identified two active signal compounds, acetosy-
ringone (AS) and o-hydroxyacetosyringone (HO-AS), from tobacco tissues.
In that report a few other related compounds were assayed at one or more
concentrations for their vir-inducing activity. This comprised a very brief
structure-activity study which presented some information about the struc-
tural features required to confer activity. At the concentrations tested, none
of these compounds displayed the level of activity observed with acetosy-
ringone. It was suggested that Agrobacterium is attracted to susceptible
plant tissues by following a concentration gradient of these virulence induc-
ing substances, and some results which support this idea were obtained by
Ashby et al. (36,37).

The compounds AS and HO-AS have come to be regarded as the unique
chemicals which Agrobacterium detects in nature and which trigger the ini-
tial events within the bacterium, resulting in tumor formation. However, it
has yet to be shown that these acetophenones, which in fact have never pre-
viously been reported as naturally occurring phytochemicals, are the signal
compounds produced by any other susceptible hosts. AS has been used to
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boost the transformation efficiency (38). However, transformation of soy-
bean cells was promoted by adding either AS or syringaldehyde [1b] to the
inoculum (39). In addition, virulence inducing wound exudates obtained
from a host plant extended the normal host range of Agrobacterium to in-
clude a monocot crop plant (40). We propose that other phytochemicals
are involved in the induction of virulence in Agrobacterium.

We recently reported the vir-inducing activity over a range of concen-
trations of a variety of plant-derived phenolic compounds with structures
related to that of acetosyringone and discussed the structural features nec-
essary for the activation of vir genes (41). The activities of some cinnamic
acid derivatives, chalcones, and of the lignin precursors sinapyl alcohol and
coniferyl alcohol were examined. A number of these compounds are of
widespread occurrence, and others such as the monolignols are ubiquitous
in angiosperms and gymnosperms. In this report we review the results of
our structure-activity analysis of vir-induction and discuss some prelimi-
nary results of our search for signal compounds for a grapevine isolate of
A. tumefaciens.

Research has revealed that the virA gene product is located at the bac-
terial cell surface where it likely acts as the environmental sensor of plant
derived signal compounds (27). The virA loci of limited host range (LHR)
and wide host range (WHR) strains of Agrobacterium were sequenced and
the predicted gene products compared. The gene products were found to
have diverged most strongly in their putative periplasmic domain. There-
fore we considered that differences in these gene products might correspond
to differences in their specificity for signal compounds, and this in part
may explain the differences observed in the host range of these two types
of Agrobacterium. To prove this hypothesis, induction of other vir loci in
the presence of LHR host plant cells, or by wound exudates thereof, had
to be demonstrated. The signal compounds then had to be isolated and
identified. Initially, however, only a virB::lacZ gene-fusion containing LHR
strain of Agrobacterium (A856/pSM243cd) was available. In our prelimi-
nary experiments with this strain, vir expression was not greatly induced
by cocultivation with host plant cells or by purified wound-induced pheno-
lic compounds; therefore we wished to examine vir-induction in a different
construct, namely, the LHR strain carrying a lacZ fusion to a different wir
gene.

We have prepared a virE::lacZ gene fusion-containing LHR strain,
A856/pSM358cd, by triparental mating and have used this strain, along
with the strain A856/pSM243cd, to examine vir gene expression in the lim-
ited host range (grapevine) strain A856. Phenolic wound exudates from
the leaves and stems of Vitis lubrusca, as well as exudates produced by
two grapevine callus cultures ( Vitis sp. cv. Seyval and V. lubruscana cv.
Steuben) and extracts obtained from two varieties of grapes (red and green
seedless) and grapevine bark (cv. Concord) were examined for vir-inducing
compounds. We have established that the specificity of LHR signal com-
pounds is unlike that previously described for WHR A. tumefaciens (41)
in that vir gene expression is not as greatly induced by acetosyringone.
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This indicates that, unlike the WHR strains of Agrobacterium, the LHR
strains are less sensitive to phenylpropanoid metabolites. Preliminary re-
sults indicate that the virulence of grapevine isolates of Agrobacterium may
be influenced by the presence of certain higher molecular weight phenolic
esters of grape flavans in addition to less polar, chloroform soluble phenolics
present in aqueous grapevine-stem wound exudates.

An understanding of the phytochemistry of vir gene expression in both
WHR (7,35,41) and in LHR Agrobacterium should provide an interesting
and potentially useful model system of host range control in plant-bacterial
interactions. New insights into regulation of host range are of importance
in plant biochemistry, biotechnology and pathology in that chemical clues
are provided which could allow for extension of this pathogen’s host range
to include species which are refractory to transformation.

Results and Discussion

In our analysis of the chemical structures which are active wir-inducers
(41) it was found that the compounds fell into four groups: (1) acetophe-
nones and related structures, (2) monolignols, (3) hydroxycinnamic acids
and their esters, and (4) chalcone derivatives (Fig. 1). Each compound
had either a guaiacyl or a syringyl nucleus, and with the exception of the
monolignols, possessed a carbonyl group. Most were of common occurrence
in vascular plants.

The activity curves with increasing concentration of a number of vir-
inducing phenolic compounds are shown in Figures 2a (monolignols, chal-
cones and acetophenones) and 2b (phenolic acids and their methyl esters).
Regarding the monolignols, we emphasized the bacterium’s ability to re-
spond to the presence of these lignin precursors. This result established
that Agrobacterium may be capable of detecting cells which are undergoing
lignin synthesis or cell wall repair and thereby target those cells for trans-
formation. Agrobacterium responded equally well to the presence of lignin
degradation products (7,35,41) and therefore the virulence of the microbe
can be considered as sensitive to lignin metabolites in general. The unique
activity curves of the chalcones [4a&4b] represent an interesting addition
to the list of effective phenolics.

The methyl esters of ferulic [3d], syringic [1f], and sinapic acids [3f]
exhibited significantly greater activity than the corresponding free acids
(Fig. 2b). Some effects of esterification are discussed below. The ethyl es-
ters tested were less active again (data not shown), perhaps due to altered
hydrophilicity of the compound or some steric hindrance at the bacterial
receptor site not evident with the methyl esters. In a plate assay for vir-
induction we discovered that the glucose ester of ferulic acid was an effective
inducer of vir gene expression. It is likely that such glucose esters, released
upon wounding of the host plant, act as signal compounds. Phenolic gly-
cosides, such as glucoferulaldehyde, were inactive.

We assayed a number of other phenolic compounds, including aurones,
flavones, flavanones, flavanols, lignans and 5-hydroxycinnamic acid deriva-
tives, but they all displayed little or no activity. The lack of activity of
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Figure 1. The structures of the vir-inducing phenolic compounds employed
in our structure-activity analysis (41).
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Figure 2. The virulence inducing activity of (a) monolignols, chalcones,
and acetophenones, and (b) phenolic acids and their methyl esters. Fol-
lowing incubation with a compound in aqueous solution, B-galactosidase
activity in a strain of Agrobacterium carrying a virE:lacZ fusion plasmid
(A348/pSM358) was assayed as an indicator of vir gene induction. Abrevi-
ations used: AS = acetosyringone; CON. ALCOHOL = coniferyl alcohol;
SIN. ALCOHOL = sinapyl alcohol; CHALCONE A = 2',4’,4-trihydroxy-
3-methoxy chalcone; CHALCONE B = 2/, 4’ 4-trihydroxy-3,5 dimethoxy
chalcone.
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5-hydroxyferulic acid was of interest because it was recently identified as
one of the cell wall bound acids in monocots (42). At that time we had not
demonstrated inhibition of vir-induction by a phenolic compound, although
we speculated about the occurrence of phenolic vir-inhibitors in monocots.
Indeed, we have been informed of unidentified vir-inhibitors recently iso-
lated from Zea mays (E.W. Nester, personal communication), and have
initiated work on the identification of vir-inhibitors from Vitis species.

In addition to the inactive compounds listed above, each of the com-
pounds used by Bolton et al. (35) was assayed individually, and of these
only vanillin {1a] produced any significant vir-induction. Interestingly, at
the concentrations examined by us the remaining compounds (gallic, §-
resorcylic, pyrogallic, p-hydroxybenzoic, and protocatechuic acids, and cat-
echol) were essentially inactive. None of these inactive compounds has a
guaiacyl or syringyl nucleus. We have observed low level induction by gallic
acid at higher concentrations (e.g., 1mM, data not shown). The possible
significance of this result with respect to vir-induction by grape flavans is
discussed below.

The results indicated that two basic structural features were required
to confer activity upon a compound: (1) guaiacyl or (usually conferring
enhanced activity) syringyl substitution on a benzene ring, and (2) a car-
bonyl group on a substituent para to the hydroxy substituent on the ring.
Monolignols, however, are active even though there is no carbonyl function
in the side chain in the para position. When present, the carbonyl carbon
may be one or three carbon atoms removed from the ring. However, to
confer maximal activity, in the latter case there must be a double bond
between the carbonyl carbon and the ring, as is present in the chalcones
and cinnamic acid derivatives. Furthermore, the carbonyl group of a free
acid is less effective than that of the corresponding ester. Esterification al-
ters the solubility of the compound. In addition, esterification prevents one
oxygen of the carboxyl group from forming a partial double bond, thereby
rendering the carbonyl group more reactive. In these cases, and the case
of the aldehydes and chalcones, this carbonyl group forms the terminus of
a conjugated double bond system running from the hydroxyl group and
through the ring. The presence of a C ring in the flavonoids tested virtu-
ally abolished activity, indicating that the more typical flavonoids are not
active in this cell-cell signalling.

These structure-activity relationships are different from those reported
for the activation of nod genes in Rhizobium species (1-6). Hydroxylated
flavones, isoflavones or flavanones in nM to uM concentrations induce ex-
pression of nod genes. Each Rhizobium species is not only highly specific for
its host plant species but also displays a high degree of specificity towards
its signal compound. In contrast, the original strain of A. {umefaciens, from
which the strain used in our study was derived, exhibited a wide host range
(WHR) and, as we have seen, a comparatively lower degree of signal com-
pound specificity. Furthermore, some of the very compounds which induce
vir genes in Agrobacterium strongly inhibit nod gene activation by these
flavonoids (1). At higher concentrations most of the vir-inducing phenolics
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were bacteriostatic even against Agrobacterium (data not shown), and pre-
sumably they act in this way against Rhizobium species, or they may act
more directly by competitive inhibition of ned-induction.

A number of these active compounds are of widespread occurence di-
cotyledons. The lignin precursors are ubiquitous in susceptible hosts. It
is tempting to conclude that the presence of any one of these compounds
alone would determine whether a given plant is susceptible to infection by
Agrobacterium. However, monocots also produce these compounds, even
exuding them into the rhizosphere from intact roots (43) and yet, with few
exceptions (44-47), they lie outside of the natural host range of any strain of
Agrobacterium. This limitation of host range remains a significant problem
in the use of this organism as a vector for genetic engineering in monocots.
The attachment of Agrobacterium to monocot cells has been reported (48,
and references therein). Therefore the underlying mechanism of host range
determination appears to depend, at least in part, on the phytochemistry
of the interaction. The recently established presence of vir-inhibitors in a
monocot and, as will be discussed, LHR host exudates supports the concept
of a phenolic milieu in which vir-inducers compete with vir-inhibitors. It
may be that a sophisticated application of inducer compounds will permit
the Ti-plasmid-mediated transformation of plant species normally resistant
to infection.

Our initial experiments, using [-galactosidase activity in A856/
pSM243cd as an indicator of vir-induction, suggested that wound-induced
phenolics from the leaves of V. lubrusca did not include any LHR signal
compounds. We considered the following possibilities: (1) that the source
of the natural LHR signal compound might be tissue specific (e.g., limited
to the roots or crown of the grapevine), (2) that unlike the WHR signal
compounds, these unknown chemicals may not be low molecular weight
phenolics (e.g., phenylpropanoids or acetophenones) extractable with the
solvents used, and (3) that the signal compound could be a phytoalexin
produced only after infection of the grapevine tissue.

In order to confirm our results with A856/pSM243cd we prepared
the strain A856/pSM358cd as described. The plasmid pSM358¢cd contains
a virE::lacZ gene fusion, and it was found that the higher levels of g-
galactosidase activity which are inducible from this construct (35) permit-
ted detection of even vanishingly small amounts of inducing compound. The
results with this new strain confirmed our initial results; neither acetosy-
ringone itself nor any of the isolated wound-induced phenolic compounds
from grape leaves greatly induced the virulence genes of the LHR A. tume-
faciens. Obviously either the techniques used to isolate compounds from
the host material were not appropriate for the isolation of LHR inducers,
or the LHR strain cannot efficiently detect the WHR signal compounds due
to its different virA gene product.

Assuming the former to be the case, we considered that the LHR induc-
ers might be more polar in nature and were therefore excluded by separatory
techniques for compounds such as those known to induce WHR, A. tumefa-
ciens. Proanthocyanidin monomers (i.e., catechins, flavan-3-ols), oligomers,
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and esters should be prevalent in the woody tissue of the grapevine. Such
compounds have been studied in grapes with respect to wine quality (49)
and recently reviewed with respect to their possible physiological role in
connection with lignin (50). In view of the chemical specificity of virulence-
induction in WHR Agrobacterium (41), a feature which in its sensitivity was
not shared by the LHR strain used in this study, it was noteworthy that
these flavans have been envisaged as functionally connected with lignin. In-
terestingly, in a review on proanthocyanidins and lignin chemistry, Stafford
(50) mentioned the phenomenon of plant phenolic compounds as molecu-
lar signals for Rhizobium and Agrobacterium, and recognized the potential
“informational” function of both types of compounds.

We analyzed the flavan-containing extracts obtained from two locally
available varieties of grapes and detected activity in the fractions contain-
ing, among other phenolics, flavan monomers, dimers and esters. These
components were separated by chromatography on Sephadex LH 20. Frac-
tions with similar thin layer chromatographic (TLC) profiles were pooled
and at least 3 out of 12 such pooled samples contained substances which re-
sulted in vir-induction in the LHR strain. Similarly, grapevine bark flavans
were examined, but only compounds inducing very low levels of vir gene
expresion were found. In fact, in addition to wir-inducers, a wvir-inhibitory
extract was obtained from grapevine bark. In plate assays, this LHR host-
derived inhibitory substance completely prevented WHR, vir-induction by
acetosyringone.

Repeated TLC of active, pooled fractions from Red Flame grapes re-
vealed major spots with R;’s corresponding to those of catechin and epi-
catechin, identical color reaction with p-toluenesolfonic acid spray reagent,
and coelution of trimethylsilane (TMS) derivatives by GC with reference
samples of these flavans. However catechin and epicatechin were assayed
with the bacterial strains described and no activity was detected. TMS-
derivatized samples of active grape flavans were examined by GC-MS, but
a search for the molecular ions of a number of known vir-inducing phenolics
yielded negative results.

Isolated compounds were collected after separation by HPLC and as-
sayed for vir-induction in the strains described. It became apparent that
the limited host range strain responded to all the substances that induced
vir expression in the wide host range strain, but the LHR strain was less
sensitive to the same substances and as a result was considered a less sen-
sitive bioassay organism. Therefore work on isolation of grapevine-derived
signal compounds continued using the more sensitive WHR strain and plate
assay system described.

Using A348/pSM358 as our bioassay organism with which to detect
the vir-inducing substances, we isolated by HPLC the active compound
present in a mixture obtained from gel filtration on Sephadex LH-20. Bet-
ter resolution of the components of the grape flavan mixture was achieved
by gel filtration with Sephadex G 25. In this way fractions enriched for
the inducing compounds may be obtained. This may provide samples from
which we can efficiently isolate new signal compounds in sufficient quan-
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tity to permit structure elucidation. However, with the data at hand, we
can make the following educated guess as to the nature of the active struc-
ture in the active grape flavan mixture. Considering the facts that gallic
acid was reported to induce virulence (35), that epicatechin-gallate (Fig.
3) was previously reported from grapes (49), and that esters of plenolic
acids exhibited enhanced activity, we suggest that a flavan ester such as
epicatechin-gallate is the active component in our grape flavan fractions.
Esters including phenolic acids with guaiacyl or syringyl nuclei should ex-
hibit enhanced activity.

Two other sources of signal compounds from LHR host tissues were
found. One source was the Seyval callus culture (see Experimental) and
the other was the aqueous exudate produced in abundance upon cutting
new grapevine stems in the spring, when the sap flow was great. An-
other grapevine callus culture (obtained from V. lubrascana cv. Steuben,
a natural host of both LHR and WHR Agrobacterium), its exudates, and
fractions partitioned therefrom, as well as exudates from mature Nicotiana
glauca plants, were incapable of inducing vir gene expression in any of the
strains used. Apparently not all callus cultures were equally capable of
producing wvir-inducing mixtures of substances. Perhaps the two cultures
differed in the amounts of vir-inhibitory substances produced. Finally, in
consideration of the natural setting in which the LHR strains infect their
host, we felt it worthwhile to examine the copious aqueous exudates of
cut grapevine stems. The chloroform soluble fraction of such an exudate
from V. lubrusca was strongly active in a plate assay and is being further
characterized.

Conclusion

In conclusion, both wvir-inducing and wvir-inhibitory substances were pro-
duced from hosts and nonhosts of strains of A. tumefaciens. The com-
pounds involved covered a range of polarity and molecular weight, and this
likely reflects ester or other linkages between known lower molecular weight,
vir-inducing, cinnamic acid derivatives and other organic compounds such
as sugars and proanthocyanidin monomers (flavan-3-ols) or oligomers. It
has been demonstrated (7,35,41) that A. tumefaciens is sensitive to the
monomers involved in lignin biosynthesis. The data presented here suggest
Agrobactertum may also be sensitive to compounds such as catechin- or
epicatechin-gallate, which links vir-induction with the monomers of pro-
cyanidin polymers.

We are continuing our efforts to identify both inducing and inhibitory
compounds from grapevine cultivars and other hosts of Agrobactertum.
With a more complete understanding of the chemical signals involved, it
should be possible to induce Ti-mediated transformation in virtually any
plant species. Clearly such a distant goal will also require a synthesis of
data from a number of fields of research.
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Figure 3. Epicatechin-gallate, a possible vir-inducer from grapes.
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Experimental

Bacterial Strains. In order to monitor vir-induction in the LHR strain A856
a virE::lacZ gene fusion-containing plasmid (pSM358cd) was introduced
by triparental mating. This was done so that S-galactosidase activity in
A856/pSM358cd could be assayed as an indicator of vir-induction. This
plasmid contained the virE region of a WHR pTi in the absence of other vir
loci, so only the LHR wirA gene product acted as the environmental sensor
of signal compounds. The donor strain of E. coli (JC2926/pS M358cd) was
maintained on LB medium (51) containing 100 pg/mL kanamycin. The
strain of E. coli which contained the helper plasmid (JC2926/pRK2013) was
maintained on LB medium containing 30 pg/mL spectinomycin. A856 was
resistant to chloramphenicol, rifampicin, and nalidixic acid (40 pg/mL, 10
pg/mL, and 20 pg/mL, respectively). Resistance to these antibiotics were
used in addition to kanamycin resistance to select for A856/pSM358cd.
This strain was maintained on AB medium (51) containing 100 pg/mL
kanamycin. In addition, the LHR, strain A856/pSM243cd (provided by Dr.
Eugene Nester, University of Washington) was used to monitor vir gene
induction and was also maintained on AB medium containing 100 pg/mL
kanamycin.

Plaent Materials. The callus cultures used in this experiment ( Vitis sp. cv.
Seyval and V. lubrascana cv. Steuben) were also provided by Dr. Nester.
Healthy, mature leaves of a number of Viiis cultivars were obtained from
the University of British Columbia Botanical Gardens and also from local
privately owned vines. Red seedless (Flame red) and Green seedless grapes,
imported from Chile, were obtained from a local grocery store. N. glauca
seedlings were obtained from the Agriculture Canada Research Station at
U.B.C., and raised in our greenhouse.

Isolation of LHR vir-Inducers. Conditioned medium was obtained from 5
varieties of Vitis by cutting about 20 fresh leaves and stems into 1 cm pieces
and placing them immediately into 1.5 L of sterile pH 5.7 Murashige and
Skoog (MS) medium (52). Conditioned MS medium from callus cultures of
the Vitis cultivar Steuben was obtained by breaking up healthy calli from
6-8 petri plates in 500 mL of sterile pH 5.7 MS medium. After 8-12 hours
at room temperature, the plant material was removed and the conditioned
medium was filtered, then processed immediately. Wound induced phenolic
aglycones were partitioned from the conditioned medium using three vol-
umes each of ethyl acetate or diethyl ether, and phenolic glycosides were
partitioned from the conditioned medium using three volumes of n-butanol.
The solvents were removed by rotary evaporation and each extract was re-
suspended in a small volume of 100% methanol. Methanolic extracts were
made directly from healthy, mature calli so that a comparison between the
wound induced and naturally present compounds could be made.

The compounds present in these mixtures were separated either by col-
umn chromatography on polyamide (SC 6-AC) or by banding on prepara-
tive polyamide (AC 6) TLC plates. Each band was collected, the compound
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eluted from the polyamide and then tested for vir-induction in the Agrobdac-
terium strains A856/pSM358cd and A856/pSM243cd.

Grape flavans were isolated from the two varieties of commercially
available grapes and from the bark of Vitis grapevine cultivar Concord ac-
cording to the methods of Czochanska et al. (46). CHCls, EtOAc, and
aqueous fractions of both grape varieties were assayed for vir-inducing ac-
tivity in both A854/pSM243cd and A856/pSM358cd. The EtOAc frac-
tions from the flavan extractions of both varieties of grapes and bark were
resuspended either in 100% ethanol or methanol for chromatography on
Sephadex LH 20. The fractions were examined by TLC on cellulose (Merck,
0.1mm) developed with sec-BuOH:AcOH:H,O (14:1:5), and similar frac-
tions were pooled and then assayed for activity or alternatively they were
screened for activity and groups of active fractions were pooled. Grape
flavan fractions were also separated on Sephadex G 25 using 10 mM NaCl
as the developing solvent.

TLC on cellulose (sec-BuOH:AcOH:H,O; 14:1:5) of active, pooled frac-
tions revealed at least 5 or more major compounds. GC showed that there
were considerably more compounds also present.

HPLC of the active fractions was performed on a Varian model 502000-
00 equipped with an analytical Waters C-18 column (0.5 x 30cm) and using
solvent A: 5% acetic acid in H,O, and B: acetonitrile, under the following
conditions 95% A:5% B, 10 min., changing to 25% B in 10 min., then 30% B
in 10 min. and maintained for 10 min., and finally to 40% in 10 min. UV
absorbance was monitored at 254 or 275 nm. The isolated compounds were
tested for vir-induction as described below.

vir-Induction Assay. For the structure-activity study, S-galactosidase ac-
tivity was assayed as a measure of vir-gene induction in a wide host range
strain which carried a virE::lacZ gene fusion. The compounds tested were
dissolved in DMSO and diluted in citrate-phosphate buffered pH 5.70 MS
medium (52) to a final concentration of 0.1% DMSO. 100 uL of bacte-
rial cells from an overnight culture of A348/pSM358 (23) were inoculated
into each 25 x 150mm culture tube and subjected to continuous shaking at
200 RPM and at 28°C for 8 hours to allow for induction of virE::lacZ ex-
pression. Cell density was determined by measuring absorbance at 600 nimn
and 1 ml aliquots were removed for §-galactosidase assay essentially as
described by Miller (53).

Each point on the activity curve of a test compound represented the av-
erage of the results of each concentration tested in triplicate. vir-Induction
was strongly pH dependent (24, our results, data not shown), so the buffer
system was used to minimize variation in pH. Standard deviations rarely
reached 10%, the average being 4.7% (n = 92) for results of 100 Miller units
and above.

In the search for LHR vir-inducers, each phenolic aglycone or other
fraction to be tested was dissolved in DMSO and diluted in pH 5.50 or 5.70
MS medium to a final concentration of 0.1% DMSO (phenolic glycosides
and the grape flavan fractions were dissolved directly in pH 5.50 or 5.70 MS
medium). Subsequent experiments revealed a more acidic pH optimum for
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vir-induction in the LHR strain, so some experiments were conducted at
pH 5.0. Standards of acetosyringone, catechin, epicatechin, and a proantho-
cyanidin polymer were assayed for LHR vir-induction. 100 L of cells from
an overnight culture of A856/pSM358cd or A856/pSM243cd was inoculated
into each 25 x 150mm test tube containing 10 mL of MS or 0.1% DMSO-MS
solution with various concentrations of the test substances, and all tubes
were subjected to 200 rpm for 10-24 h and at 28°C to allow for induction
of vir expression. f-Galactosidase activity was then assayed as described
by Miller (53).

Alternatively, the following screening assay was used to identify
vir-inducing fractions. HPLC fractions were collected, reduced to dry-
ness under vacuum, resuspended in a small amount of MeOH and a
few ul of each was applied to a filter paper disc. The discs were
placed on a M9 (51) agar plate containing 0.1% 5-bromo-4-chloro-3-
indolyl-3-D-galactopyranoside (Xgal) with a lawn of A856/pSM358cd or
A856/pSM243cd and the plates were incubated at 28°C for 24h or until
blue zones (indicating 8-galactosidase activity) developed surrounding any
disc.

Gas Chromatography. In our GC analyses, N,O-bis-(Trimethylsilyl) Trifluo-
roacetamide (BSTFA)-derivatized standards of known vir-inducing pheno-
lics failed to correspond in retention time to any of the derivatized samples
of the most active grape flavan fractions. Catechin and epicatechin were
tentatively identified by GC.
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Chapter 29

Properties of a Cutinase-Defective Mutant
of Fusarium solani

Anne H. Dantzig

Lilly Research Laboratories, Eli Lilly and Company, Indianapolis,
IN 46285

The fungal plant pathogen Fusarium solani produces
an extracellular enzyme, cutinase, which catalyzes the
degradation of the bipolymer, cutin, in the plant cuti-
cle. The enzyme was repressed when the microorganism
was grown on a medium containing glucose and induced
to high levels by cutin or its hydrolysis products, the
true inducers. In the present study, culture filtrates con-
tained basal levels of cutinase when Fusarium was grown
on 0.5% acetate as the sole carbon source and high lev-
els of cutinase when grown on cutin. After mutagenesis,
a cutinase-defective mutant of Fusarium was identified
by screening acetate-grown colonies for a loss of enzyme
activity. The mutant exhibited an 80-90% reduction in
cutinase activity under several growth conditions due to
a quantitative reduction in a qualitatively normal en-
zyme. The mutant also exhibited a reduction in viru-
lence in the pea stem bioassay. Taken together, these
data indicated that a growth condition exists where the
cutinase enzyme was neither induced nor repressed and
was present in basal levels. This condition may pose the
pathogen for rapid enzyme induction when in the prox-
imity of the plant cuticle. The cutinase-defective mutant
was either a regulatory mutant with an altered expres-
sion of cutinase, or a mutant modified in its ability to
excrete the enzyme.

The biopolymer cutin is a major constituent of the plant cuticle that pro-
vides a protective covering for plants (1,2). At the time of infection, a
number of fungal pathogens secrete an extracellular hydrolytic enzyme,
cutinase, which facilitates the degradation of cutin into its constituent Cys-
to Cis-length hydroxy fatty acids (3,4). Since the enzyme is believed to
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play an important role in virulence (5), many studies have been conducted
to determine its biochemical properties and physiological role during patho-
genesis.

To date the most comprehensive studies have been carried out by Ko-
lattukudy and coworkers with a fungal plant pathogen of peas, Fusarium
solani f. sp. pisi. When grown on cutin, the fungus produced two isozymes
of cutinase of molecular weights 22,400 and 21,200, with the former being
the precursor of the latter, mature form (6-8). The cDNA for the cuti-
nase gene was isolated, sequenced, and the primary amino acid sequence
deduced (9,10). DNA hybridization studies indicated that more than one
gene was present in Fusarium solani (9).

Although details of the regulation of the expression of cutinase at the
DNA level were not established, physiological studies indicated that the
regulation of the enzyme was likely to be complex. The enzyme underwent
catabolite repression and was induced to high levels when cutin, or its
hydrolyzed products, were provided as the sole carbon source (11). Since
cutin has a large molecular weight, it is not likely to penetrate the fungal
cell wall; the degradation products are therefore believed to be the true
inducers of the enzyme (11,12). Thus, the presence of the cutinase enzyme
seemed to be required for its own induction in order to generate the small
molecular weight inducers. Consequently, it seemed plausible that growth
conditions might exist in which cutinase were present in basal quantities,
thereby posing the pathogen for rapid enzyme induction when presented
with the cutin biopolymer. The present study was undertaken to examine
the regulation of cutinase by an alternate carbon source that might permit
basal levels of the enzyme to be synthesized, and then to subsequently use
this growth condition for the isolation of a cutinase-defective mutant. The
details of this work have been previously published in Ref. 13.

Results

Acetate is known to be a good carbon source for fungi and would be ex-
pected to be the ultimate degradation product of cutin (14). The effect of
acetate on the production of cutinase by the T-8 strain of F. solani was ex-
amined and compared with that of glucose. Since previous studies showed
that hydrolysis of the artificial substrate p-nitrophenylbutyrate, PNB, was
specifically hydrolyzed by cutinase in the T-8 strain, this activity was used
to measure cutinase levels (8). Figure 1 illustrates that basal levels of cuti-
nase activity were detected in the growth medium when T-8 was grown on
0.5 and 1.5% acetate, but not 2.0% glucose, as the sole carbon source. As
shown in Figure 2A, T-8 produced high levels of cutinase in the growth
medium when grown on apple cutin as the sole carbon source, and was
repressed by increasing concentrations of glucose; by contrast, Figure 2B
showed that addition of increasing concentrations of acetate was less re-
pressive than glucose. These data suggest that the enzyme was present at
low concentrations when the organism was grown on acetate.

Since growth of F. solani on acetate medium permitted production
of cutinase, this growth condition was used for the isolation of a mutant
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Cutinase-Defective Mutant of Fusarium solani
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Figure 1. Specific activity of cutinase as a function of sole carbon source
in the growth medium. The T-8 strain of F. solani was grown on 0.5%
acetate (0), 1.5% acetate (A), or 1.5% glucose (@) as the sole carbon source.
(Reproduced with permission from Ref. 13. © 1986, American Society for

Microbiology.)
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Figure 2. Specific activity of cutinase resulting from growth in cutin-
containing medium with the addition of a second carbon source. The T-8
strain of F. solani was grown on medium containing 200 mg of apple cutin
and glucose (A) or acetate (B). (Reproduced with permission from Ref. 13.
© 1986, American Society for Microbiology.)
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defective in cutinase; the procedure for mutant selection was described in
Ref. 13 and is summarized in Figure 3. Initially, Fusarium was grown on
medium containing peanut meal-peptone-Stadex II to produce microconidia
needed for genetic studies (13). The conidia were uvirradiated to introduce
mutations, regrown to permit expression of any mutation, and plated on
growth medium containing agarose and 0.5% acetate as the sole carbon
source. The resulting colonies were then overlaid with agarose containing
PNB. Within 30 min the parental type hydrolyzed the substrate and turned
yellow, and the presumptive mutants remained white. The resulting PNB-
1 mutant was one out of 4,300 colonies screened. The properties of this
mutant were further characterized as described below.

Preliminary evaluation of the mutant indicated that it had produced
low levels of the cutinase when grown on either acetate or cutin as the sole
carbon source. A time course of the production of cutinase was examined
for the T-8 parental strain and the PNB-1 mutant strain when grown on
cutin. As shown in Figure 4, the mutant exhibited a reduction in activity of
80-90% over the 15-day growth period, when enzyme activity was assayed
using the artificial substrate PNB (Panel A) or when assayed using [*C]-
labelled natural substrate cutin (Panel B). These data suggested that the
mutant was defective in cutinase but not in general esterase.

Next the parent and mutant were compared for their ability to induce
cutinase by cutin and hydrolyzed cutin (consisting of small molecular weight
inducers) after growth on glucose. As shown in Figure 5, cutinase activity
increased over the three-day induction period for both strains in the pres-
ence of cutin (Panel A) or hydrolyzed cutin (Panel B); however, cutinase
was induced less effectively in the mutant strain, as evidenced by an 80-90%
reduction. Hydrolyzed cutin was a 10-fold less effective inducer than cutin
in both strains. These data indicated that lack of induction in the mutant
was not related to its inability to hydrolyze cutin to small molecular weight
inducers. Consequently the defect observed was not related to the inability
of the mutant to produce the inducer.

To gain further insight into the nature of the defect in PNB-1 mutant,
the concentration dependence of the cutinase enzyme activity was examined
over a wide substrate range and compared with that of the parental strain
(Figure 6). In both strains, the enzyme activity was saturated with in-
creasing substrate concentration, and gave simple Michaelis-Menten curves
which were subsequently fitted by computer to a single Michaelis term. The
K, for PNB was determined to be 0.97+0.20 and 0.64 4 0.07 mM, respec-
tively, in the parental and mutant strains, indicating that little change in
the affinity for the substrate had occurred. By contrast, the V4, was re-
duced by 92% from 38.86 +2.68 to 2.62+ 0.09 ymol/min per mg protein in
the parental and mutant strains, respectively. The large reduction in V4,
might result from a quantitative reduction of a normal enzyme or from an
aberrant enzyme being produced in normal quantities.

To find out if the mutant was making less enzyme, the two strains
were induced to produce cutinase (as illustrated in Figure 5) in the pres-
ence of [¥*S]methionine, and the extracellular proteins were separated by
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Figure 3. Summary of the selection procedure for cutinase-defective mu-
tant. The T-8 strain of F. solani was mutagenized by ultraviolet irradi-
ation, grown for 3 days, and plated on medium containing 0.5% acetate
and agarose for 5-7 days to permit colony formation. Subsequently, the
colonies were overlaid with an agarose solution containing 1.26 mM PNB.
The parental colonies hydrolyzed the substrate and turned yellow while the
presumptive mutant colonies remained white and were selected for analysis.
Further details are given in Ref. 13.
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Figure 4. Specific activity of cutinase for the T-8 parental strain and PNB-1
mutant strain after growth on medium containing 200 mg cutin. Enzyme
activity was assayed with the artificial substrate PNB (Panel A) and with
the natural substrate, [“C]-labelled cutin (Panel B). (Reproduced with
permission from Ref. 13. © 1986, American Society for Microbiology.)
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Figure 5. Comparison of effect of addition of cutin or hydrolyzed cutin on
the induction of cutinase. The two strains were grown on medium containing
0.1% glucose for 3 days, and then 200 mg of cutin (A) or 8 mg of hydrolyzed
cutin (B) was added to the growth medium on day zero. (Reproduced with
permission from Ref. 13. © 1986, American Society for Microbiology.)
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Figure 6. Kinetics of the specific activity of cutinase produced by the
parental T-8 strain and the PNB-1 mutant strain. The data were fitted
to a Michaelis-Menten equation (13). (Reproduced with permission from
Ref. 13. © 1986, American Society for Microbiology.)
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electrophoresis on a 15% sodium dodecyl sulfate polyacrylamide gel. A flu-
orograph of the gel indicated that both strains possessed a protein band of
about 22,000 in the same molecular weight range as the cutinase isozymes;
however, by densitometer tracing the mutant exhibited about an 80% re-
duction in this band. Immunoblots were conducted with rabbit anticutinase
serum which confirmed that this band corresponded to cutinase (Figure 7).
Thus, the PNB-1 mutant appeared to make less of a “normal” enzyme.

A reduction in cutinase production should result in the PNB-1 mutant
being less virulent. The pathogenesis of the two strains were evaluated in
a pea stem bioassay developed by Kolattukudy and coworkers in which in-
fection by Fusarium solani results in wound formation within three days on
the epicotyl of pea sedlings (15). The virulence of T-8 had previously been
shown to be reduced in this assay by the addition of inhibitors of cutinase or
by rabbit anticutinase antibodies (15-18), indicating that cutinase played
an important role in pathogenesis. When the cutinase-defective mutant was
evaluated in the bioassay, the mutant exhibited a 55% reduction (p < 0.05)
in virulence compared with the T-8 parental strain and the addition of
purified cutinase at 1 mg/ml to the mutant enhanced wound formation to
80% of that of the parent (p > 0.5). These data further support the notion
that the mutant was defective in cutinase.

Discussion

Taken together, these data indicate that Fusarium solani produced low
levels of cutinase when grown on acetate as the sole carbon source and
that this carbon source was less repressive than glucose. The finding that
a cutinase-defective mutant could be isolated using this growth condition
provided additional support that cutinase was being produced when grown
on acetate. Thus there were three discrete growth conditions which affected
the synthesis of cutinase by the microorganism: one in which the enzyme
was repressed (such as glucose); one in which the enzyme was induced to
high levels (such as with cutin or its hydrolyzed products); and one in
which it was neither induced nor repressed (such as acetate)—resulting in
the production of basal levels of enzyme. Therefore, cutinase production
by a fungus present in the field in the presence of a good carbon source
would be expected to be repressed. Once that carbon source was depleted,
then basal levels of the enzyme may be synthesized. If the fungus was in
the proximity of the plant cuticle, then cutin may be hydrolyzed, resulting
in inducer formation and rapid induction of cutinase synthesis aiding the
fungus in the penetration of the plant (12).

The PNB-1 mutant is a “leaky” mutant that is partially defective in
cutinase production, and apparently produced 80 to 90% less “normal”
enzyme. The regulation of the residual enzyme in the mutant was un-
changed. The enzyme was repressed by glucose, and was induced by cutin
or hydrolyzed cutin after depletion of glucose. Cutinase activity increased
over a 15-day time period when the mutant was grown on cutin as the
sole carbon source. The mutant was also less virulent than the parental
strain. The nature of the PNB-]1 mutation remains to be elucidated and
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Figure 7. Comparison of separated [23S]-labelled extracellular proteins from
the cutin induction medium of the parental and mutant strains on 15%
sodium dodecyl sulfate-polyacrylamide gels by fluorography and Western
blotting. Mycelia were grown and induced with cutin (as illustrated in Fig-
ure 5) with the addition of 115 uCi of {3*SJmethionine. A 20-fold concen-
trated sample containing 100,000 cpm for the parent (lanes 1 and 3) or the
mutant (lanes 2 and 4) was applied to parallel gels. Total protein synthesis
was analyzed by fluorography of the gel containing lanes 1 and 2. Immunore-
active material in the gel containing lanes 3 and 4 was detected with rabbit
anticutinase serum after electroblotting. Molecular weight standards (x10%)
are indicated on the left. The band corresponding to the molecular weight
of cutinase is indicated with the arrow. (Reproduced with permission from
Ref. 13. © 1986, American Society for Microbiology.)
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may reside in a promoter for the structural gene of cutinase or an as yet
unidentified regulatory gene. Alternatively, the mutant may be defective
in the secretion of cutinase. Further study of the PNB-1 mutant should
provide insight into the complex regulation or secretion of this biopolymer
hydrolyzing enzyme. With a better understanding of these processes, it
may be possible to design agents that can intervene in cutinase production
resulting in the control of fungal pathogenesis in the field.
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Chapter 30

Roles of Secondary Metabolism of Wood Rotting
Fungi in Biodegradation of Lignocellulosic Materials
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The brown-rot fungus Lentinus lepideus produces 5 dif-
ferent phenylpropanoids and methyl p-anisate as sec-
ondary metabolites in both high and low nitrogen nutri-
ent-containing cultures. A new metabolite, p-methoxy-
phenylpropanol, was also identified. The white-rot fun-
gus Phanerochaete chrysosporium produces veratrylglyc-
erol and veratryl alcohol as secondary metabolites in
the extracellular culture fraction. The “ligninase” of
this white-rot fungus catalyzes Ca-Cf cleavage of vera-
trylglycerol, yielding glycolaldehyde and veratraldehyde.
Both a synthetic lignin model substrate and the natu-
ral metabolites of the white-rot fungus were oxidized by
this extracellular peroxidase. The possible roles of this
nitrogen recycling system and the cinnamate pathway,
which are involved in the secondary metabolism of L-
phenylalanine in brown-rot and white-rot fungi, are dis-
cussed in relation to wood decay processes.

It is timely to attempt to forward an unifying hypothesis for the processes
of: (i) lignin biosynthesis in higher plants and lignin biodegradation by
white-rot fungi; (ii) cellulose and lignin degradation by white-rot fungi; (iii)
the degradation of plant lignins and monomeric fungal metabolites during
wood decay; and (iv) differences in L-phenylalanine-cinnamate pathways
between white-rot and brown-rot fungi.

As Figure 1 depicts, phenylalanine ammonia-lyase (PAL), which occurs
ubiquitously in higher plants and the wood-rotting Basidiomycetes (1-3),
seems to play a common central role in the conversion of phenylalanine (by
deamination) to a wide variety of secondary metabolites. These include
lignins in higher plants (4), veratryl alcohol in the white-rot fungus Phane-
rochaete chrysosporium (4a), and methyl p-anisate in the brown-rot fungus
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Lentinus lepideus (5). Interestingly, PAL is absent from both bacterial and
animal kingdoms.

The true biochemical significance of this deamination, and the function
of the secondary metabolic pathway originating from L-phenylalanine (6-
9), are not fully understood. It is, though, noteworthy that wood-rotting
Basidiomycetes preferentially attack nitrogen-poor wood substrates in their
natural environments. [Note that the average C/N ratios for hardwoods and
softwoods are 300 and 1000, respectively (10).] This preference is surprising
since the availability of nitrogen is crucial for the growth of wood-destroying
microorganisms. This fact, together with the abundant accumulation of
nitrogen-free secondary metabolites in both plants and wood-rotting fungi,
attracts our attention to the phenylalanine-cinnamate pathway in relation
to carbon and nitrogen economy during growth.

Consequently, this review principally focuses on three points: (i) a
possible function of nitrogen recycling, in which PAL plays a common role
for L-phenylalanine-cinnamate pathways, in both the brown-rot (L. lep:-
deus) and the white-rot (P. chrysosporium) fungi; (ii) possible metabolic
connections between lignin biodegradation and veratryl alcohol biosynthe-
sis carried out by the same white-rot fungi; and (iii) the means whereby
secondary metabolic pathways function to support lignin degradation.

Comparison of the Phenylalanine-Cinnamate Pathway in Brown-
Rot and White-Rot Fungi

Brown-Rot Fungi. The brown-rot fungus L. lepideus was chosen as a
model microorganism, since it has long received attention as a pine
timber-degrader (11). From L-phenylalanine, it produces methyl p-
methoxycinnamate and p-methoxybenzoate (p-anisate) esters as major
metabolites (11-13). The phenylalanine-cinnamate pathway of this fun-
gus has been established, as shown in Figure 2, by Shimazono et al. (13)
and Towers (14).

The relationship, if any, between the secondary metabolism of L-
phenylalanine and carbohydrate degradation during brown-rot wood decay
processes has not yet been determined. However, we suspect that the sec-
ondary metabolism of this aromatic amino-acid plays an important role in
converting monomeric sugars to nitrogen-free metabolites (Shimada, M.,
and Takahashi, M., In Handbook of Wood and Cellulosic Materials; Hon,
D. N. S. and Shiraishi, N., Eds.; Marcel Dekker, in press).

Table I shows the amounts of secondary metabolites formed on days 11
and 33 (during an incubation of 63 days) for both nitrogen-poor (HC/LN)
and nitrogen-rich (HC/HN) cultures (15). The initial C/N ratios of the two
cultures were 240 and 24, respectively. Figure 3 shows the variations in the
total amounts of the secondary metabolites produced, the weights of the
fungal mycelium, and the nitrogen and glucose concentrations remaining in
the HC-LN culture media during the incubation period shown.

The major metabolites formed in the HC/LN and HC/HN cultures
were methyl p-methoxycinnamate (11), methyl p-methoxybenzoate (11),
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